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Lay summary
About ten years ago, Shinya Yamanaka has taken the scientific community by storm as he
and his team have converted mature cells to immature stem cells called induced pluripotent
stem cells (iPSCs) that have a unique potential to become any cell type of our body. This
basically means that one can make any cell type like neurons, liver, and heart cells, from the
patients themselves, which can then be used to repair the damaged tissue or organ or model
a disease to make patient-specific drugs. The other advantage of this reprogramming
technology is its simplicity as iPSCs can be generated from adult skin cells by adding only four
genes. However, reprogramming of human cells to iPSCs is still a very time-consuming,
unreliable, and inefficient process. The four reprogramming genes are also known for their
association with cancer, making this method risky to use in patients. To overcome these
limitations, we need to first understand how reprogramming works. This study focuses on one
of the four genes called OCT4 and aims to reveal the three-dimensional structure of OCT4 in
complex with one of its targets in the genome, which is a small piece of DNA. However, the
genomic DNA is highly condensed inside the nucleus of the cell by wrapping it around
nucleosomes. Interestingly, while the DNA sequence of the genome is the same in every cell
of the body, the way the genome is packaged is cell type specific. So, these nucleosome
packaging units can obstruct OCT4 from its DNA target in skin cells but not in iPSCs.
Therefore, understanding how OCT4 can interact with DNA while packaged in a nucleosome
at the atomic level will help us uncover how to control cell identity. Ultimately, this will help to
improve the efficiency and fidelity of reprogramming to any cell type. Improvements in
reprogramming technology will be highly beneficial for biomedical research and clinical
medicine.
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Abstract
Induced pluripotent stem cells have been for the first time derived from human fibroblasts by
ectopic expression of four transcription factors - OCT4, SOX2, KLF4, and c-MYC (OSKM). To
date, pluripotent reprogramming is a very unreliable and inefficient process with an underlying
mechanism that remains elusive. In terminally differentiated cells such as fibroblasts,
pluripotency genes are transcriptionally silent and found within closed chromatin regions. The
high nucleosome density of these silent chromatin regions occludes the access of most DNAbinding proteins to their gene targets. Previously, OSK have been shown to act as pioneer
factors that can access closed chromatin by directly interacting with nucleosomes. To examine
how OCT4 interacts with nucleosomes during reprogramming, I used cryogenic-electron
microscopy (cryo-EM) and computational modelling to reveal the three-dimensional
arrangement of OCT4 in complex with a nucleosome containing native Lin28B or Esrrb
enhancer sequence, which are both targeted by OCT4 in early reprogramming. First, I have
optimized native nucleosome reconstitution to make it suitable for cryo-EM studies. As a result,
I present structural data of two native nucleosomes at low resolution as well as a highresolution cryo-EM analysis of one native nucleosome. This has revealed regions within
nucleosome with enhanced local DNA flexibility. Further computational modelling illustrates
OCT4 binding at three different target sites on nucleosome. Together, these results propose
that OCT4 adopts a specific conformation to recognise one part of its motif specifically using
its POUS DNA-binding domain, while the other POUHD DNA-binding domain interacts with DNA
non-specifically. This is consistent with the idea that OCT4 uses one of its two POU DNAbinding domains to bind a partial motif exposed on the nucleosome surface in a sequencespecific manner. Overall, revealing the structural features of OCT4-nucleosome complex could
help us understand the molecular mechanism by which OCT4 engages its DNA binding sites
in closed chromatin and elucidates changes in local chromatin landscape during cell-fate
reprogramming.
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Chapter 1: Introduction
1.1 Stem cells: The pursuit of “holy grail”
Stem cells possess a remarkable ability to both self-renew and differentiate into different
functional cell types which earned them the fitting epithet the building blocks of life or hope
(Sng and Lufkin, 2012; de Peppo and Marolt, 2012). Indeed, this extraordinary stem cell
plasticity plays an essential role in embryonic development and adult tissue regeneration in
normal and diseased conditions (Weissman, 2000; Zakrzewski et al., 2019). Most notably,
during development the potency of stem cell gets progressively restricted from totipotency to
pluripotency, multipotency before finally committing to a specialized cell fate, giving rise to the
entire living organism. At the top of stem cell hierarchy, the totipotent cells found in the
mammalian zygote and early blastomeres differentiate into both embryonic and
extraembryonic lineages (Rossant, 2001; Zakrzewski et al., 2019; de Peppo and Marolt, 2012;
Jaenisch and Young, 2008). In the next tier of the hierarchy are pluripotent cells such as
embryonic stem cells (ESCs). Although these cells lost their totipotency as they can no longer
differentiate into extraembryonic tissues, they maintain the ability to form cells from all three
primary germ layers that constitute a source of all tissues and organs of the human body
(Zakrzewski et al., 2019; Rossant and Tam, 2017). Derivatives of germ layers are multipotent
embryonic as well as adult stem cells such as hematopoietic or mesenchymal stem cells that
have a capacity to reconstitute multiple cell types within a specific lineage (Zakrzewski et al.,
2019; Orkin and Zon, 2008; Jaenisch and Young, 2008). Further differentiation leads to more
restricted oligopotent cells such as myeloid stem cells that can develop only into a handful of
closely related cells (Zakrzewski et al., 2019). At the root of the hierarchy are unipotent adult
stem cells (e.g. dermatocytes) capable of forming a single cell type (Zakrzewski et al., 2019).
Undeniably, both embryonic and adult stem cells hold great promise for biomedical research
and regenerative medicine. Certainly, they will not only continue to improve our understanding
of the cellular and molecular mechanisms that govern development and regeneration but will
also provide a powerful tool for treating some of the most devastating diseases (de Peppo and
Marolt, 2012). Importantly, the intrinsic properties of stem cells make them versatile cell source
for tissue engineering and cell-based therapies, thereby alleviating the problem of shortage of
organs, tissues and cells for transplantation (Passier and Mummery, 2003; Klimanskaya,
2019). However, before the full potential of stem cells is harnessed and successfully translated
into effective clinical and scientific practice, rigorous research is necessary to deepen our
understanding of the mechanisms controlling the stem cell fate and identity.
Arguably, of all available classes of in vitro propagated stem cells, ESCs possess the highest
differentiation potential, making them one of the most promising avenues in the field of
regenerative medicine (Yang et al., 2017). In the embryo, the pluripotency is short-lived, but
different types of pluripotent cells can be isolated at various stages of embryonic development
and propagated indefinitely in vitro (Jaenisch and Young, 2008). Depending on the donor cells
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and culture conditions, the stem cell-like characteristic of the derived cells can vary (Hanna et
al., 2010). During the blastocyst stage, the cells of inner cell mass (ICM) are pluripotent as
they harbour the capacity to differentiate into all cell types found within the adult organism
(Hanna et al., 2010; Wu and Belmonte, 2016). Yet, this cell population normally exists for only
a brief period during embryogenesis before it segregates into different lineage precursors (Wu
and Belmonte, 2016; Zakrzewski et al., 2019; Gepstein, 2002). Unlike their in vivo
counterparts, the ICM-derived cells cultured in vitro can be maintained indefinitely while
retaining their pluripotency potentials (Wu and Belmonte, 2016; Evans and Kaufman, 1981;
Martin, 1981; Thomson et al., 1998). ESCs were first derived from early mouse blastocyst,
providing an important model for in vitro research elucidating the mechanisms of mammalian
development (Evans and Kaufman, 1981; Martin, 1981). It was not until 17 years later that
human ESCs (hESC) have been successfully isolated from the ICM of early human blastocyst
and sparked enormous interest, but also provoked ethical controversy (Thomson et al., 1998).
Given the potential of hESCs to form all embryonic lineages in vivo and to differentiate into
any functional somatic cell type in the human body upon in vitro differentiation, they have
immediately become an indispensable model system for studying cellular identity and early
human development, both normal and pathological (Wu and Belmonte, 2016; Keller, 2005;
Pera and Trounson, 2004; Zhu and Huangfu, 2013). Furthermore, hESCs could be used as
an in vitro model for investigating the underlying disease mechanism and could provide
platforms for high-throughput drug screening, thereby helping to identify safer and more
effective therapies (He et al., 2003; Mummery et al., 2003; Vanderlaan et al., 2003; de Peppo
and Marolt, 2012). In addition, and perhaps most importantly, the pluripotent hESCs represent
a virtually limitless and renewable source of specialized cells for tissue engineering and cell
therapy, thus offering hope for the treatment of many degenerative and currently incurable
disorders, such as ischemic heart disease, Alzheimer’s disease, spinal cord injuries and agerelated macular degeneration (de Peppo and Marolt, 2012; Doss et al., 2004). However, the
clinical applications of hESCs are severely limited by ethical concerns arising from the
destruction of developing human embryo during hESC derivation and by allogeneic immune
rejection of the hESCs and their derivatives by the host (Klimanskaya et al., 2014; Doss et al.,
2004; Aach et al., 2017; de Almeida et al., 2013). Moreover, the vast developmental potential
of ESCs is a double-edged sword as it poses a challenge towards the efficient control of
differentiation and constitutes a greater risk of hESC‐induced tumorigenicity (de Peppo and
Marolt, 2012; Blum and Benvenisty, 2008; Ben-David and Benvenisty, 2011). These concerns
fuelled the interest in strategies for obtaining patient-specific pluripotent cells that ultimately
led to a ground-breaking discovery of induced pluripotent stem cells (iPSCs) (Takahashi and
Yamanaka, 2006). Such technology could one day alleviate the constraints associated with
hESCs and usher in a new era of personalised medicine (Somoza and Rubio, 2012; Robinton
and Daley, 2012).
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1.1.1 Induced pluripotent stem cells: The dawn of a new era
Preserving the cellular identity assigned during development is essential for the proper
functioning of the specialized somatic cells. Historically, it was believed that this differentiation
process is irreversible and associated with a permanent loss of the genetic information.
However, over the past decades, it became apparent that cell differentiation is not necessarily
unidirectional, nor irreversible as initially anticipated and terminally differentiated cells can
regain pluripotency. Indeed, pioneering studies in amphibians and later in mammals revealed
that transplantation of nucleus from the adult-derived differentiated cell into an enucleated
oocyte can lead to successful development of an entire organism (Gurdon et al., 1958;
Gurdon, 1962; Gurdon et al., 1975; Wilmut et al., 1997; Wakayama et al., 1998; Hochedlinger
and Jaenisch, 2002; Eggan et al., 2004). These findings demonstrated that indeed the somatic
cells retain genetic totipotency that allows them to reverse differentiation and regain ESC-like
properties. Furthermore, by adopting a cell fusion approach, it was shown that pluripotency
can be reinstated in somatic cells following their fusion with ESCs (Tada et al., 2001; Cowan
et al., 2005; Yu et al., 2006). In addition, it has been revealed that ectopic expression of just
one lineage-associated transcription factor can induce direct transdifferentiate of one somatic
cell type into another without pluripotent intermediate. In mammals, this was first demonstrated
using a single skeletal muscle-specific transcription factor, myoblast determination protein 1
(MyoD), which was able to directly convert mouse fibroblasts to myoblasts (Davis et al., 1987;
Weintraub et al., 1989). This concept was further reinforced by the discovery that the myeloid
transcription factor C/EBPα can reprogram B and pre-T lymphocytes into macrophages (Xie
et al., 2004; Laiosa et al., 2006). The findings from these studies contradicted the prevailing
dogma of cell fate unidirectionality and irreversibility and together with the knowledge gained
from the ESCs research led to landmark discovery that pluripotency can be reinstated in
differentiated somatic cells by using a defined set of transcription factors (Takahashi and
Yamanaka, 2006). By screening 24 genes involved in maintenance of murine ESC identity,
Takahashi and Yamanaka have found that by retroviral overexpression of four TFs – OCT4,
SOX2, KLF4 and c-MYC (OSKM), mouse mature fibroblasts can be converted into pluripotent
ESC-like cells, called iPSCs (Figure 1-1) (Takahashi and Yamanaka, 2006). Given the
extensive knowledge from ESCs research, in just one year this pioneering approach was
successfully translated to human fibroblasts (Takahashi et al., 2007; Park et al., 2008) and
subsequently to different adult human cell types, such as keratinocytes (Maherali et al., 2008),
primary melanocytes (Utikal et al., 2009), peripheral blood (Loh et al., 2009), adipose stem
cells (Sun et al., 2009) and urinary cells (Zhou et al., 2012), demonstrating the widespread
applicability of OSKM reprogramming. In an attempt to maximize reprogramming efficiency
and alleviate safety concerns related to use of oncogenic factors c-MYC and KLF4 or viral
delivery systems, the feverish research led to further refinement of OSKM-induced
reprogramming techniques and the emergence of great variety in strategies for iPSCs
derivation. Besides the original “Yamanaka factors”, alternative combinations of TFs were
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successfully employed to generate iPSCs (Yu et al., 2007; Buganim et al., 2014; Theunissen
and Jaenisch, 2014) and, remarkably, TFs were completely omitted as iPSCs were also
obtained from mouse fibroblasts using only chemical compounds that can modify epigenetic
state (Hou et al., 2013). However, at the moment OSKM-mediated reprogramming is more
efficient and relevant to a greater variety of cell types than alternative strategies, and thus it
remains most commonly used to generate patient-derived iPSC lines and to investigate the
molecular mechanism governing the formation of iPSCs (Apostolou and Stadtfeld, 2018).

Figure 1-1. iPSC technology. By overexpression of four TFs – OCT4, SOX2, KLF4 and c-MYC (OSKM)
adult somatic cells can be reprogrammed into iPSCs which have the unique potential to differentiate into
any cell type of the body. Image was drawn based on Sigma-Aldrich, (2020).

1.1.2 The promises and perils of induced pluripotent stem cells
Since the initial discovery of iPSC reprogramming the technical refinements gave rise to iPSCs
that more closely resemble bona fide ESCs in terms of morphology, pluripotency markers,
gene expression profile, epigenetic state and telomere length (Maherali et al., 2007; Okita et
al., 2007; Wernig et al., 2007; Brouwer et al., 2016; Marion et al., 2009). Perhaps most
importantly, like ESCs, iPSCs can self-renew and differentiate into virtually any cell type found
within the human body (Figure 1-1). However, it is important to note that iPSCs and ESCs are
not identical, rather they represent overlapping cell populations carrying distinct genetic and
epigenetic patterns reflective of their unique cellular origins (Omole and Fakoya, 2018).
Nevertheless, in contrast to ESCs, iPSCs bypass the ethical concerns related to the use of
embryos and immunological issues since patient-specific iPSCs can be obtained by
reprogramming patient-derived somatic cells. Thus, iPSC technology holds unparalleled
potential as derivation of patient and disease-specific iPSCs allows for disease modelling, drug
development and toxicity analysis and personalized regenerative medicine (Yamanaka and
Blau, 2010; Omole and Fakoya, 2018; Doss and Sachinidis, 2019; Wu and Hothedlinger,
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2011). By deriving the disease-specific iPSC lines from patients with genetically inherited and
sporadic diseases and differentiating them into affected cell types, in vitro models of many
diseases have been developed (Omole and Fakoya, 2018; Wu and Hothedlinger, 2011; Liu et
al., 2020). These iPSC-based models recapitulating disease phenotypes in vitro offered
important mechanistic insights into diseases and provided excellent platforms for screening of
therapeutic agents that could ameliorate the abnormal pathways (Omole and Fakoya, 2018;
Wu and Hothedlinger, 2011; Yamanaka and Blau, 2010; Farkhondeh et al., 2019). Indeed, this
concept has been successfully applied to various diseases such as Parkinson’s disease,
Alzheimer’s disease, familial dysautonomia and spinal muscular atrophy (Ebert et al., 2009;
Lee et al., 2009; Farkhondeh et al., 2019; Seibler et al., 2011; Ha et al., 2011). However,
despite great advances in iPSC technology over the past decades the reprogramming
efficiency is still very low (∼0.001 - 1%) due to various barriers to this process, and it varies
significantly depending on the donor cell type, choice of reprogramming factors, culture
conditions and delivery methods (Malik and Rao, 2013; Omole and Fakoya, 2018). Together
with incomplete iPSCs reprogramming and potential tumorigenic risk related to the insertional
oncogenesis from virus-based vector systems, these factors severely limit the clinical
application of iPSC technology (Takahashi and Yamanaka, 2006; Takahashi et al., 2007; Okita
et al., 2007; Lowry et al., 2008; Yu et al., 2007; Doss and Sachinidis, 2019). To date, numerous
strategies have been devised to counter these limitations. For instance, some of the safety
issues related to viral integration could be alleviated by using non-integrating delivery methods
that prevent transgene integration into the somatic genome, albeit at the cost of lower
efficiency compared to viral integrative methods (Omole and Fakoya, 2018; Liu et al., 2020; Li
et al., 2014; Okita et al., 2008; Yu et al., 2009; Stadtfeld et al., 2008; Soldner et al., 2009; Kim
et al., 2009a; Kaji et al., 2009; Haase et al., 2009). Furthermore, a plethora of different auxiliary
pluripotency-associated genes, small-molecule compounds, chemicals, signalling molecules
and microRNAs have been identified that can improve reprogramming efficiency (Omole and
Fakoya, 2018; Liu et al., 2020; Li et al., 2014). These and other efforts not only led to
advancement in the use of iPSC-based platforms for disease modelling and drug screening,
but also brought us closer towards the ultimate goal of autologous cell replacement therapies.
In the future, iPSCs could provide an inexhaustible source of cells for repair or replacement of
cells and tissues damaged or destroyed by disease processes or injury (Omole and Fakoya,
2018; Liu et al., 2020). Although still at the early stage, several clinical trials using iPSC-derived
cells are underway to test treatments for macular degeneration (Ilic et al., 2015; Souied et al.,
2017), Parkinson’s disease (Takahashi, 2020), graft-vs-host disease (Rasko et al., 2019; Bloor
et al.), spinal cord injury (Tsuji et al., 2019), cancer (Shankar et al., 2020) and heart disease
(Yla-Herttuala, 2018; Lancaster et al., 2018).
Given the unprecedented therapeutic potential of iPSCs and their clinical applications, it is
essential to improve the efficiency and fidelity of pluripotent reprogramming and overcome the
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unresolved safety issues regarding iPSCs. To accomplish this, we need to fully understand
the molecular basis of TF-induced cellular reprogramming. Despite the substantial progress
made in iPSC technology over the past few years, the intricate mechanisms underlying the
TFs-mediated conversion of somatic cells to pluripotency remains poorly understood,
constituting a major obstacle to realizing and harnessing the full potential of iPSCs. To date,
the combination of population-based and single-cell genome-wide analyses have provided
detailed insights into a molecular roadmap of TF-induced pluripotent reprogramming. These
studies focused on cell-surface antigens, gene expression and epigenetic signatures,
proteome dynamics underlying reprogramming, chromatin accessibility changes, 3D
chromatin topology and TF binding patterns (Chan et al., 2009; Cacchiarelli et al., 2015;
Chronis et al., 2017; Buganim et al., 2012; Hussein et al., 2014; Polo et al., 2012; Hansson et
al., 2012; Li et al., 2017a; Beagan et al., 2016; Lujan et al., 2015; Soufi et al., 2012). Yet, the
pluripotent reprogramming is still a very time-consuming, unreliable, and inefficient process
with the underlying mechanism that remains elusive. Unlike iPSC reprogramming, direct cellfate conversion of somatic cells induced by overexpression of lineage-determining TF, such
as previously mentioned C/EBPα-mediated reprogramming of B cells to macrophages, occurs
with up to 100% efficiency (Xie et al., 2004; Bussmann et al., 2009; Stadtfeld and
Hochedlinger, 2010). This indicates that TF-induced pluripotent reprogramming is faced with
more roadblocks than direct somatic lineage conversion, which is likely due to marked
differences in genetic and epigenetic profiles of somatic and pluripotent cells. While
suppressing genome plasticity, these barriers safeguard and stabilize the somatic identity and
thus limit reprogramming efficiency and most likely give rise to abnormalities (Stadtfeld and
Hochedlinger, 2010; Penalosa-Ruiz et al., 2019). Dynamic remodelling of the epigenetic
landscape plays a key role in bestowing chromatin plasticity and is accomplished by three
major mechanisms: DNA accessibility, chromatin modifications and dynamic TFs interplays
(Penalosa-Ruiz et al., 2019; Perino and Veenstra, 2016; Xu et al., 2016b). Furthermore, it has
been recognized that higher-order folding of chromatin structure and local chromatin
interactions contribute to transcriptional control of cellular state transitions (Rowley and
Corces, 2018; van Steensel and Furlong, 2019; de Wit et al., 2013; Denholtz et al., 2013;
Penalosa-Ruiz et al., 2019). Yet, little is known about the chromatin structures that promote
or prevent TFs binding and about how reprogramming factors initially target the chromatin
during iPSC reprogramming. By studying these chromatin-related barriers to pluripotent cell
fate changes, initial chromatin binding events and unique attributes of reprogramming TFs, we
could unravel the highly sophisticated mechanisms that may facilitate or impede the somatic
cell reprogramming to pluripotency. Such endeavour could potentially enhance the quality and
efficiency of iPSC generation and ultimately accelerate the future developments in the
personalized regenerative medicine and tissue engineering.
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1.2 Transcription factors in cell reprogramming
The initial discovery of direct cell reprogramming capacity of TF MyoD (Davis et al., 1987;
Weintraub et al., 1989) together with identification of OSKM cocktail for iPSC generation
(Takahashi and Yamanaka, 2006) has prompted extensive screening for novel lineagespecific TFs that could trigger cell fate conversions without pluripotent intermediate
(Vierbuchen et al., 2010; Huang et al., 2011; Laiosa et al., 2006; Song et al., 2012). As a result,
various combinations of transcription factors has been identified capable of inducing direct
somatic reprogramming such as cardiogenic factors Gata4, Mef2c, and Tbx5 that can convert
fibroblasts into functional cardiomyocyte-like cells (Ieda et al., 2010), neural-specific factors
Ascl1, Brn2, and Myt1l that can transform fibroblasts into neurons (Vierbuchen et al., 2010) or
hepatic factors FoxA, Gata4, and Hnf1α that can reprogram fibroblasts to hepatocyte-like cells
(Huang et al., 2011; Huang et al., 2014; Sekiya and Suzuki, 2011; Yu et al., 2013). Together
these studies substantiated the existence of cell-type specific TFs that have a potential to
erase and overwrite the epigenetic signatures directing a somatic cell identity. Nevertheless,
the mechanism by which these reprogramming TFs initially engage silent chromatin in
differentiated cells and restore the transcriptional activity of developmentally repressed genes
remained elusive. Furthermore, this raised the questions of what distinguishes the
reprogramming TFs from other factors and what molecular features of TFs predict their
reprogramming potential.
To date, diverse sets of TFs have been examined for their ability to induce cell-fate changes
which prompted the identification of a subset of factors with the greatest influence on the cell
conversions and suggested the existence of a hierarchy in reprogramming ability. While
several alternative combinations of TFs to OSKM have been identified (Buganim et al., 2014),
OCT4 and/or SOX2 remains commonly used for iPSCs derivation (Feng et al., 2009b;
Nakagawa et al., 2008; Yu et al., 2007; Han et al., 2010; Gao et al., 2013). Notably, primary
human fibroblasts can be reprogrammed to iPSCs with only OCT4 and SOX2, albeit with
significantly reduced efficiency (Huangfu et al., 2008). In addition, mouse neural stem cells
with high endogenous expression levels of SOX2 and c-MYC can be converted to iPSCs with
OCT4 alone, highlighting the key role of OCT4 in somatic cell reprogramming (Kim et al.,
2009c). In contrast, notorious oncogene c-MYC has been shown to be dispensable for iPSC
formation, while another oncogenic factor, KLF4, can be substituted for ESRRB during the
iPSC reprogramming (Nakagawa et al., 2008; Wernig et al., 2008; Huangfu et al., 2008; Feng
et al., 2009a; Yu et al., 2007). Yet, the presence of S, K, and M generally improves the iPSC
reprogramming efficiency. In direct cell-fate conversions, Ascl1 alone, like OCT4, was
sufficient to induce conversion of fibroblasts to neurons, albeit at lower efficiency than when
all three TFs, Ascl1, Brn2 and Myt1l, were used (Wapinski et al., 2013). Moreover, to transform
fibroblasts directly into hepatocyte-like cells, different sets of TFs have been successfully
employed, which shared a common component, TF FOXA (Huang et al., 2014; Yu et al., 2013;
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Sekiya and Suzuki, 2011). Indeed, upon withdrawal of FOXA3 from reprogramming cocktail,
epithelial colony formation and hepatic gene expression was suppressed (Huang et al., 2011;
Huang et al., 2014). Conclusively, these studies reinforced the idea that TFs in the
reprogramming mixes can be hierarchically organized based on their reprogramming
potentials. Initial research on reprogramming TF FOXA shed light onto distinct features of
dominant reprogramming factors and the hierarchical mechanisms by which these TFs drive
cellular reprogramming.

1.2.1 Pioneer transcription factors in development and cell-fate
reprogramming
Inevitably, the TFs that exhibit the greatest influence on iPSC reprogramming or direct cell
conversion are also critical for embryonic development. Indeed, the FOXA TF is not only
essential for transdifferentiation of fibroblasts into hepatocyte‐like cells (Huang et al., 2011;
Huang et al., 2014; Yu et al., 2013; Sekiya and Suzuki, 2011), but also in the establishment of
hepatic competence within gut endoderm (Gualdi et al., 1996; Lee et al., 2005). At the onset
of liver development, FOXA targets the liver-specific enhancer of the transcriptionally silent
albumin encoding gene, Alb1, which is located in closed chromatin with high nucleosome
density (Gualdi et al., 1996; Xu et al., 2012). Upon binding, FOXA facilitates the recruitment of
the additional TFs to the Alb enhancer, which leads to activation of Alb1 gene (Gualdi et al.,
1996; Lee et al., 2005; Chaya et al., 2001). In vitro, recombinant FOXA1 was able to interact
with its target Alb enhancer sequence on both mono- and dinucleosomes (Cirillo et al., 1998;
Shim et al., 1998). In addition, FOXA1 and to a lesser extent another liver-enriched TF GATA4,
has been found to bind and open H1-compacted nucleosome arrays containing Alb enhancer
sequences without the help of ATP-dependent chromatin remodellers (Cirillo et al., 2002).
Importantly, since winged‐helix DNA‐binding domain of FOXA resembles that of linker histone
(Ramakrishnan et al., 1993), it has been proposed that FOXA directly binds to nucleosomal
DNA in a similar manner to linker histones (Figure 1-4) (Clark et al., 1993; Iwafuchi-Doi and
Zaret, 2014; Zaret and Carroll, 2011). Furthermore, as suggested by enhanced DNase I
hypersensitivity, FOXA increases DNA accessibility by opening the local chromatin structure,
which in turn enables cooperative binding with other factors (Cirillo et al., 1998; Cirillo and
Zaret, 1999; Cirillo et al., 2002; Iwafuchi-Doi et al., 2016). Nucleosome constitutes a major
impediment to most TFs binding, yet FOXA can overcome the repressive barrier imposed by
nucleosome structure by interacting with its target site within a nucleosomal context and elicit
the local nucleosome remodelling in the absence of ATP-dependent chromatin remodelling
enzymes. These findings have led to the establishment of novel class of specialized TFs
termed “pioneer factors”, that, like paradigm TF FOXA, possess the nucleosome targeting and
chromatin remodelling activities (Cirillo et al., 2002; Iwafuchi-Doi and Zaret, 2014; Soufi et al.,
2015).
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Like pioneer factor FOXA, cellular reprogramming TFs have been suggested to trigger cell
fate changes by binding their target sites in silent chromatin and rendering somatic genome
more susceptible for adopting open chromatin conformations. Genome-wide mapping of
nucleosome occupancy in early iPSC reprogramming indicated that O, S and K, but not cMYC, could function as pioneers due to their ability to access silent genes found within
DNaseI-resistant, closed chromatin, including those crucial for pluripotency such as JARID2,
LIN28B and SALL4, and to allow subsequent binding of non-pioneer c-MYC to its originally
inaccessible target sites (Figure 1-2) (Soufi et al., 2012). Additionally, the cooperative
interactions of OSK with endogenous TFs play a central role in both silencing of somatic
enhancers and activation of pluripotency enhancers during reprogramming (Chronis et al.,
2017). Later, it has been found that recombinant OCT4, SOX2 and KLF4 can bind
nucleosomes reconstituted with native DNA sequence in vitro and that in vivo each of the TFs
recognizes its full canonical motif in nucleosome-depleted regions, while in the nucleosomeenriched sites they independently target partial or degenerate DNA motifs exposed on
nucleosomes (Soufi et al., 2015). This is in contrast with pioneer TF FOXA1, which interacts
with the same motif on both free and nucleosomal DNA (Cirillo et al., 1998; Li et al., 2011).
Importantly, the DNA-binding domains (DBDs) of reprogramming OSKM factors are
structurally different from that of FOXA, and recently it has been shown that in contrast to
FOXA, the binding of OCT4 to nucleosome is blocked by linker histone H1 (Echigoya et al.,
2020). Consequently, distinct mechanisms by which OSKM target nucleosomes must exist.

Figure 1-2. Pioneer factors OCT4, SOX2 and KLF4 target closed chromatin in early
reprogramming. O, S and K factors can independently recognize and bind their partial motifs exposed
on nucleosomes in closed chromatin. c-MYC targets a partial motif displayed on nucleosomes through
cooperative binding with other factors. The image was recreated based on Soufi et al., 2015.
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A genome-wide occupancy profile for Ascl1, Brn2 and Myt1l during direct neuronal
transdifferentiation revealed that early in reprogramming Ascl1 preferentially targets closed
chromatin sites in fibroblasts, whereas Brn2 and Myt1l mostly target open chromatin (Wapinski
et al., 2013). Notably, the Ascl1 enabled Brn2 to gain access to closed chromatin at many of
Ascl1 target sites (Wapinski et al., 2013). This suggested that during the early stages of the
neuronal transdifferentiation, pro-neural TFs function in a hierarchical manner, where pioneer
TF Ascl1 engages closed chromatin and recruits non-pioneer Brn2 to its sites, which will later
contribute to neuronal maturation (Wapinski et al., 2013; Iwafuchi-Doi and Zaret, 2014).
Interestingly, the overexpression of Ascl1 alone was able to initiate the fibroblast-to-neuron
conversion, and as demonstrated by single-cell gene expression profiling, this process was
accompanied by significant upregulation of developmentally silenced neuronal genes and
downregulation of genes associated with cell cycle (Chanda et al., 2014; Treutlein et al., 2016).
Conversely, Myt1l preferentially targets active promoters in open chromatin regions to
transcriptionally inhibit genes within the ‘many-but-neuronal’ somatic lineage programs
(meaning Myt1l maintains neuronal identity by transcriptionally repressing multiple nonneuronal fates, but not the neuronal program). (Mall et al., 2017). Together, these observations
indicated that neuronal transdifferentiation relies on fine-tuned compliance between
reprogramming TFs and chromatin landscapes for the establishment of neuronal identity and
active repression of other identities.
Since the discovery of pioneer factors, many other TFs with pioneering activities have been
found to be implicated not only in cellular reprogramming (Fernandez-Perez et al., 2019; Gao
et al., 2019; Li et al., 2019a), but also in various developmental contexts (Adachi et al., 2018;
Fiedler et al., 2015; Gehrke et al., 2019; Oldfield et al., 2014) such as the hormone-dependent
human cancers (Adams et al., 2019; Denny et al., 2016; Jozwik and Carroll, 2012; Parolia et
al., 2019; Roe et al., 2017), zygotic genome activation (McDaniel et al., 2019; Sun et al., 2015),
the mammalian circadian clock (Menet et al., 2014) and meiotic recombination (Spruce et al.,
2020). Overall, these findings highlighted the essential role of pioneer TFs in rewiring of gene
regulatory networks and sparked significant interest in understanding the mechanism by which
they function.

1.3 Chromatin: marvel of landscape engineering
The entire human genome containing more than three billion DNA base pairs that encode all
the information necessary to make and sustain a living organism is efficiently compacted and
organized in every cell nucleus (Youssef et al., 2019; McGinty and Tan, 2015). This tight DNA
compaction is not only needed to fit the DNA into the nucleus with less than 10 μm in diameter,
but also to regulate the accessibility of the genetic code (McGinty and Tan, 2015). To achieve
such compaction while preserving the accessibility, genomic DNA is organized into a
nucleoprotein structure called chromatin. Despite the high degree of compaction and structural
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complexity, chromatin landscapes are remarkably dynamic and plastic structures responsive
to various exogenous and endogenous cues. As a result, chromatin is continuously
undergoing rapid global and local structural changes that promote or repress the DNAtemplated processes such as DNA replication, transcription, repair. Furthermore, the
increasing awareness of the importance of chromatin-related processes in iPSC
reprogramming emphasises the necessity for comprehensive understanding of chromatin
architecture, dynamics, epigenetic modifications and reprogramming TF binding events.
Generally, eukaryotic chromatin can be subdivided into two structurally and functionally distinct
regions: heterochromatin characterised by a high degree of compaction, low gene density and
low transcriptional activity and its less compacted, more gene dense and more transcriptionally
active

counterpart,

euchromatin

(Tamaru,

2010;

Woodcock

and

Ghosh,

2010).

Heterochromatin can be further classified into constitutive and facultative. Constitutive
heterochromatin permanently maintains a highly compacted state, which is regarded as
transcriptionally inert and is enriched for non-coding repetitive DNA elements mainly
associated with centromeric and telomeric regions (Ren and Chen, 2019; Marín-García, 2014;
Woodcock and Ghosh, 2010). Conversely, facultative heterochromatin represents compacted
transcriptionally repressed domains that can reversibly adopt less condense euchromatic
conformation and become transcriptionally active within temporal and spatial contexts (Trojer
and Reinberg, 2007; Woodcock and Ghosh, 2010). Importantly, by stably silencing lineageinappropriate genes and preventing their activation by TFs, facultative heterochromatin is
essential for cell fate control and maintenance (Trojer and Reinberg, 2007; Allan et al., 2012;
Xu et al., 2014; Snitow et al., 2016). During development, facultative heterochromatin is
established to achieve tissue-specific gene expression patterns, and the reversal of this
process occurs during cellular reprogramming to pluripotency (Woodcock and Ghosh, 2010).
In these events, the chromatin landscapes are undergoing dynamic changes in DNA
methylation, histone modifications, histone variants and nonhistone chromatin proteins
composition (Woodcock and Ghosh, 2010). Consequently, understanding the different means
by which chromatin structure silences genes and mechanisms by which TFs surmount these
repressive barriers is crucial for determining how gene regulatory networks are rewired during
cell-fate reprogramming.

1.3.1 Nucleosomes: from beads on a string to multifaced binding
platforms
Since the earliest visualization of chromatin chains that afforded first insights into the DNA
packaging and led to a fitting analogy of beads on a string (Woodcock et al., 1976; Kornberg,
1974), nucleosome has been recognized as the basic structural and functional unit of
eukaryotic chromatin. However, it was not until a first high-resolution structure of nucleosome
was obtained that its molecular features could be fully appreciated (Luger et al., 1997a). The
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canonical nucleosome tightly wraps ~147 base pairs (bp) of DNA in ~1.65 left-handed
superhelical turns around an octameric core of histone proteins (H2A, H2B, H3 and H4)
(Figure 1-3A) (Luger et al., 1997a; Zhou et al., 2019b). This so called nucleosome core particle
(NCP) displays a pseudo two-fold symmetry, with a symmetry axis intersecting vertically a
single bp at the centre of the nucleosomal DNA (dyad) (Figure 1-3A) (Luger et al., 1997a).
Conventionally, the DNA positions where the major grooves face the histone core are marked
as superhelix locations (SHLs). In the NCP, the SHLs are ranging from SHL+7 to SHL-7, with
SHL 0 demarcating dyad and SHL ±7 marking the entry/exit region where DNA makes the
final contact with the octamer (Figure 1-3A) (Luger et al., 1997a; Zhou et al., 2019b).
A discoidal octameric core comprises two of each histones, H2A, H2B, H3 and H4 (Arents et
al., 1991). These histones are relatively small (10 – 15kDa) and strongly basic proteins that
represent one of the most evolutionarily conserved eukaryotic proteins (Marino-Ramirez et al.,
2006; Felsenfeld and Groudine, 2003). Each of them contains a well-conserved histone-fold
domain composed of three structured α-helices linked via two short, unstructured loops (α1L1-α2-L2-α3), histone-fold extensions and flexible N- and C-terminal tails (Figure 1-3B, C)
(Luger et al., 1997a; Arents et al., 1991; Arents and Moudrianakis, 1995; McGinty and Tan,
2015). In the H2A/H2B and H3/H4 heterodimers, histone-fold domain of H3 interacts with H4,
while H2A interacts with H2B in an antiparallel arrangement, forming a pseudo-symmetric
heterodimer handshake motif (Figure 1-3B, C) (McGinty and Tan, 2015). The core octamer
consists of two H3/H4 and two H2A/H2B heterodimers, interacting through four-helix bundle
structural motifs. Two H3/H4 dimers are assembled into tetramer in a head-to-head manner
via a four-helix bundle formed between the α2 and α3 helices of two H3 proteins (Luger et al.,
1997a). Similarly, each H2A/H2B dimer binds to this tetramer via a second, homologous fourhelix bundle between the α2 and α3 helices of H4 and H2B, forming core histone octamer
(Luger et al., 1997a). In the NCP, the negatively charged DNA is wrapped around the histone
core as the positively charged basic amino acids side chains decorating solvent-exposed
octamer surface form electrostatic interactions with the neighbouring DNA phosphate groups
(Luger et al., 1997a; Davey et al., 2002; McGinty and Tan, 2015). Furthermore, histone-DNA
interfaces are also mediated through a multitude of hydrogen bonds, salt bridges and nonpolar
contacts (Luger et al., 1997a; Davey et al., 2002; McGinty and Tan, 2015). Importantly, several
structured extensions to the histone-fold domains help to either stabilize the histone octamer,
organize DNA or define the octamer surface (McGinty and Tan, 2015). For instance, the αN
helix extension of H3 positioned above H4 histone-fold has been implicated in the organization
of DNA at the nucleosome entry/exit region, whereas H2A and H2B αC helix extensions have
been shown to contribute to the nucleosome surface (McGinty and Tan, 2015). Beyond these
histone-fold extensions, ten mostly unstructured histone tails project from the nucleosome
core, including one N-terminal tail from each histone and only two short C-terminal tails from
H2A (McGinty and Tan, 2015). These highly flexible positively charged tails vary in length from
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15 to 36 amino acids and associate with DNA within the nucleosome (intra-nucleosomal)
and/or with DNA and histones of adjacent nucleosome surfaces (inter-nucleosomal) (McGinty
and Tan, 2015; du Preez and Patterton, 2013; Zheng and Hayes, 2003; Kan et al., 2007; Kan
et al., 2009).
To date, numerous studies have assessed the role of histone tails in regulating the gene
expression at the genome-wide scale (Bowman and Poirier, 2015; Tolsma and Hansen, 2019;
Zhou et al., 2019b). For example, H3 and H4 tails have been shown to participate in both intraand inter-nucleosomal interactions, thus functioning in nucleosome stacking and chromatin
compaction (Chen et al., 2017a; Zheng et al., 2005). For instance, the H4 N-terminal tail makes
contacts with acidic patch, a negatively charged region on the core H2A/H2B dimer surface,
of an adjacent nucleosome and thus participates in stabilization of inter-nucleosomal
interactions and local chromatin compaction (Barbera et al., 2006; Dorigo et al., 2003; Kan et
al., 2009; Sinha and Shogren-Knaak, 2010; Pepenella et al., 2014). The C-terminal H2A tail
have been found to influence nucleosome stability, positioning and mobility as well as to serve
as recognition platform for other proteins such as linker histones or chromatin remodellers that
control chromatin dynamics and conformation (Vogler et al., 2010). Recent studies have
validated the "close pin" function of H3 N-terminal tail that regulates nucleosomal DNA
unwrapping and breathing by confining the DNA to the surface of histone octamer (Andresen
et al., 2013; Lehmann et al., 2020) and proposed that the cooperation between H3 N-terminal
and H2A C-terminal tails controls the breathing motions of the nucleosomes (Huertas et al.,
2020b). Furthermore, the histone tails and to lesser extent their globular domains are important
sites to the post-translational modifications (PTMs) that involve the deposition of a chemical
groups, usually acetyl and methyl moieties (Tessarz and Kouzarides, 2014; Lawrence et al.,
2016; Bowman and Poirier, 2015). These modifications are critical contributors to the
epigenetic regulation of chromatin accessibility, modulating two opposing processes, i.e.
transcriptional activation and repression (Cohen et al., 2011; Sadakierska-Chudy and Filip,
2015; Bowman and Poirier, 2015). Notably, the trimethylation of the histone H3 on lysine 9
(H3K9me3) or 27 (H3K27me3) promotes the recruitment of heterochromatin protein 1 (HP1)
or polycomb repressive complex 1 (PRC1), respectively, which in turn facilitate chromatin
compaction (Lachner et al., 2001; Barski et al., 2007; Plys et al., 2019; Li and Reinberg, 2011).
Consequently, these modifications are considered to be the hallmarks of closed,
transcriptionally silent chromatin that represses gene expression. In contrast, the acetylation
of the histone H3 on lysine 27 (H3K27ac) and H4 on lysine 16 (H4K16ac) is associated with
open, transcriptionally active chromatin state and thus with gene activation (Rao et al., 2014;
Shogren-Knaak et al., 2006).
Altogether, complex electrostatic and structural features of nucleosome provide various
recognition and docking platforms for a multitude of regulatory proteins and non-coding RNAs
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(Gomes et al., 2013; Kaikkonen et al., 2011), allowing for fine-tuned modulation of chromatin
accessibility and DNA-dependent processes.

Figure 1-3. Structure of the nucleosome core particle. (A) Overall structure of the NCP. The core
histones and DNA are coloured as indicated, and key nucleosome features are labelled. The structures
of histone-fold heterodimers H3/H4 (B) and H2A/H2B (C) and schemes of respective histone secondary
structure elements are shown. The image was recreated based on McGinty and Tan, 2015. All figures
were obtained using the X-ray structure of the NCP at 1.9 Å resolution (PDB ID 1KX5) (Davey et al.,
2002).

1.3.2 Dynamic properties of nucleosomes
Nucleosomes are highly dynamic entities with inherent capacity to change their composition,
organization, and position on DNA (Ordu et al., 2016). Structural, mechanical, chemical, and
functional features of nucleosomes change constantly by the coordinated action of multiple
regulatory mechanisms such as DNA and histones intrinsic dynamics, modifications, and
chromatin-remodelling enzymes (Ordu et al., 2016). Yet how nucleosome structural dynamics
controls DNA accessibility at specific genomic sites is not well understood.
Several studies substantiated the existence of intrinsic nucleosome conformational dynamics
that ensure transient accessibility of wrapped DNA to DNA-binding proteins (Polach and
Widom, 1995; Polach and Widom, 1996; Polach and Widom, 1999). One mechanism
facilitating dynamic accessibility of nucleosomal DNA involves thermally driven unwrapping
and rewrapping of the DNA termini from histone octamer (Koopmans et al., 2007; Li et al.,
2005a; Miyagi et al., 2011; North et al., 2012; Wei et al., 2015). Such spontaneous breathing
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motions expose DNA sequences close to the entry/exit region via disruption of histone-DNA
interactions (Zlatanova et al., 2009). However, DNA sites further inside a nucleosome remain
inaccessible. Buried DNA sites can be accessed via nucleosome sliding/repositioning or
displacement, histone octamer opening and histone component replacement (Cairns, 2009;
Clapier and Cairns, 2009). Factors involved in nucleosome repositioning include histone
chaperones (Andrews et al., 2010) that mediate nucleosome assembly and disassembly by
interacting with histones or ATP-dependent chromatin remodelling complexes that couple ATP
hydrolysis to nucleosome restructuration, mobilization and ejection (Blosser et al., 2009). For
example, yeast SWI/SNF and RSC complexes can catalytically disorder and remodel
nucleosome positioning by histone octamer sliding or complete nucleosome displacement
(Cairns et al., 1994; Workman and Kingston, 1998; Lorch et al., 2006; Saha et al., 2006;
Cairns, 2007). Thus, they expose nucleosomal DNA promoting TF binding and activation
(Workman and Kingston, 1998). In contrast, the ISWI complex organizes and orders
nucleosome positioning to facilitate repression (Deuring et al., 2000; Goldmark et al., 2000;
Saha et al., 2006; Deindl et al., 2013). Furthermore, incorporation of non-canonical histone
variants into nucleosomal array can fundamentally change nucleosome structure and
dynamics at specific genomic regions (Talbert and Henikoff, 2010). For instance, SWR1 and
INO80 complexes restructure the nucleosome by replacing canonical H2A with its variant
H2A.Z (Mizuguchi et al., 2004; Papamichos-Chronakis et al., 2011). The amino acid residues
of histone tails and few within the histone globular domains are subjected to variety of PTMs,
such as acetylation, phosphorylation, methylation, ubiquitylation and SUMOylation, which
affect chromatin biochemical and biophysical features (Berger, 2007; Taverna et al., 2007). A
single nucleosome can be decorated with multiple PTMs giving a unique pattern of gene
control. Beyond the nucleosome level, dynamics of chromatin higher-order structures can be
further regulated by exchange of architectural proteins like CTCF and linker histone H1
(Khoury et al., 2020; Simpson, 1978; Allan et al., 1986). Altogether, these studies provide
important insights into how structural dynamics on the nucleosome and higher-order chromatin
level regulates DNA accessibility and ultimately gene expression.

1.3.3 Higher-order chromatin structures: conundrum of chromatin
folding
Nucleosome represents only the first level of DNA compaction. Individual nucleosomes are
interconnected by ~10 - 80 bp of linker DNA, forming an extended 10-nm fibre with repetitive
motifs originally described as beads-on-a-string. Although histone core efficiently shields ~5060% of negative charge on DNA (Strick et al., 2001; Korolev et al., 2006), the additional folding
is largely dependent on neutralisation of remaining ~40-50% of the DNA charge which can be
achieved by binding of other cationic factors such as linker histones (Maeshima et al., 2010).
The linker histones H1 and H5 (avian isoform of H1) are, similarly to core histones, highly
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basic tripartite proteins (Allan et al., 1980) that have been shown to play a crucial role in
nucleosome spacing as well as nucleosome array folding and self-association (Noll and
Kornberg, 1977; Carruthers et al., 1998). Using their central globular domain, linker histones
bind to the nucleosome dyad and one or both linker DNA arms, thereby protecting additional
~20 bp of linker DNA and forming a complex known as chromatosome (Figure 1-4) (Pruss et
al., 1996; Zhou et al., 2013; Zhou et al., 2015; Flanagan et al., 2016; Ozturk et al., 2018;
Simpson, 1978; Bednar et al., 2017). In addition, the long lysine-rich C-terminal tail of linker
histone interacts with linker DNA (Caterino and Hayes, 2011; Fang et al., 2012) and is
essential for stabilization of higher-order chromatin structures (Allan et al., 1986), for linker
DNA stem structure formation (Bednar et al., 1998; Syed et al., 2010; Hamiche et al., 1996)
and high-affinity nucleosome binding of linker histones (Zhou et al., 2013).

Figure 1-4. Structure of the H1-bound nucleosome. The crystal structure of a 197 bp palindromic
(601L) nucleosome in complex with globular domain of linker histone H1.0 (GH1.0) at 5.5 Å resolution.
The histone core (yellow), 601L DNA (blue/cyan), nucleosome dyad (red) and H1.0 globular domain
(magenta) as well as C-terminal domain (CTD, pink) are shown. Key features of 601L nucleosome and
GH1.0 winged-helix DNA-binding domain are labelled. Image adapted from Bednar et al., 2017.

With the help of linker histones, core histone tails and other cations, it has been proposed that
the linear repeating arrays of nucleosomes are folded into 30 nm wide helical fibres referred
to as 30-nm fibres. Two distinct, but not mutually exclusive models of the 30-nm fibre have
been devised based on in vitro data: the one-start helix (solenoid) with bent linker DNA (Figure
1-5A) and two-start helix (zig-zag) with straight linker DNA model (Figure 1-5B) (Widom and
Klug, 1985; Williams et al., 1986; Woodcock et al., 1984). In the solenoid model, the
consecutive nucleosomes contact each other in the array which coils around a central axis (~6
nucleosomes per turn) (Figure 1-5A) (Finch and Klug, 1976; Robinson et al., 2006; Kruithof
et al., 2009; Luger et al., 2012; Quenet et al., 2012; Maeshima et al., 2014), while in the second
model the nucleosomes are in interdigitated arrangement where the stacking interactions are
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formed between alternate nucleosomes (Figure 1-5B) (Woodcock et al., 1984; Worcel et al.,
1981; Maeshima et al., 2014). Interestingly, the work of Grigoryev et al. provided evidence for
the existence of heteromorphic chromatin fibres in vitro in which both solenoid and zig-zag
arrangements may coexist in the same 30-nm fibre (Grigoryev et al., 2009). Originally, it was
believed that 30-nm chromatin fibre is a necessary folding intermediate in chromosome
assembly (Maeshima et al., 2016b) and that transition between 10- and 30-nm chromatin fibre
is important regulatory event that defines active and repressed chromatin states (Fussner et
al., 2012). However, to date, the presence of these structures in vivo has been controversial.
Extensive structural and imaging studies have suggested that irregularly folded 10-nm fibres,
but not 30-nm fibres, predominantly constitute the chromatin of proliferating cells (Nishino et
al., 2012; Joti et al., 2012; Fussner et al., 2012; Ou et al., 2017; Ricci et al., 2015). Indeed,
even in the highly compacted heterochromatin domains, the 30-nm fibres were absent, instead
these domains contained exclusively densely packaged and folded 10-nm fibres (Visvanathan
et al., 2013; Fussner et al., 2012). In addition, near-native-state imaging of the vitreous
sections of different yeast and mammalian cells using cryo-EM or cryo-electron tomography
(cryo-ET), found no evidence for the presence of regular 30-nm fibres (Eltsov et al., 2008;
McDowall et al., 1986; Chen et al., 2016; Cai et al., 2018a; Cai et al., 2018b). Furthermore,
super-resolution nanoscopy has indicated that in vivo chromatin fibres consist of
heterogeneous groups of nucleosomes called “nucleosome clutches”, rather than ordered 30nm fibres (Ricci et al., 2015). Further studies combining EM tomography with a labelling
technique (ChromEMT) have concluded that within human cells nucleosomes form disordered
5- to 24-nm chains with distinct nucleosome arrangements, conformations, and 3D motifs (Ou
et al., 2017). Based on these findings, it is likely that in the crowded in vivo nuclear
environment, rather than folding into 30-nm fibres, extended 10-nm nucleosome arrays
interdigitate with one another through inter-fibre interactions forming a highly disordered,
interdigitated “polymer melt” structure (Maeshima et al., 2010; Maeshima et al., 2014;
Maeshima et al., 2016b). However, genome-wide mapping studies have found that zig-zag
conformation of 30-nm fibre occurs seldom in budding yeast (Hsieh et al., 2015) and human
cells (Risca et al., 2017). Together these results, suggest that 30-nm fibres are not a basic
structural unit of chromatin in vivo, rather they could represent a transient state between 10nm fibres and the supramolecular structures with interdigitated 10-nm fibres (Maeshima et al.,
2016b; Chen et al., 2017a). According to established paradigm for chromatin compaction, the
chromatin fibres are progressively twisted and supercoiled into thicker fibres with hundreds of
nm in diameter that constitute chromonema fibres (~120 nm), chromatids (~300 – 700 nm)
and finally mitotic chromosomes (Maeshima et al., 2014; Sedat and Manuelidis, 1978; Belmont
et al., 1989; Belmont and Bruce, 1994). However, to date, higher-order compaction of
nucleosome arrays beyond the 10- and 30-nm fibres remains poorly understood.
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Figure 1-5. Models of the 30-nm chromatin fibre. (A) One-start helix (solenoid) with bent linker DNA.
(B) Two-start helix (zig-zag) with straight linker DNA model. Image adapted from Robinson et al., 2006.

1.4 Modes of nucleosome binding by transcription factors
Nucleosomes provide binding platform for many regulatory proteins including pioneer TFs,
epigenetic machinery and chromatin remodelling complexes that modulate their structure,
positioning, composition and compaction (McGinty and Tan, 2015). For instance, a negatively
charged acidic patch of the nucleosome acts as anchor point for plethora of chromatin binding
proteins such as heterochromatin protein silent information regulator 3 (Sir3), histone
deubiquitination (DUB) module of Spt-Ada-Gcn5 acetyltransferase (SAGA), polycomb
repressive complex 1 (PRC1) ubiquitylation module, centromeric protein CENP-C, etc.
(McGinty and Tan, 2015; Armache et al., 2011; McGinty et al., 2014; Morgan et al., 2016; Kato
et al., 2013; Allu et al., 2019). Nevertheless, these chromatin interactors engage with
nucleosomes in a non-specific manner, and thus their recruitment to cell type-specific genes
needs to be directed by TFs which recognize specific DNA sequences. Consequently, pioneer
TFs are key players in gene-specific manipulation of chromatin, which allow targeted
recruitment of remodelling factors and enable other (non-pioneer) TFs to overcome the
chromatin barriers to initiate the rewiring of genetic networks during cell fate changes.
Recently developed method, nucleosome consecutive affinity purification–systematic
evolution of ligands by exponential enrichment (NCAP-SELEX), allowed analysis of
interactions between nucleosomes and more than 200 TFs belonging to structurally distinct
families (Zhu et al., 2018). Here, 220 TF DBDs and 13 full-length TFs were successfully
assayed for binding to nucleosomes assembled with 147 or 200 bp DNA sequence libraries
or corresponding free DNA fragments (Zhu et al., 2018). The NCAP-SELEX enriched
sequences were analysed for TF-specific sequence motifs which enabled assessment of the
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position-specific TF binding to nucleosomal DNA (Zhu et al., 2018). Consistent with previous
findings, this study inferred that, although most TFs were unable to bind nucleosomes, a
subset of TFs could engage their target sites on nucleosomal DNA (Zhu et al., 2018).
Importantly, the identified nucleosome binding TFs correlated with the factors occupying
MNase-resistant nucleosomal fragments in vivo (Zhu et al., 2018). Furthermore, it showed that
binding of most TFs destabilizes the nucleosome, thereby promoting its dissociation (Zhu et
al., 2018). However, a few TFs have been found to stabilize the nucleosome upon binding,
and some TFs could both destabilize and stabilize the nucleosome depending on their binding
position on the nucleosomal DNA (Zhu et al., 2018). Remarkably, this study identified different
TF-nucleosome interaction modes, suggesting that TFs could bind at various positions across
the NCP with target binding motif facing outside of the histone core (Soufi et al., 2015; Zhu et
al., 2018). These observations are not consistent with initially proposed model in which TFs
binding to nucleosomal target sites occurs only after their spontaneous exposure via transient
partial unwrapping of the DNA from the histone core (Li and Widom, 2004; Polach and Widom,
1996).
Rather than having one universal nucleosome binding mode, distinct classes of pioneer TFs
tend to display unique nucleosome interaction modes. Many TFs, especially those that contact
more than half of the DNA circumference such as basic leucine zipper (bZIP) and basic helixloop-helix (bHLH) motif-containing TFs, preferentially interact with the ends of nucleosomal
DNA due to nucleosome “breathing” (Figure 1-6A) (Zhu et al., 2018). However, not all bZIP
factors exhibit nucleosome edge binding as another member of this family, CREB, as well as
many of the ETS-family TFs display asymmetric binding close to the nucleosome dyad (Figure
1-6B) (Zhu et al., 2018). Another TF-nucleosome binding mode, common among zinc-finger
(ZnF), homeodomain (HD), and forkhead box (FOX) TFs, is periodic binding where TFs bind
the solvent-accessible nucleosomal DNA in periodic patterns (Figure 1-6C) (Zhu et al., 2018).
Furthermore, multiple SOX (HMG-box domain containing) TFs as well as RFX-family TF RFX5
strongly favour binding to the nucleosome dyad region (Figure 1-6D) (Zhu et al., 2018). Indeed,
the binding preference of SOX2 for dyad-positioned sites was validated by Li et al. (Li et al.,
2019b). SOX2 and other TFs with the HMG box DNA-binding domain which are known to
induce severe bending of naked DNA (Remenyi et al., 2003), can bind nucleosomes due to
pre-bent conformation of the nucleosomal DNA (Soufi et al., 2015). Furthermore, relatively
weak interactions between DNA and histone core in the dyad region could allow HMG-box
TFs to distort DNA more readily than at other positions on the nucleosome (Zhu et al., 2018;
Privalov et al., 2009). Lastly, T-box (TBX) TFs, such as Brachyury (T) or TBX2, target the
nucleosomal supergroove created by two double-stranded DNA gyres in a sequence-specific
manner and, by effectively crosslinking two DNA gyres, stabilize nucleosome or improve
nucleosome positioning (Figure 1-6E) (Edayathumangalam et al., 2004; Zhu et al., 2018).
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Together these findings revealed that TFs target nucleosomes with a wide range of binding
mechanisms and affinities.

Figure 1-6. Modes of transcription factor binding to nucleosomes. The interactions modes between
transcription factors (yellow sphere) and nucleosomes include edge (end) binding (A), near dyad binding
(B), periodic binding (C), dyad binding (D) and gyre spanning binding (E) (Zhu et al., 2018). Image
adapted from Zaret, 2020.

By defining the structural features of DBDs, the pioneering and reprogramming potential of
TFs can be predicted. Furthermore, since structurally distinct classes of DBDs exist, TFs can
exhibit distinct modes of nucleosome recognition and binding. Comparison of different DBDs
revealed that TFs with strong nucleosome targeting potential such as FOX, HD, ETS and ZnF
TFs, recognize their target nucleosomal DNA motifs with a short recognition α-helices which
anchor DNA via a short scissor-like binding module (bHLH TFs) or a helix-turn-helix (HTH)
module (HMG-box TFs) (Garcia et al., 2019). bHLH and bZIP motif-containing TFs which
adopt a scissor-like arrangement wherein a dimer of α-helices grips the DNA double helix at
adjacent major grooves, displayed varying nucleosome targeting potentials (Garcia et al.,
2019). Here, strong nucleosome binders containing bHLH motif, such as previously mentioned
dominant reprogramming factor Ascl1, recognize their target nucleosomal DNA via short
anchoring α-helices while avoiding the interference with underlying histone octamer. In
contrast, weak nucleosome binders such as bHLH TF c-MYC, use extended anchoring αhelices that could sterically clash with the histone core. Notably, crystal structure of HoxA9
and Pbx1 bound to DNA revealed a scissor-like arrangement in which PBX1 recognizes DNA
via a truncated recognition helix resembling the short anchoring α-helix of strong nucleosome
binders (LaRonde-LeBlanc and Wolberger, 2003; Garcia et al., 2019). Together with in vivo
data (Berkes et al., 2004), these findings suggested that TALE-type homeodomain TF PBX1
could be a potent nucleosome binder and through cooperation with myogenic bHLH protein
MyoD (Berkes et al., 2004), containing long α-helices (Ma et al., 1994), could facilitate efficient
specification of skeletal muscle lineage. Additionally, immunoglobulin fold TF, including T-box
factors Brachyury and TBX20 or Zn2Cys6 binuclear cluster containing TF GAL4 , recognize
DNA through unstructured regions or short helical twist, instead of anchoring α-helix (Garcia
et al., 2019). Earlier, it has been shown that TBX factors belonging to the immunoglobulin

20

superclass can bind nucleosomes reconstituted with artificial DNA sequences containing a
pair of TBX binding motifs (Zhu et al., 2018), yet they were unable to interact with native
nucleosomes lacking such motif pairs (Garcia et al., 2019; Zaret, 2020). Together with
previous in vitro and in vivo findings, it has been proposed that these factors could target
nucleosomes through cooperative binding with strong pioneer TFs (Garcia et al., 2019; Naiche
et al., 2005; Mayran et al., 2018; Schaeffner et al., 2019; Yu and Buck, 2019). Interestingly,
many TFs exhibiting strong free DNA binding failed to interact with nucleosomes, indicating
that high TF-DNA binding affinity is not necessarily indicative of nucleosome targeting or
histone octamer displacement (Garcia et al., 2019; Zhu et al., 2018).
Apart from the structural features of the DBDs that mediate sequence-specific interactions with
nucleosomal DNA, the domains outside of DBD can be critical for pioneer activity of TFs.
Notably, a sequence alignment of SOX factors (SOX2, SOX5 and SOX9) with high mobility
group N (HMGN) proteins (HMGN1, HMGN2, and HMGN5) displayed a high level of
conservation between the SOX group B homology (GBH) domain and HMGN C-terminal
nucleosome binding domain (NBD) (Garcia et al., 2019). Previously, it has been reported that
deletion within the C-terminal region of HMGN1 NBD reduces the interaction of HMGN1 with
chromatin (Ueda et al., 2008), which implied that SOX GBH domain separate from the SOX
DBD, is essential for the nucleosome and chromatin targeting activities of SOX factors (Garcia
et al., 2019). Furthermore, FOXA pioneer factors contain a conserved short α-helical domain
within the C-terminal region, outside of their DBD, which has been shown to facilitate the
interactions with core histones and to function in chromatin opening (Iwafuchi et al., 2020;
Cirillo et al., 2002). Taken together, since the ability to bind nucleosomes is the defining
characteristic of pioneer TFs, it is important to determine specialized structural features which
confer pioneer activity to diverse groups of TFs. Further studies of protein domains that enable
TFs to target nucleosomes will identify additional structural features that are unique to the
pioneer factors, improve our ability to accurately predict whether a given TF has pioneer
activity and provide a deeper understanding of mechanisms by which other factors engage
closed chromatin and elicit cell-fate changes.
By comparing binding motifs at nucleosome-enriched sites in vivo with those at nucleosomedepleted sites, it has been shown that a multitude of TFs recognizes a partial DNA motif on
the nucleosome surface (Soufi et al., 2015; Meers et al., 2019). This partial motif recognition
may represent a predominant binding mode by which TFs with juxtaposed but distinct
domains, such as the POU homeodomain TF OCT4 (Remenyi et al., 2003; Huertas et al.,
2020a; Michael et al., 2020; Echigoya et al., 2020), and the paired HD PAX factors (Budry et
al., 2012), target DNA. Likewise, ZnF factors, such as KLF4, comprising three or more zincfinger DNA-binding domains can bind to their partial motifs displayed on nucleosomes, using
only two ZnF domains (Soufi et al., 2015). Molecular modelling demonstrated that even in the
context of free DNA fragments containing full canonical motifs, TFs could interact with partial
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motifs using only a part of their DBD modules (Soufi et al., 2015). Overall, these observations
highlight the complexity of decoding TF-chromatin interactions by inspecting local DNA
sequences for canonical or optimal motifs.

1.5 Perturbations to the nucleosome structure induced by pioneer
factors binding
The studies examining TFs binding to nucleosomes reconstituted in vitro and to chromatin in
vivo have not only revealed diverse mechanisms of TF-nucleosome binding, but also
substantiated the existence of various modes by which pioneer factors can directly alter
nucleosome structure. For instance, an immunoglobulin-like fold TF p53 binds nucleosomal
DNA near the entry/exit region that is partially unwrapped from the histone core and initiates
histone eviction (Laptenko et al., 2011; Yu and Buck, 2019), which is in agreement with the
site exposure model proposed earlier (Li and Widom, 2004; Polach and Widom, 1996).
Conversely, the results of fluorescence resonance energy transfer (FRET) experiments have
shown that Saccharomyces cerevisiae TFs, Reb1 and Cbf1, bind and trap nucleosome in a
partially unwrapped state, but they do not evict core histones (Donovan et al., 2019). Although,
Reb1, similarly to p53, preferentially targets the nucleosome entry/exit region via the site
exposure mechanism (Donovan et al., 2019; Koerber et al., 2009), the absence of core histone
detachment and reduced rate of Reb1-nucleosome dissociation compared to Reb1-DNA
complex, indicate that Reb1 may engage with histone octamer surface. Similarly, the Cbf1 and
human pioneer TF FOXA displayed decreased dissociation rates from nucleosomes
compared to naked DNA, which compensates for their lower binding rates to nucleosomes
and allows these pioneer factors to target nucleosomal and free DNA sites with similar binding
affinities (Donovan et al., 2019; Cirillo and Zaret, 1999). Another way by which pioneer TFs
can distort nucleosome structure has been proposed by studying the structures of selectedsequence nucleosomes bound by SOX2 and SOX11 using an integrated approach consisting
of cryo-electron microscopy and X-ray crystallography (Dodonova et al., 2020; Zhu et al.,
2018). Instead of targeting detached DNA at the nucleosomal entry/exit site, the SOX TFs
engaged nucleosomal DNA two superhelical turns from the nucleosome dyad and promoted
local distortion of the core histone-DNA contacts (Dodonova et al., 2020). Additionally, bound
SOX clashed with the second DNA gyre and led to terminal DNA unwrapping, which enhanced
DNA accessibility (Dodonova et al., 2020). Notably, such nucleosomal DNA distortions were
not detected in the cryo-EM study of OCT4-SOX2-bound nucleosome complexes with the
canonical OCT4-SOX2 motif-containing synthetic 601-DNA sequences, where SOX2
preferentially targeted only the nucleosomal entry/exit sites (Michael et al., 2020). The singlemolecule TF binding analysis revealed that cooperative binding with OCT4 can prolong the
residence time of SOX2 at particular nucleosomal target sites, but OCT4 did not exert such
effect on SOX2 interactions with the corresponding free DNA sites (Li et al., 2019b). This
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supports the notion that cooperativity between TFs in nucleosome targeting can be mediated
by nucleosome structure itself. Remarkably, nucleosome invasion by SOX2 or SOX11 DBD
proximal to the dyad, not only promoted local nucleosome opening by detachment of terminal
nucleosomal DNA, but also induced displacement of the N-terminal tail of histone H4
(Dodonova et al., 2020). The H4 tail repositioning may destabilise inter-nucleosomal
interactions and thus impair nucleosome stacking and higher-order chromatin compaction. In
conclusion, SOX TFs may possess pioneer activities that enable them to target nucleosomes,
partially expose nucleosomal DNA to facilitate access of other transcriptional regulators and
disrupt inter-nucleosomal interactions in higher-order chromatin fibres. In agreement with this,
it has been reported that during pluripotency reprogramming SOX2 alone can direct chromatin
opening and facilitates a greater increase in chromatin accessibility than OCT4 alone (Malik
et al., 2019). Furthermore, single-molecule tracking experiments in live ESCs have shown that
SOX2 interacts with chromatin first and assist binding of OCT4, which in turn stabilizes the
SOX2-OCT4 complex at composite target sites (Chen et al., 2014). Consistent with this SOX2OCT4 cooperative binding model, the cryo-EM structures of OCT4-SOX2-bound nucleosome
complexes have revealed that SOX2 detaches the nucleosomal DNA end away from the
histone core and assists binding of OCT4 to its target DNA sequence within the nucleosome
(Michael et al., 2020). Altogether, these findings suggested that SOX2 is crucial for facilitating
chromatin state transitions and likely serves as a dominant pioneer TF of the OSK
reprogramming factors.
In vitro studies using single-molecule fluorescence have found that budding yeast pioneer TF
Rap1 can target individual nucleosomes with comparable binding rates and shortened
residence times to naked DNA, and its binding does not lead to DNA unwrapping or histone
eviction (Mivelaz et al., 2020). Nevertheless, in compacted 12-mer chromatin fibre, Rap1 can
bind to the central nucleosome containing its target site presumably due to intrinsic array
dynamics and disrupt inter-nucleosomal stacking interactions, thereby increasing the
chromatin accessibility (Mivelaz et al., 2020). Moreover, Rap1 can interact with nucleosomes
reconstituted with native RPL30 promoter sequence and modulate local nucleosome
displacement by remodelling factor RSC which leads to formation of nucleosome depleted
region within target RPL30 promoter and stable Rap1 binding to exposed DNA (Mivelaz et al.,
2020). This finding correlates with in vivo observations (Mivelaz et al., 2020). In summary,
through collaboration with chromatin remodellers, pioneer factors may be sufficient to bias the
directionality of the nucleosome remodelling.
The ability of pioneer factors FOXA1 and FOXA2 to induce opening of nucleosome arrays
bound to linker histone H1 is facilitated by the C-terminal core histone binding domain separate
from the DBD (Cirillo et al., 2002). Recently, it has been proposed that a short α-helical
structure in the C-terminus of FOXA1 and FOXA2 promotes FOXA-core histone interactions
and is implicated in chromatin opening (Iwafuchi et al., 2020). In vivo studies assessing the
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role of the FOXA2 α-helical domain in chromatin accessibility in mouse embryonic
development have revealed that 10-amino acid deletion within the α-helical domain of FOXA2
(Foxa2-∆Hx) impairs development and results in embryonic and perinatal lethality (Iwafuchi et
al., 2020). Furthermore, ATAC-seq analysis showed that the homozygous Foxa2-∆Hx deletion
mutant embryos lost several thousands of open chromatin sites compared to Foxa2-WT (wildtype) control embryos and this reduced chromatin accessibility was accompanied by aberrant
gene expression patterns as identified by RNA-seq (Iwafuchi et al., 2020). Therefore, apart
from the sequence-specific DNA interactions mediated by DBD, the core histone interactions
promoted by domains outside of the DBD can be critical for pioneer activity of TFs.
Finally, the successful application of in vitro reconstituted chromatin substrates in both Rap1
and FoxA studies highlighted how effective these models can be for studying chromatin
invasions by pioneer TFs in vivo.

1.6 Initial targeting of silent chromatin by reprogramming factors
during iPSC reprogramming
Comprehensive epigenomic mapping across 111 human tissue and cell types by the NIH
Roadmap Epigenomics Program has revealed that the active chromatin states associated with
gene expression cover, on average, approximately 20% of the reference epigenome, with
promoters, enhancers and actively transcribed states accounting for ~8.3% and weakly
transcribed states for ~11.6% (Kundaje et al., 2015). The rest of the genome comprises
transcriptionally inactive DNaseI-resistant chromatin states consisting of Polycomb-repressed
(H3K27me3-enriched) and heterochromatin (H3K9me3-enriched) regions and a quiescent
region characterised by low signal for epigenetic marks which constitute ~40% of the
epigenome (Kundaje et al., 2015). Intriguingly, early in reprogramming of human fibroblasts to
pluripotency (48 hr), TFs OCT4, SOX2 and KLF4 predominantly bound to quiescent/low signal
chromatin regions densely-populated with nucleosomes (Soufi et al., 2012). Genome-wide
mapping of initial OSK binding (ChIP-seq) and nucleosome occupancy in pre-induced
fibroblasts (MNase-seq) revealed that O, S and K factors independently recognize partial or
degenerate motifs on nucleosomes, while in the context of free DNA these factors target their
full-length motifs (Soufi et al., 2015). Conversely, c-MYC, required for the efficient human iPSC
reprogramming, primarily interacts with nucleosome-depleted DNaseI-sensitive regions
enriched for the activating histone marks and accesses nucleosomal DNA only via cooperative
binding with other pluripotency factors (Soufi et al., 2015; Soufi et al., 2012). However,
megabase-scale heterochromatic regions enriched for H3K9me3 repressive mark in human
fibroblasts termed differentially bound regions (DBRs), occlude access of all TFs including
OSKM and pose a further impediment to cellular conversion to pluripotency (Soufi et al., 2012;
Soufi and Zaret, 2013). Within these regions reside many pluripotency-related genes such as
NANOG, DPPA4, SOX2 and GDF3, which are crucial for iPSC reprogramming, yet they are
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activated only in the late stages of the process (Buganim et al., 2012; Polo et al., 2012). This
indicated that a failure of OSKM factors to initially access their target sites within DBRs
constitutes a significant barrier to the efficient iPSC reprogramming. Indeed, knockdown of the
SUV39H1 and SUV39H2 histone methyltransferases that deposit H3K9me3 mark, increased
the localization of OCT4 and SOX2 at previously inaccessible sites within DBRs and
significantly enhanced the reprogramming efficiency (Soufi et al., 2012). Therefore, the
heterochromatic H3K9me3-marked blocks could function as physical barriers preventing
activation of fate-transformative genes in terminally differentiated cells and thus preserving
their cellular identity (Soufi and Zaret, 2013).
In conclusion, studies of initial OSKM binding events in the human fibroblast genome have
shed light on various chromatin features that promote or prevent pioneer and non-pioneer TF
targeting. Yet, the molecular mechanisms of chromatin invasions by OSKM factors remain
elusive and thus further work is needed to determine exactly how reprogramming TFs target
DNA in silent chromatin to activate the pluripotency network and initiate cell fate
reprogramming. By understanding the structural and mechanistic basis for chromatin targeting
by OSKM and other reprogramming TFs, we expect to improve the fidelity and efficiency of
the cellular reprogramming.

1.7 Future endeavours in the field of pioneer factors
To date, the biophysical and structural studies revealed only a fraction of mechanisms by
which pioneer factors can bind and perturb the nucleosome structure, and ongoing research
will likely reveal more ways by which TFs invade nucleosomes. Importantly, further studies are
needed to elucidate what structural properties allow pioneer factors to interact with different
classes of silent chromatin states. For example, the nucleosome-binding TF TCF-1 binds
repressed chromatin sites containing H3K27me3 modification , and by erasing these marks, it
increases chromatin accessibility (Johnson et al., 2018). Another TF, Pax7, could function as
pioneer factor at the heterochromatin sites exhibiting intermediate H3K9me3 and high
H3K9me2 levels, whereas at the sites with high levels of both repressive marks the Pax7
pioneer activity was repressed (Mayran et al., 2018). Therefore, assuming that the DBD must
engage with nucleosomal DNA, certain pioneer TFs may possess a specialized segment,
separate from DBD, which allows them to interact with heterochromatin. Additionally, it is
crucial to define domains of pioneer factors that trigger the changes in local chromatin
structure such as FOXA (Iwafuchi et al., 2020), and examine their role in cell fate transitions
during development and cellular reprogramming. Intriguingly, the identification of functionally
critical domains of pioneer TFs, could lead to a new era of synthetic hybrid pioneer factors with
more potent and specific chromatin targeting potentials. Furthermore, little is known about how
nucleosome perturbations induced by pioneer factors enable cooperative recruitment of other
TFs, DNA- and histone-modifying enzymes, and chromatin remodelling machineries. For

25

instance, it remains unclear whether in linker histone-compacted chromatin arrays pioneer
factors alone are sufficient to allow nucleosome remodellers to gain access to their target sites.
Moreover, it is unknown whether recruitment of remodellers to nucleosomal sites is mediated
by direct interactions with pioneer factors or increased local accessibility induced by pioneer
TF alone is sufficient to enable the binding of remodellers. Altogether, defining the specialized
mechanisms underlying pioneer TFs function will provide more clues about how transcriptional
regulatory circuitries are rewired in development, cell reprogramming and cancer. Ultimately,
such knowledge will pave the way towards engineering cell fates ad libitum.
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1.8 Conclusions
Despite extensive efforts, a gap has remained in understanding how reprogramming OSKM
factors mechanistically target nucleosome enriched sites in fibroblast genome and how
molecular interactions between OSKM and nucleosomes alter chromatin accessibility and
initiate resetting of gene networks in somatic cells. Although it has been proposed that OSK
factors act as pioneer factors due to their ability to target partial motifs exposed on the
nucleosomes surface (Soufi et al., 2015), the structural basis of OSK-nucleosome interactions
has been lacking. Identification of the unique structural features that allow OSK factors to
target closed chromatin in vivo could provide important insights into initial chromatin binding
events in the somatic cell reprogramming. Therefore, in this thesis, I sought to investigate the
molecular mechanism by which reprogramming factor OCT4 binds nucleosomes during
reprogramming. I proposed that both protein-histone and protein-DNA interactions specify
OCT4 binding to partial motif displayed on the nucleosome surface and that OCT4 binding
may induce conformational changes in the nucleosome structure. To examine how OCT4
interacts with nucleosomes during reprogramming, I took advantage of cryogenic-electron
microscopy and computational modelling to reveal the three-dimensional structure of OCT4 in
complex with a nucleosome containing the two native enhancer sequences, which are targeted
by OCT4 in early iPSC reprogramming. I anticipate that understanding the structural and
mechanistic bases by which OCT4 functions as a pioneer TF in a cellular reprogramming will
lead to a more nuanced view of transcriptional regulation of genes and chromatin structure.
Ultimately, this knowledge will help improve the reliability and fidelity of TF-mediated cellular
reprogramming.
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Chapter 2: Materials and Methods
2.1 Materials
2.1.1 Plasmids
Table 2-1. Plasmids used in this study.
Name

Gene

Vector

Selection

Tags

Protease
cleavage
site

Description

Source

pUC19Lin28B

Lin28B

pUC19

Amp

-

-

DNA amplification of
162 bp Lin28B for
nucleosomes

Dr A.
Soufi

EsrrbpIDTSMA
RT-AMP

Esrrb

-

Amp

-

-

DNA amplification of
163 bp Esrrb for
nucleosomes

IDT

pLIC-His6MBP-TEV

-

pET

Kan

NHis6MBP

TEV

His6-MBP tagging of
OCT4 proteins

pET-15b
H2A.h

His6-ThrH2A

pET-15b

Amp

N-His6

Thr

Expression of H2A in
Rosetta 2 (DE3)
pLysS

pET-15bH2B.e

His6-ThrH2B

pET-15b

Amp

N-His6

Thr

Expression of H2B in
Rosetta 2 (DE3)
pLysS

pET-15bH3.ab

His6-ThrH3

pET-15b

Amp

N-His6

Thr

Expression of H3 in
Rosetta 2 (DE3)
pLysS

pET-15bH4.h

His6-ThrH4

pET-15b

Amp

N-His6

Thr

Expression of H4 in
Rosetta 2 (DE3)
pLysS

pET-15btlH2A

His6-ThrtlH2A

pET-15b

Amp

N-His6

Thr

pET-15btlH2B

His6-ThrtlH2B

pET-15b

Amp

N-His6

Thr

pET-15btlH3

His6-ThrtlH3

pET-15b

Amp

N-His6

Thr

pET-15btlH4

His6-ThrtlH4

pET-15b

Amp

N-His6

Thr

pET28bwthuOct4

His6-ThrOCT4 WT

pET-28b

Kan

N-His6
N-T7
C-His6

Thr

pET28bwthuOct4DBD

His6-ThrOCT4 WT
DBD

pET-28b

Kan

pET28bhuOct4D73

His6-ThrOCT4 D73

pET-28b

Kan

N-His6
N-T7
C-His6

Thr

pET-His6MBPOct4-WTFL

His6-MBPTEVOCT4 WT

pET

Kan

NHis6MBP

TEV

N-His6
N-T7
C-His6

Thr

Expression of tlH2A in
Rosetta 2 (DE3)
pLysS
Expression of tlH2B in
Rosetta 2 (DE3)
pLysS
Expression of tlH3 in
Rosetta 2 (DE3)
pLysS
Expression of tlH4 in
Rosetta 2 (DE3)
pLysS
Expression of His6tagged Oct4 WT fulllength in Rosetta 2
(DE3) pLysS
Expression of His6tagged Oct4 WT DBD
in Rosetta 2 (DE3)
pLysS
Expression of His6tagged Oct4 D73 fulllength in Rosetta 2
(DE3) pLysS
Expression of His6MBP tagged Oct4 WT
full-length in Rosetta 2
(DE3) pLysS

Dr M.
Wilson
from
Costa
lab Scott
Gradia
D. Bose
from
Berger’s
lab
D. Bose
from
Berger’s
lab
D. Bose
from
Berger’s
lab
D. Bose
from
Berger’s
lab
This
study
This
study
This
study
This
study
Dr A.
Soufi

Dr A.
Soufi

Dr G.
Roberts

This
study
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pET-His6MBPOct4-WTDBD
pET-His6MBPOct4-D73FL
pET-His6MBPOct4-D73DBD

His6-MBPTEVOCT4 WT
DBD

pET

Kan

NHis6MBP

TEV

His6-MBPTEVOCT4 D73

pET

Kan

NHis6MBP

TEV

His6-MBPTEVOCT4 D73
DBD

pET

Kan

NHis6MBP

TEV

Expression of His6MBP tagged Oct4 WT
DBD in Rosetta 2
(DE3) pLysS
Expression of His6MBP tagged Oct4 D73
full-length in Rosetta 2
(DE3) pLysS
Expression of His6MBP tagged Oct4 D73
DBD in Rosetta 2
(DE3) pLysS

This
study

This
study

This
study

2.1.2 Primers
Table 2-2. PCR primers used in this study. The DNA oligonucleotides used as primers for PCR in this
study and their respective chemical modifications are shown. All primers were obtained from IDT.
Sequence
Name

Bases

Lin28B- FWD

27

Lin28B-RVS

25

Cy5-Lin28BFWD

27

Cy5-Lin28BRVS

25

Esrrb-FWD

22

Esrrb-RVS

27

tlH2A_FWD

33

tlH2A_RVS

27

tlH2B_FWD

33

tlH2B_RVS

22

tlH3_FWD

30

tlH3_RVS

25

tlH4_FWD

33

tlH4_RVS

22

Sequence
AGT GGT ATT
AAC ATA TCC
TCA GTG GTG
TGT CTT TAT
TCA CAA GCT
TGC ACA A
/5Cy5/AGT GGT
ATT AAC ATA
TCC TCA GTG
GTG
/5Cy5/TGT CTT
TAT TCA CAA
GCT TGC ACA A
GCA GGG AGA
AGG AGC GCC
TCC C
CGT GCT GAT
TCC CTC CAT
TCG CTC TGC
ACG AGC CAT
ATG GCC AAG
ACC CGC TCT
TCT CGG
AGC AGC CGG
ATC CTT ATT
TGG CCT TAT
ACG AGC CAT
ATG AGC CGC
AAA GAG AGC
TAC TCC
AGC AGC CGG
ATC CTC ACT
TGG A
ACG AGC CAT
ATG CCT CAC
CGT TAC CGC
CCG
AGC AGC CGG
ATC CTC TGA
AAA GAG C
ACG AGC CAT
ATG CGC AAG
GTT TTG CGC
GAT AAC
AGC AGC CGG
ATC CTT AGC
CAC C

Modifications
& Services

Tm

Template

Standard
Desalting

56.1

pUC19-Lin28B

Standard
Desalting

55.7

pUC19-Lin28B

5′ Cy5 HPLC
Purification

56.1

pUC19-Lin28B

Amplification of
162 bp Cy5Lin28B-DNA

5′ Cy5 HPLC
Purification

55.7

pUC19-Lin28B

Amplification of
162 bp Cy5Lin28B-DNA

Standard
Desalting

66.5

Standard
Desalting

64.8

Standard
Desalting

69.3

pET-15bH2A.h

Amplification of
tlH2A insert

Standard
Desalting

62.0

pET-15bH2A.h

Amplification of
tlH2A insert

Standard
Desalting

66.3

pET-15bH2B.e

Amplification of
tlH2B insert

Standard
Desalting

62.8

pET-15bH2B.e

Amplification of
tlH2B insert

Standard
Desalting

69.3

pET-15bH3.ab

Amplification of
tlH3 insert

Standard
Desalting

62.8

pET-15bH3.ab

Amplification of
tlH3 insert

Standard
Desalting

66.5

pET-15b-H4.h

Amplification of
tlH4 insert

Standard
Desalting

63.8

pET-15b-H4.h

Amplification of
tlH4 insert

EsrrbpIDTSMARTAMP
EsrrbpIDTSMARTAMP

Usage
Amplification of
162 bp Lin28BDNA
Amplification of
162 bp Lin28BDNA

Amplification of
163 bp Esrrb-DNA
Amplification of
163 bp Esrrb-DNA

29

Oct4-WTMBP_FWD

36

Oct4-WTMBP_RVS

39

Oct4-DBDMBP_FWD

36

Oct4-DBDMBP_RVS

35

TAC TTC CAA
TCC AAT ATG
GCG GGA CAC
CTG GCT TCG
TTA TCC ACT
TCC AAT TCA
GTT TGA ATG
CAT GGG AGA
GCC
TAC TTC CAA
TCC AAT GAG
CAA AAC CCG
GAG GAG TCC
TTA TCC ACT
TCC AAT CTC
TCG TTG TGC
ATA GTC GC

Standard
Desalting

67.1

Standard
Desalting

64.6

Standard
Desalting

65.9

Standard
Desalting

63.4

pET28bhuOct4-fulllength;
pET28bhuOct4-D73
pET28bhuOct4-fulllength;
pET28bhuOct4-D73
pET28bhuOct4-DBD;
pET28bhuOct4-D73
pET28bhuOct4-DBD;
pET28bhuOct4-D73

Amplification of
full-length Oct4
WT and D73

Amplification of
full-length Oct4
WT and D73
Amplification of
Oct4 WT and D73
DBD
Amplification of
Oct4 WT and D73
DBD

2.1.3 DNA-binding probes
The specific DNA oligonucleotides containing the cognate OCT4 binding site derived from
Fgf4 promoter sequence or non-specific (NS) DNA lacking a binding site, used in OCT4 DNA
binding reactions are shown. The Cy5 end-labelled oligonucleotides were obtained from IDT
(Integrated DNA Technologies). The double-stranded probes were formed by annealing
complementary single strands. The equal molar amounts of each strand (1 nanomoles each;
10 μL of 100 μM) were mixed in 50 μL final volume annealing buffer (20 mM Tris-HCl pH7.6,
50 mM NaCl, 0.1 mM DTT, 1 mM EDTA). After incubation at 70°C for 10 min, the probes were
gradually cooled at room temperature overnight.
Table 2-3. DNA oligos used as specific (FGF4) and non-specific (NS) binding probes in EMSA.

Name
FGF4
NS

Upper Sequence
TTT AAG TAT CCC ATT AGC ATC
CAA ACA AAG AGT TTT C
CTG CAG GTG GGA TTA ACT GTG
AAT TCA

Lower Sequence
GAA AAC TCT TTG TTT GGA TGC TAA
TGG GAT ACT TAA A
TGA ATT CAC AGT TAA TCC CAC CTG
CAG

30

2.1.4 Human core histones
Table 2-4. Core human histones used in this study. His6-tags are coloured in blue, thrombin
recognition sites are marked in red where ˄ denotes the cleavage site, extinction coefficients are listed
with *1 when assuming all pairs of Cys residues form cystines and * 2 when assuming all Cys residues
are reduced. The parameters were computed using the ProtParam tool (Gasteiger et al., 2003).

His6No. of
-ve
+ve
Abs 0.1%
tagged
MW (Da)
Ext. coeff.
a.a.
residues residues
(=1 g/l)
histones
H2A.h
144
15707.18
9
26
4470
0.285
HHHHHHSSGLVPR^GSHMSGRGKQGGKARAKAKTRSSRAGLQFPVGRVHRLLRKGNY
AERVGAGAPVYLAAVLEYLTAEILELAGNAARDNKKTRIIPRHLQLAIRNDEELNKLLGKVTI
AQGGVLPNIQAVLLPKKTESHHKAK*
H2A131
14424.71
9
21
4470
0.310
Tailless.h
HHHHHHSSGLVPR^GSHMAKTRSSRAGLQFPVGRVHRLLRKGNYAERVGAGAPVYLAA
VLEYLTAEILELAGNAARDNKKTRIIPRHLQLAIRNDEELNKLLGKVTIAQGGVLPNIQAVLL
PKKTESHHKAK*
H2B.e
142
15721.09
10
29
7450
0.474
HHHHHHSSGLVPR^GSHMPEPAKSAPAPKKGSKKAVTKAQKKDGKKRKRSRKESYSIYV
YKVLKQVHPDTGISSKAMGIMNSFVNDIFERIAGEASRLAHYNKRSTITSREIQTAVRLLLP
GELAKHAVSEGTKAVTKYTSSK*
H2B111
12394.10
8
16
7450
0.601
Tailless.e
HHHHHHSSGLVPR^GSHMSRKESYSIYVYKVLKQVHPDTGISSKAMGIMNSFVNDIFERI
AGEASRLAHYNKRSTITSREIQTAVRLLLPGELAKHAVSEGTKAVTKYTSSK*
4595 *1
0.267 *1
H3.1b
152
17205.01
11
32
4470 *2
0.260 *2
HHHHHHSSGLVPR^GSHMARTKQTARKSTGGKAPRKQLATKAARKSAPATGGVKKPHR
YRPGTVALREIRRYQKSTELLIRKLPFQRLVREIAQDFKTDLRFQSSAVMALQEACEAYLV
GLFEDTNLCAIHAKRVTIMPKDIQLARRIRGERA*
H34595 *1
0.343 *1
115
13415.56
11
20
2
Tailless.1b
4470 *
0.333 *2
HHHHHHSSGLVPR^GSHMPHRYRPGTVALREIRRYQKSTELLIRKLPFQRLVREIAQDFK
TDLRFQSSAVMALQEACEAYLVGLFEDTNLCAIHAKRVTIMPKDIQLARRIRGERA*
H4.h
119
13168.27
7
26
5960
0.453
HHHHHHSSGLVPR^GSHMSGRGKGGKGLGKGGAKRHRKVLRDNIQGITKPAIRRLARR
GGVKRISGLIYEETRGVLKVFLENVIRDAVTYTEHAKRKTVTAMDVVYALKRQGRTLYGF
GG*
H4101
11478.32
7
20
5960
0.519
Tailless.h
HHHHHHSSGLVPR^GSHMRKVLRDNIQGITKPAIRRLARRGGVKRISGLIYEETRGVLKVF
LENVIRDAVTYTEHAKRKTVTAMDVVYALKRQGRTLYGFGG*
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2.1.5 OCT4 proteins
Table 2-5. OCT4 proteins used in this study. His6-tags are coloured in blue, thrombin recognition sites
are marked in red where ˄ denotes the cleavage site, T7 tags are coloured in green, extinction
coefficients are listed with *1 when assuming all pairs of Cys residues form cystines and * 2 when
assuming all Cys residues are reduced, ˅ denotes 5 a.a. deletion site. The parameters were computed
using the ProtParam tool (Gasteiger et al., 2003).

His6tagged
OCT4

No.
of
a.a.

MW (Da)

Theo.
pI

-ve
residues

+ve
residues

Ext.
coeff.

Abs 0.1%
(=1 g/l)

36940 *1 0.879 *1
36440 *2 0.867 *2
HHHHHHSSGLVPR^GSHMASMTGGQQMGRDPNSMAGHLASDFAFSPPPGGGGDGPG
GPEPGWVDPRTWLSFQGPPGGPGIGPGVGPGSEVWGIPPCPPPYEFCGGMAYCGPQV
GVGLVPQGGLETSQPEGEAGVGVESNSDGASPEPCTVTPGAVKLEKEKLEQNPEESQD
IKALQKELEQFAKLLKQKRITLGYTQADVGLTLGVLFGKVFSQTTICRFEALQLSFKNMCKL
RPLLQKWVEEADNNENLQEICKAETLVQARKRKRTSIENRVRGNLENLFLQCPKPTLQQI
SHIAQQLGLEKDVVRVWFCNRRQKGKRSSSDYAQREDFEAAGSPFSGGPVSFPLAPGP
HFGTPGYGSPHFTALYSSVPFPEGEAFPPVSVTTLGSPMHSN*
14230 *1 0.625 *1
OCT4 DBD 198 22773.04
9.68
20
31
13980 *2 0.614 *2
HHHHHHSSGLVPR^GSHMASMTGGQQMGRDPNSQNPEESQDIKALQKELEQFAKLLKQ
KRITLGYTQADVGLTLGVLFGKVFSQTTICRFEALQLSFKNMCKLRPLLQKWVEEADNNE
NLQEICKAETLVQARKRKRTSIENRVRGNLENLFLQCPKPTLQQISHIAQQLGLEKDVVRV
WFCNRRQKGKRSSSDYAQRE*
36940 *1 0.892 *1
OCT4 D73
387 41419.64
6.33
38
34
36440 *2 0.880 *2
HHHHHHSSGLVPR^GSHMASMTGGQQMGRDPNSMAGHLASDFAFSPPPGGGGDGPG
GPEPGWVDPRTWLSFQGPPGGPGIGPGVGPGSEVWGIPPCPPPYEFCGGMAYCGPQV
GVGLVPQGGLETSQPEGEAGVGVESNSDGASPEPCTVTPGAVKLEKEKLEQNPEESQD
IKALQKELEQFAKLLKQKRITLGYTQADVGLTLGVLFGKVFSQTTICRFEALQLSFKNMCKL
RPLLQKWVEEADNNENL˅AETLVQARKRKRTSIENRVRGNLENLFLQCPKPTLQQISHIAQ
QLGLEKDVVRVWFCNRRQKGKRSSSDYAQREDFEAAGSPFSGGPVSFPLAPGPHFGTP
GYGSPHFTALYSSVPFPEGEAFPPVSVTTLGSPMHSN*
OCT4 WT

392

42021.36

6.34
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2.2 Methods
2.2.1 PCR amplification and purification of DNA for nucleosome
reconstitutions
2.2.1.1 Preparation of 162bp Lin28B-DNA fragments
The 162bp Lin28B-DNA was amplified by PCR with FastStart Taq DNA Polymerase using
human genomic Lin28B-DNA sequence inserted into pUC19 vector as the template. The
162bp DNA fragments were gel extracted from the 1% agarose gel using a QIAquick Gel
Extraction Kit (Qiagen) and further purified by anion exchange chromatography using a Mono
Q 5/50 GL column (GE Healthcare) and 2 M NaCl step gradient. The purified DNA was used
as a template for large-scale PCR amplification (300 reactions) of Lin28B-DNA fragment with
Q5 High Fidelity 2X Master Mix (NEB). The PCR products were purified using a QIAquick PCR
purification Kit (Qiagen) and concentrated with Amicon Ultra-2mL 30kDa cut-off centrifugal
filter (Merck Millipore). The Cy5-labelled Lin28B-DNA fragments were prepared by PCR
amplification of the MonoQ purified DNA with Cy5-labelled primers (Table 2-2, Materials
section 2.1.2). Subsequently, Cy5-Lin28B-DNA was PCR purified and concentrated as
described above. The 162bp Lin28B-DNA fragment corresponds to the genomic location:
hg18-chr6: 105,638,004-105,638,165
AGTGGTATTAACATATCCTCAGTGGTGAGTATTAACATGGAACTTACTCCAACAATACAG
ATGCTGAATAAATGTAGTCTAAGTGAAGGAAGAAGGAAAGGTGGGAGCTGCCATCACT
CAGAATTGTCCAGCAGGGATTGTGCAAGCTTGTGAATAAAGACA

2.2.1.2 Preparation of 163bp Esrrb-DNA fragments
The 163bp human genomic Esrrb-DNA sequence was synthesised by IDT and provided in
pIDTSMART-AMP vector. The Esrrb-DNA fragments were PCR amplified (300 reactions) with
Q5 High Fidelity 2x Master Mix (NEB). The PCR products were purified using a QIAquick PCR
purification Kit (Qiagen) and concentrated with Amicon Ultra-2mL 30kDa cut-off centrifugal
filter (Merck Millipore). The 163bp Esrrb-DNA fragment corresponds to the genomic location:
hg18-chr14: 75,995,474-75,995,636
GCAGGGAGAAGGAGCGCCTCCCCATGTGGGACCTGGAGAAACAGAGGGTGGAGGGA
GCATAGAGAGTCTGTTCTAAGCTGCAAAGCAAAGGCCTGGCGACCTAGGAGACCATGG
AGTTCCAGAAAGTGATAGTTATGCAGAGCGAATGGAGGGAATCAGCACG

2.2.2 Ramified rolling circle amplification for 162bp Lin28B-DNA
synthesis
The Lin28B-DNA fragments were synthesised using ramified rolling circle amplification (rRCA)
by Clara L. van Emmerik and Hugo van Ingen (Bijvoet Center for Biomolecular Research,
Utrecht University) as detailed in the van Emmerik et al. (van Emmerik et al., 2020). Briefly,
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the pUC19 plasmid containing the 162bp human genomic Lin28B-DNA template sequence
was PCR amplified using a 5′-phosphorylated primer and a 5′-biotinylated primer. After
immobilization of the biotinylated double-stranded DNA PCR product onto streptavidin-coated
beads and strand separation by alkaline denaturation, the eluted phosphorylated singlestranded DNA (ssDNA) fragment was circularized using a DNA splint to anneal the 5′- and 3′termini. Subsequently, any linear single-stranded contaminants were removed by
exonucleases treatment, yielding the circular template for rRCA. Here, the circular Lin28B
template was amplified in the presence of starting and branching primer using Phi29 DNA
polymerase with high processivity, fidelity, 3′-5′ exonuclease activity and strand-displacement
activity (Blanco et al., 1989; Esteban et al., 1993; Garmendia et al., 1992). Once annealed to
the circular template, the staring primer is elongated into a long ssDNA containing multiple
repeats of the Lin28B circular template. This multimeric ssDNA then serves as a template for
annealing of the branching primers. In rRCA, both primers are added in excess relative to
circular template and together with strand displacement by Phi29 this leads to production of a
long, branched dsDNA product consisting of Lin28B repeats. Since a blunt-end SmaI
restriction site (CCCGGG) was created in the rRCA product by mutating the four terminal
residues in the original 162bp human Lin28B sequence (3′-end ACA to CCC and 5′-end AGT
to GGG), the double-stranded Lin28B-DNA repeats were released by overnight digestion with
SmaI. The digested rRCA product was purified on a HiTrap Q Sepharose HP anion exchange
chromatography column (GE Healthcare) and ethanol precipitated, yielding the final doublestranded 162bp Lin28B-DNA fragments. For more detailed protocol please see van Emmerik
et al. (van Emmerik et al., 2020). The rRCA-produced 162bp Lin28B-DNA sequence
(corresponding to the genomic location hg18-chr6: 105,638,004-105,638,165) with mutated
terminal residues shown in bold:
GGGGGTATTAACATATCCTCAGTGGTGAGTATTAACATGGAACTTACTCCAACAATACA
GATGCTGAATAAATGTAGTCTAAGTGAAGGAAGAAGGAAAGGTGGGAGCTGCCATCAC
TCAGAATTGTCCAGCAGGGATTGTGCAAGCTTGTGAATAAAGCCC

2.2.3 Protein expression, purification and refolding
2.2.3.1 Full-length human core histones
2.2.3.1.1

Expression of recombinant histones

Human histones H2A, H2B, H3 and H4 were expressed from a pET-15b bacterial expression
plasmid (provided by Dan Bose from Berger’s lab) in E. coli Rosetta™ 2 (DE3) pLysS
competent cells (Novagen, Merck Millipore). Core histones were fused to an N-terminal 6X
histidine tag with a thrombin cleavage site (LVPR^GS). For each histone, competent cells were
transformed with 0.5 µL of plasmid and incubated on ice for 5 min followed by heat shock for
30 s in a 42°C water bath. After 2 min incubation on ice, 100 µL of room temperature SOC
medium was added and cells were incubated for 60 min at 37°C while shaking at 250 rpm.
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Transformed cells were grown on LB-agar plates containing 100 µg/mL ampicillin for 15-18 hr
at 37 °C. Several colonies were inoculated into 5 mL LB medium (containing 100 µg/mL Amp)
and incubated overnight at 37°C with shaking at 200 rpm. After 12-18 hr cultivation, 100 µL of
overnight culture was transferred into 5 mL of 2xTY medium (containing 100 µg/mL Amp) and
grown for 4 hr at 37°C with shaking at 200 rpm. A 2% culture was then prepared by transferring
480 µL of 5 mL culture into 24 mL of 2xTY medium (containing 100 µg/mL Amp) and incubated
overnight at 37°C with shaking at 200 rpm. Subsequently, 10 mL of overnight culture was
inoculated into 500 mL of pre-warmed 2xTY medium (containing 100 µg/mL Amp).
Transformed cells were grown in a shaker at 37°C to an optimal density of 0.4 – 0.8 at A600.
Protein expression was induced by 1 mM thiogalactopyranoside (IPTG) and cultures were
grown in a shaker at 22°C for 4 hr for H2A & H2B and 7 hr for H3 & H4. After induction,
bacterial cells were harvested by centrifugation for 20 min at 6,000 rpm (4°C). The pellets were
resuspended in 40 mL of DPBS and centrifuged at 5,000 rpm for 20 min (4°C). The resulting
pellets were snap-frozen in liquid nitrogen (LN2) and stored at -80°C. Aliquots were taken
before and after IPTG induction, spun down at 4,000 rpm for 5 min (4°C) and pellets
resuspended in 8 M urea were sonicated four times for 10 sec on, 30 sec off. After
centrifugation at 14,000 rpm for 10 min (4°C), supernatants were incubated at 90°C for 10 min
and analysed for histone expression by sodium dodecyl sulphate polyacrylamide gel
electrophoresis (SDS-PAGE) using Bolt system with 4-12% gradient Bis-Tris gels (Thermo
Fisher Scientific). The gels were run in 1X Bolt MES SDS running buffer at 90 V for 1 hr 30
min. Protein bands were visualised by staining with GelCode Blue Safe Protein Stain (Thermo
Fisher Scientific).

2.2.3.1.2

Purification of recombinant histones

The cell pellets were resuspended in denaturing lysis buffer (6 M Guanidine-HCl, 50 mM TrisHCl (pH 8.0), 500 mM NaCl, 5% (v/v) glycerol) and stirred overnight at room temperature. The
cell suspensions were disrupted by five rounds of sonication for 15 sec on, 1 min off. The
lysates were clarified by centrifugation at 18,000 rpm for 30 min (4°C). The supernatants were
sonicated three times for 15 sec on, 1 min off and then filtered through a Millex 0.45 μm filter
unit with PES membrane (Merck Millipore). The His6-tagged histones were purified under
denaturing conditions over HisTrap HP nickel-charged column (GE Healthcare, #17-5248-01)
pre-equilibrated with denaturing binding buffer (6 M urea, 500 mM NaCl, 50 mM Tris-HCl (pH
8.0), 10 mM imidazole, 5% (v/v) glycerol). The non-specifically bound proteins were eluted
with denaturing wash buffer (6 M urea, 1 M NaCl, 50 mM Tris-HCl (pH 8.0), 30 mM imidazole,
10% (v/v) glycerol). The bound His6-tagged histones were eluted by a linear gradient of
imidazole from 30 mM to 300 mM and collected fractions were analysed on Bolt 4-12% BisTris SDS-PAGE gels (Thermo Fisher Scientific) stained with GelCode Blue Safe Protein Stain
(Thermo Fisher Scientific). The chromatography elution profiles were obtained by plotting and
analysing the HisTrap raw data in MATLAB (Figure A-1, Appendix A). The peak fractions
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containing the pure histones were pooled and stored at -80°C. The concentration of each
histone was determined by quantifying the intensities of histones bands running at the
expected sizes in Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific), using
Cytochrome C as the standard protein. To reduce error, the band intensities were quantified
under variable concentrations. The densitometric analysis of the Coomassie blue stained
SDS-PAG was performed using Fujifilm Science lab Multi-Gauge software ver2.0 (FujiFilm).

2.2.3.1.3

Preparation of histone dimers and tetramers

To refold histone dimers and tetramers, human H2A & H2B and H3 & H4 were mixed in a 1:1
ratio and dialyzed against 2 L of 2 M NaCl dialysis buffer (2 M NaCl, 20 mM Tris-HCl (pH 8.0),
1 mM EDTA (pH 8.0), 5 mM DTT, 1 mM PMSF, 5% (v/v) glycerol) for 4 hr at 4°C. Dialysis was
continued overnight at 4°C in 4 L of the same buffer to remove the impurities and excess
histones, which would precipitate. Following overnight dialysis, the NaCl concentration was
reduced by stepwise dialysis against the renaturing buffer (20 mM Tris-HCl (pH 8.0), 1 mM
EDTA (pH 8.0), 5 mM DTT, 5% (v/v) glycerol) containing 1 M NaCl for 4 hr, 0.5 M NaCl for 4
hr, and lastly 0.1 M NaCl overnight at 4°C. After dialysis, the recovered samples were
centrifuged at 14,000 rpm for 30 min (4°C) to get rid of precipitates and the soluble fractions
containing the reconstituted His6-tagged H2A/B dimers and H3/4 tetramers were collected and
analysed on Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific) stained with
GelCode Blue Safe Protein Stain (Thermo Fisher Scientific). The N-terminal His6-tags were
removed from the folded dimers and tetramers by the incubation with thrombin protease (1
U/µL) for 16-20 hr at room temperature using 5 units per mg of protein. Removal of His 6-tags
was verified on Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific) stained with
GelCode Blue Safe Protein Stain (Thermo Fisher Scientific). The untagged dimers and
tetramers were concentrated using Amicon Ultra-4mL 10kDa cut-off centrifugal filter (Merck
Millipore). Briefly, samples were concentrated to a final volume of 1 mL by spinning in a
swinging-bucket centrifuge at 4,000 g for approximately 10-20 min. To remove protease and
His6-tags, the concentrated H2A/B dimers and H3/4 tetramers were purified by gel filtration
chromatography on a HiLoad 16/600 Superdex 200 pg column (GE Healthcare, #28-9893-35)
pre-equilibrated with buffer containing 0.1 M NaCl, 20 mM Tris-HCl (pH 8.0), 1 mM EDTA,
30% (v/v) glycerol, 5 mM DTT. The chromatography elution profiles were obtained by plotting
and analysing the HiLoad raw data in MATLAB (Figure A-2, Appendix A). The H2A/B dimer
eluted as a single asymmetric peak with the shoulder on the leading edge (Figure A-2A,
Appendix A). SDS-PAGE analysis revealed that the major peak and shoulder contained the
dimers with the correct stoichiometry, but the leading shoulder also included minor high
molecular weight contaminants (Figure A-2A, Appendix A). The H3/4 tetramer eluted as a
single homogenous peak containing the tetramers with the correct stoichiometry (Figure A-2B,
Appendix A). The peak fractions containing purified H2A/B and H3/4 were pooled,
concentrated and analysed on Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific)
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stained with GelCode Blue Safe Protein Stain (Thermo Fisher Scientific). The concentrations
of H2A/B and H3/4 were determined using Pierce™ BCA Protein Assay Kit according to the
manufacturer’s instructions (Thermo Fisher Scientific). The protein concentrations were also
verified by quantifying the intensities of H2A/B and H3/4 bands running at the expected sizes
in Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific), using Cytochrome C as the
standard protein. To reduce error, the band intensities were quantified under variable
concentrations. The densitometric analysis of the Coomassie blue stained SDS-PAG was
performed using Fujifilm Science lab Multi-Gauge software ver2.0 (FujiFilm).

2.2.3.1.4

Preparation of the histone octamers

Core histones were expressed and purified as previously described (Methods sections
2.2.2.1.1-2). Each histone was dialysed in SnakeSkin Dialysis Tubing, 7K MWCO (Thermo
Fisher Scientific) against at least three changes of 4 L pre-cooled distilled water containing 3
mM βME. The first and second dialysis step was performed for 2 hr and third step overnight
at 4°C. The protein concentration at A280 was determined by UV spectroscopy, using the
dialysis buffer as the blank. Histones were aliquoted, snap-frozen in LN2 and lyophilised using
a Maxi Dry Lyo Freeze-dryer (Heto). Lyophilised histones were rehydrated to a concentration
of approx. 10 mg/mL in unfolding buffer (6 M Guanidine-HCl, 20 mM Tris-HCl (pH 8.0), 5 mM
DTT). Unfolding was allowed to proceed for at least 30 min and for no more than 3 hr.
Resuspended histones were analysed by SDS-PAGE to ensure that equimolar amounts of
histones were present. The concentration of each histone was determined using Pierce™ BCA
Protein Assay Kit according to the manufacturer’s instructions (Thermo Fisher Scientific). The
histones were mixed with a 20% excess of H2A and H2B over H3 and H4. The mixture was
dialysed at 4°C against at least three changes of 2 L refolding buffer (10 mM Tris-HCl (pH 8.0),
2 M NaCl, 1 mM EDTA, 5 mM βME). The first and third dialysis step was performed for 2 hr
and second step overnight at 4°C. Precipitated proteins were removed by centrifugation at
14,000 rpm for 30 min (4°C). The N-terminal His6-tags were cleaved from the folded octamers
by the treatment with 1.25 units of thrombin protease (1 U/µL) overnight at 4°C. Removal of
His6-tags was confirmed on Bolt 4-12% Bis-Tris SDS-PAGE gel (Thermo Fisher Scientific)
stained with GelCode Blue Safe Protein Stain (Thermo Fisher Scientific). To remove protease,
His6-tags and undesirable protein complexes, the octamer was purified by gel filtration
chromatography on a HiLoad 16/600 Superdex 200 pg column (GE Healthcare, #28-9893-35)
pre-equilibrated with pre-cooled refolding buffer. The chromatography elution profile was
obtained by plotting and analysing the HiLoad raw data in MATLAB. The peak fractions
containing purified octamer were pooled and concentrated using Amicon Ultra-4mL 10kDa
cut-off centrifugal filter (Merck Millipore). Briefly, samples were concentrated by spinning in a
swinging-bucket centrifuge at 4,000 g for approximately 10-20 min. The octamer concentration
at A280 was determined by UV spectroscopy, using the refolding buffer as the blank. The
octamer concentration was verified using Pierce™ BCA Protein Assay Kit according to the
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manufacturer’s instructions (Thermo Fisher Scientific). For storage, the octamer was dialysed
against two changes of 1 L storage buffer (2 M NaCl, 10 mM Tris-HCl (pH 8.0), 1 mM EDTA,
5 mM βME, 50% (v/v) glycerol) for 6 hr and then overnight at 4°C. The recovered octamer
sample was aliquoted and stored at -20°C.

2.2.3.2 Tailless human histones
2.2.3.2.1

Expression and purification of tailless histones

Tailless histones were produced by removing the first 13, 31, 37 and 18 amino acids of histone
H2A, H2B, H3 and H4, respectively. Cloning of the tailless histones fused to an N-terminal 6X
histidine tag with a thrombin cleavage site (LVPR^GS) was achieved by PCR amplification of
tailless variant of each histone using forward and reverse primers that included a NdeI and
BamHI site, respectively (Table 2-2, Materials section 2.1.2). Each amplified DNA fragment
was digested with NdeI and BamHI-HF (NEB) and then individually ligated into linearized pET15b vectors for expression in E. coli. The resulting tailless H2A (∆1-13), H2B (∆1-31), H3 (∆137) and H4 (∆1-18) plasmids were verified by Sanger sequencing to confirm the appropriate
histone tail deletion. Human tailless histones H2A and H2B were expressed in E. coli
Rosetta™ 2 (DE3) pLysS competent cells (Novagen, Merck Millipore), purified and lyophilised
as previously described for full-length histones (Methods sections 2.2.2.1.1-2).

2.2.3.2.2

Preparation of the tailless histone octamers

Tailless H2A (∆1-13), and H2B (∆1-31) histone octamers were refolded as previously
described (Methods section 2.2.3.1.4). Tailless H3 (A25C; ∆1-24) and H4 (∆1-20) histone
octamers were kindly gifted by Dr Marcus Wilson (Wellcome Trust Centre for Cell Biology,
University of Edinburgh).

2.2.3.3 OCT4 proteins
2.2.3.3.1

Expression of OCT4 proteins

The full-length human OCT4 (OCT4 WT), OCT4 WT DNA binding domain (OCT4 DBD) and
OCT4 deletion mutant D73 (OCT4 D73) were expressed from a pET28b bacterial expression
plasmid in E. coli Rosetta™ 2 (DE3) pLysS competent cells (Novagen, Merck Millipore).
Proteins were fused to an N-terminal 6X histidine tag with a thrombin cleavage site. Competent
cells were transformed with 0.5 µL of plasmid and incubated on ice for 5 min followed by heat
shock for 35 sec in a 42°C water bath. After 2 min incubation on ice, 100 μL of room
temperature SOC medium was added and cells were incubated for 60 min at 37°C while
shaking at 250 rpm. Subsequently, transformed cells were grown on LB plates containing 50
µg/mL Kan and 1% glucose for 15-18 hr at 37 °C. Several colonies were inoculated into 5 mL
LB medium (containing 50 µg/mL Kan and 1% glucose) and incubated for 8 hr at 37°C with
shaking at 200 rpm. After 8 hr cultivation, 1 mL of culture was transferred into 100 mL of LB
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(containing 50 µg/mL Kan and 1% glucose) and grown overnight at 37°C with shaking at 200
rpm. Subsequently, 10 mL of overnight culture was inoculated into 500 mL of pre-warmed LB
(containing 50 µg/mL Kan and 1% glucose). Transformed cells were grown in a shaker at 37°C
to an optimal density of 0.4-0.8 at A600. Protein expression was induced by 0.5-0.8 mM IPTG
and cultures were grown in a shaker at 20°C for 6 hr for OCT4 WT and OCT4 D73 or 2 hr for
OCT4 DBD. The bacterial cells were harvested by spinning at 5,000 g for 15 min (4°C). The
pellets were resuspended in 40 mL of DPBS and centrifuged at 5,000 rpm for 20 min (4°C).
The resulting pellets were snap-frozen in liquid nitrogen (LN2) and stored at -80°C.

2.2.3.3.2

Purification of OCT4 proteins

The cell pellets were lysed by resuspending and steering in denaturing lysis buffer (6 M
Guanidine-HCl, 0.1 M NaH2PO4 · 2 H2O, 300 mM NaCl, 5 mM βME) overnight at room
temperature. The cell suspensions were pre-chilled on ice for 10 min and then disrupted by
ten rounds of sonication for 15 sec on, 1 min off. The lysates were clarified by centrifugation
at 18,000 rpm for 30 min (4°C). The supernatants were sonicated five times for 15 sec on, 1
min off and then filtered through a Millex 0.45 μm filter unit with PES membrane (Merck
Millipore). The His6-tagged proteins were purified under denaturing conditions over HisTrap
HP nickel-charged column (GE Healthcare, #17-5248-01) pre-equilibrated with denaturing
binding buffer (6 M urea, 0.1 M NaH2PO4 · 2 H2O, 300 mM NaCl, 10 mM imidazole, 5 mM
βME). The non-specifically bound proteins were eluted with denaturing wash buffer (6 M urea,
0.1 M NaH2PO4 · 2 H2O, 500 mM NaCl, 40 mM imidazole, 10% (v/v) glycerol, 5 mM βME).
The bound His6-tagged OCT4 proteins were eluted by a linear gradient of imidazole from 40
mM to 300 mM (OCT4 WT) or 40 mM to 500 mM (OCT4 DBD and OCT4 D73). The
chromatography elution profiles were obtained by plotting and analysing the HisTrap raw data
in MATLAB (Figure C-1A, C, E; Appendix C). The peak fractions were analysed on Bolt 4-12%
Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific) stained with GelCode Blue Safe Protein
Stain (Thermo Fisher Scientific).

2.2.3.3.3

Desalting and refolding of OCT4 proteins

Following Ni-affinity purification, the eluted fractions containing pure OCT4 proteins were
pooled and dialysed at 4°C in SnakeSkin Dialysis Tubing, 7K MWCO (Thermo Fisher
Scientific) against two changes of 4 L of 4 M urea refolding buffer (4 M urea, 150-240 mM
NaCl, 10 mM Tris-HCl (pH 7.4), 30% (v/v) glycerol, 1 mM EDTA, 5 mM βME) for 4 hr and then
against 4 L of 2 M urea refolding buffer overnight. After dialysis, the retrieved samples were
spin at 5,000 rpm for 10 min (4°C) and supernatants were loaded on a HiLoad 16/600
Superdex 200 pg column (GE Healthcare, #28-9893-35) pre-equilibrated with renaturing buffer
(300 mM NaCl, 10 mM Tris-HCl (pH 7.4), 1 mM EDTA, 5 mM βME). The chromatography
elution profiles were obtained by plotting and analysing the HiLoad raw data in MATLAB
(Figure C-1B, D, F; Appendix C). The peak fractions were run on Bolt 4-12% Bis-Tris SDS-
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PAGE gels (Thermo Fisher Scientific) stained with GelCode Blue Safe Protein Stain (Thermo
Fisher Scientific). The fractions containing OCT4 proteins were pooled, concentrated using
Amicon Ultra-15mL 10kDa cut-off centrifugal filter (Merck Millipore) and stored at 4°C. The
concentration of OCT4 proteins was determined using Pierce™ BCA Protein Assay Kit
according to the manufacturer’s instructions (Thermo Fisher Scientific). Additionally, protein
concentrations were verified by quantifying the intensities of OCT4 bands running at the
expected sizes in Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific), using
Cytochrome C as the standard protein. To reduce error, the band intensities were quantified
under variable concentrations. The densitometric measurements were performed using
Fujifilm Science lab Multi-Gauge software ver2.0 (FujiFilm). For storage, the concentrated
OCT4 samples were dialysed against two changes of 4 L storage buffer (300 mM NaCl, 10
mM Tris-HCl (pH 7.4), 1 mM EDTA, 5 mM βME, 30% (v/v) glycerol) for 8 hr and then overnight
at 4°C. The precipitates were removed by centrifugation at 5,000 rpm for 10 min (4°C) and
supernatants were stored at -80°C. Prior to OCT4-nucleosome complex formation for EM,
OCT4 proteins were dialysed against two changes of 4 L renaturing buffer (300 or 100 mM
NaCl, 10 mM Tris-HCl (pH 7.4), 1 mM EDTA, 5 mM βME), overnight and then for 4 hr at 4°C.
The precipitated proteins were removed from retrieved samples by centrifugation at 10,000
rpm for 10 min (4°C) and supernatants were concentrated using Amicon Ultra-0.5mL 10kDa
cut-off centrifugal filter (Merck Millipore). The concentration of OCT4 proteins was determined
using Pierce™ BCA Protein Assay Kit according to the manufacturer’s instructions (Thermo
Fisher Scientific).

2.2.3.3.4

Purification and refolding of OCT4 WT produced as inclusion bodies

The full-length human OCT4 WT was expressed as described above (Methods section
2.2.3.3.1). The bacterial suspension was thawed under running water, snap-frozen in LN2 and
then thawed again. The suspension was disrupted by ten rounds of sonication on ice for 15
sec on, 1 min off. The lysates were centrifuged at 23,000 g for 60 min (4°C). After
centrifugation, the pellet was resuspended in ice-cold wash buffer (50 mM Tris-HCl (pH 7.4),
100 mM NaCl, 1 mM benzamidine, 1 mM βME) and decanted into the pre-cooled 40 mL
Dounce glass/glass homogeniser. First, the pellet was broken up with ~5 strokes with the loose
pestle until no visible clumps remained and then 10 strokes were applied with tight pestle. The
white and homogenous solution was centrifuged at 20,000 g for 10 min (4°C). The pellet was
completely resuspending in wash buffer + 1% (v/v) Triton X-100 and centrifuged at 20,000 g
for 10 min (4°C). This step was repeated once with wash buffer + 1% Triton X-100 and then
twice with wash buffer only. The pellet was soaked in 500 µL DMSO for 15 min and then
resuspended in unfolding buffer (6 M Guanidium-HCl, 0.1 M NaH2PO4 · 2 H2O (pH 7.4), 300
mM NaCl, 5 mM βME). The suspension was decanted into the pre-cooled 40 mL Dounce
glass/glass homogeniser. First, the pellet was broken up by applying ~5 strokes with the loose
pestle and then 10 strokes were applied with tight pestle. The homogenised sample was
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sonicated on ice for 15 sec at 30–40% output and then stirred at room temperature for 1-2 hr.
Subsequently, the sample was centrifuged at 23,000 g for 20 min (4°C). The supernatant was
filtered through Millex 0.45 μm filter unit with PES membrane (Merck Millipore) and His6-tagged
OCT4 WT was purified under denaturing conditions over HisTrap HP nickel-charged column
(GE Healthcare #17-5248-01) pre-equilibrated with denaturing binding buffer (6 M urea, 0.1 M
NaH2PO4 · 2 H2O (pH 7.4), 300 mM NaCl, 10 mM imidazole, 5 mM βME). The non-specifically
bound proteins were eluted with denaturing wash buffer (6 M urea, 0.1 M NaH2PO4 · 2 H2O,
500 mM NaCl, 40 mM imidazole, 10% (v/v) glycerol, 5 mM βME). The proteins were eluted by
a linear gradient of imidazole from 40 mM to 500 mM. The chromatography elution profile was
obtained by plotting and analysing the HisTrap raw data in MATLAB (Figure C-2A, Appendix
C). The peak fractions were analysed on Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher
Scientific) stained with GelCode Blue Safe Protein Stain (Thermo Fisher Scientific). The eluted
fractions containing pure OCT4 WT were pooled and concentrated using Amicon Ultra-15mL
10kDa cut-off centrifugal filter (Merck Millipore). Subsequently, the sample was dialysed in
Slide-A-Lyzer 10K MWCO G2 Dialysis Cassette (Thermo Fisher Scientific) against two
changes of 2 L 2M urea refolding buffer (2 M urea, 100 mM NaCl, 10 mM Tris-HCl (pH 7.4),
30% (v/v) glycerol, 1 mM EDTA, 5 mM βME) overnight and then for 4 hr at 4°C. The
precipitates were removed from retrieved sample by centrifugation at 5,000 rpm for 10 min
(4°C) and supernatant was dialysed against 4 L of renaturing buffer (100 mM NaCl, 10 mM
Tris-HCl (pH 7.4), 30% (v/v) glycerol, 1 mM EDTA, 5 mM βME) for 4 hr at 4°C. The recovered
sample was centrifuged at 5,000 rpm for 10 min (4°C) and supernatant was loaded on a
HiLoad 16/600 Superdex 200 pg column (GE Healthcare, #28-9893-35) pre-equilibrated with
renaturing buffer. The chromatography elution profile was obtained by plotting and analysing
the HiLoad raw data in MATLAB (Figure C-2C, Appendix C). The peak fractions were run on
Bolt 4-12% Bis-Tris SDS-PAGE gels (Thermo Fisher Scientific) stained with GelCode Blue
Safe Protein Stain (Thermo Fisher Scientific). The fractions containing OCT4 WT were pooled,
concentrated using Amicon Ultra-0.5mL 10kDa cut-off centrifugal filter (Merck Millipore) and
stored at 4°C. The concentration of OCT4 WT was determined using Pierce™ BCA Protein
Assay Kit according to the manufacturer’s instructions (Thermo Fisher Scientific).

2.2.3.3.5

Construction His6-MBP-tagged OCT4 plasmids

To improve purification of OCT4 proteins, human full-length OCT4 WT, OCT4 WT DBD, fulllength OCT4 D73 and OCT D73 DBD were subcloned into pET His 6 MBP TEV LIC cloning
vector. OCT4 proteins were fused to an N-terminal His6-MBP tag with a tobacco etch virus
(TEV) protease cleavage site (ENLYFQ^S) using In-Fusion HD Cloning Kit (Takara Bio USA,
Inc.). Cloning was achieved by PCR amplification of OCT4 variants using forward and reverse
primers that contained a 15bp extensions (5’) homologous to the ends of the linearized vector
and 20-24bp (3’) target gene-specific sequences (Table 2-2, Materials section 2.1.2). Each
amplified DNA insert was gel extracted from the 1% agarose gel using the NucleoSpin Gel &
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PCR Clean-up (Macherey-Nagel). The pET His6 MBP TEV LIC cloning vector was linearized
with SspI-HF (NEB) and purified using the NucleoSpin Gel & PCR Clean-up (MachereyNagel). Purified DNA inserts were individually ligated into a linearized vector for expression in
E. coli. The resulting plasmids were verified by Sanger sequencing to confirm the appropriate
ligations.

2.2.4 Nucleosome assembly
2.2.4.1 Small-scale nucleosome reconstitution using histone dimers and
tetramers
The H2A/B dimer (6 μg) and the H3/4 tetramer (6 μg) were mixed with the Cy5-labelled or
unlabelled Lin28B-DNA (10 μg) at 4°C in the presence of 4 M urea, 2 M NaCl and 0.1 mg/mL
BSA. The nucleosomes were assembled using salt-urea gradient dialysis method by
sequentially dialyzing against 2, 1.5, 1, 0.8, and then 0.6 M NaCl buffer also containing 10 mM
Tris–HCl (pH 8.0), 5 M urea, 1 mM EDTA (pH 8.0), 10 mM βME for 4 hr in each buffer at 4°C.
Subsequently, the nucleosomes were dialyzed against buffer without urea (0.6 M NaCl, 10
mM Tris-HCl (pH 8.0), 1 mM EDTA (pH 8.0), 1 mM βME) for 6 hr at 4°C and lastly against the
same buffer, but containing 0.1 M NaCl overnight at 4°C. The recovered samples were
centrifuged at 15,000 rpm for 10 min (4°C) and supernatants were heat shifted by incubating
at 37°C for 6 hr.

2.2.4.2 Large-scale nucleosome reconstitution using histone dimers and
tetramers
Two strategies for obtaining highly concentrated nucleosome sample for EM were tested. In
the first strategy H2A/B dimer (60 μg) and the H3/4 tetramer (60 μg) were mixed with the
unlabelled Lin28B-DNA (100 μg) at 4°C in the presence of 4 M urea, 2 M NaCl and 0.1 mg/mL
BSA. The nucleosomes were assembled using salt-urea gradient dialysis method as described
above (Methods section 2.2.4.1). In the second strategy, 10 small-scale unlabelled Lin28Bnucleosome reconstitutions were performed individually as mentioned above (Methods
section 2.2.4.1). The heat-shifted nucleosome samples were pooled and concentrated using
an Amicon Ultra-0.5mL 10kDa centrifugal filter (Merck Millipore).

2.2.4.3 Nucleosome reconstitution using histone octamers
Cy5-labelled or unlabelled DNA was mixed with refolded and purified histone octamers at a
1:1.08 DNA:octamer molar ratio at 4°C in the presence of 2 M NaCl and nucleosomes were
reconstituted by salt gradient dialysis method. Briefly, reconstitution reaction (100 µL) was
transferred to Slide-A-Lyzer 3.5K MWCO MINI Dialysis Device (Thermo Fisher Scientific) and
dialysed against 200 mL of refolding buffer (2 M NaCl, 10 mM Tris-HCl (pH 8.0), 1 mM EDTA
(pH 8.0), 5 mM DTT) for 1 hr at 4°C under constant stirring. After 1 hr, a MINIPULS 3 peristaltic
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pump (Gilson) fed from the reservoir of 800 mL of TE buffer (10 mM Tris-HCl (pH 8.0), 1 mM
EDTA (pH 8.0)) was set to 0.9-1 mL/min flow rate and let run overnight at 4°C. After the
gradient has finished, the sample was dialyzed against 400 mL of buffer containing 100 mM
NaCl, 10 mM Tris-HCl (pH 8.0), 1 mM EDTA (pH 8.0) and 1 mM DTT for 4 hr at 4°C. The
retrieved sample was centrifuged at 15,000 rpm for 10 min (4°C) and supernatant was heat
shifted at 37°C for 6 hr.

2.2.4.4 Gel electrophoretic analysis of nucleosome assembly
Nucleosome reconstitutions were analysed on a pre-casted Novex 6% TBE polyacrylamide
gels or 4% non-denaturing polyacrylamide gels. After pre-running at 90 V for 1 hr, the samples
were loaded onto acrylamide gels and run at 90 V in 1X TBE for 1 hr (6% TBE gels) or in 0.5X
TBE for 4 hr (4% polyacrylamide gels). The unlabelled nucleosomes were visualised by
staining with EtBr for 10 min and imaged using ChemiDoc MP Imaging System (BIO-RAD).
The Cy5-labelled nucleosomes were visualised by detecting Cy5 fluorescence using a FujiFilm
FLA-5100 instrument (Fujifilm Life Science) or ChemiDoc MP Imaging System (BIO-RAD).
The gels containing the Cy5-labelled nucleosomes were also stained with EtBr (10 min) and
bands were visualised using a G:Box (Syngene). The concentration of nucleosomes was
estimated by quantifying the Cy5 fluorescence or EtBr staining intensities of the nucleosomal
DNA bands running at the expected sizes, using free Lin28B-DNA or Esrrb-DNA as the
standard. The densitometric measurements of band intensities were performed using MultiGauge software ver2.0 (FujiFilm). To reduce error, the band intensities were quantified under
variable concentrations.

2.2.5 Analytical techniques
2.2.5.1 Electrophoretic Mobility Shift Assays
For affinity analysis, the Cy5 end-labelled oligonucleotides duplexes (Table 2-3, Materials
section 2.1.3), Lin28B-DNA or Lin28B-nucleosomes were incubated with purified OCT4 WT,
DBD or mutant D73 in DNA-binding buffer (10 mM Tris-HCl (pH 7.5), 1 mM MgCl2, 10 μM
ZnCl2, 1 mM DTT, 10 mM KCl, 0.5 mg/mL BSA, 5% (v/v) glycerol) at room temperature for
60 min in protein LoBind tubes (Eppendorf 650 UK Ltd). Free and bound DNA were separated
on 4% non-denaturing polyacrylamide gels (dimensions: 0.15 X 18 X 18 cm) prepared in 0.5X
TBE (45 mM Tris-borate, 1 mM EDTA). After pre-running the gel at 90 V (~10 V/cm) for 1 hr,
the samples were loaded onto acrylamide gel and run in 0.5X TBE at 90V for 4 hr. The Cy5labelled nucleosomes were visualised by detecting Cy5 fluorescence using a FujiFilm FLA5100 instrument (Fujifilm Life Science) or ChemiDoc MP Imaging System (BIO-RAD). The
intensity of Cy5 fluorescence was quantified using Multi-Gauge software ver2.0 (FujiFilm).
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2.2.5.2 Gel electrophoretic analysis of OCT4-nucleosome complexes prepared
for EM studies
The unlabelled Lin28B- or Esrrb-nucleosomes were combined with purified OCT4 WT, DBD
or mutant D73 in different ratios in 0.1 M NaCl buffer (100 mM NaCl, 10 mM HEPES (pH 7.5),
1 mM EDTA, 1 mM βME) and incubated at room temperature for 60 min in protein LoBind
tubes (Eppendorf 650 UK Ltd). Typically, free and bound DNA were separated on 4% nondenaturing polyacrylamide gels (dimensions: 0.15 X 18 X 18 cm) prepared in 0.5X TBE (45
mM Tris-borate, 1 mM EDTA) and pre-run at 90 V (~10 V/cm) for 1 hr. The samples were
loaded onto acrylamide gels and run in 0.5X TBE at 90V for 4 hr. The unlabelled nucleosomes
were visualised by staining with EtBr for 10 min and imaged using ChemiDoc MP Imaging
System (BIO-RAD). The intensity of EtBr staining was quantified using Multi-Gauge software
ver2.0 (FujiFilm).

2.2.6 Electron microscopy and image processing
2.2.6.1 Negative stain-electron microscopy
2.2.6.1.1

Nucleosome sample preparation for NS-EM

After nucleosome assembly, the unbound Lin28B-nucleosome and Esrrb-nucleosome were
immediately prepared for NS-EM. The Lin28B-nucleosome (1 µM) was also mixed with fulllength OCT4 D73 (2 µM) at a 1:10 (nucleosome:OCT4) molar ratio in ~20µL volume and
incubated at room temperature for 30 min prior to grids preparation. Before sample deposition,
the continuous carbon grids (Quantifoil, 300 mesh, copper) were glow discharged at 25 mA,
for 60 sec (PELCO easiGlow Glow Discharge Unit). Subsequently, 4 µL of the nucleosome
sample (Lin28B-nucleosome 10 µg/mL; Esrrb-nucleosome 4 µg/mL; Lin28B-nucleosome with
OCT4 D73 10 µg/mL) was applied to the glow discharged grids and after 2 min the excess
liquid was blotted off using filter paper. The sample was stained with 2% uranyl acetate for 2
min and excess stain was blotted off with filter paper. The negative stain grids were air-dried
for 1-2 min and then screened using JEOL JEM-1400 Plus EM (83,600x mag).

2.2.6.1.2

Data collection

The Lin28B-nucleosome (246 micrographs), Esrrb-nucleosome (197 micrographs) and
Lin28B-nucleosome with OCT4 D73 (213 micrographs) datasets were collected using a
Thermo Fisher Scientific Tecnai F20 transmission electron microscope (200 keV, field
emission gun). Images were recorded at a nominal magnification of 100,000x (pixel size of
1.48 Å) using an 8k x 8k CMOS camera (TVIPS F816), with defocus ranging from −0.5 to −1.5
µm. Details of NS-EM data collection are summarized in Table 2-6.
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2.2.6.1.3

Data processing

To generate initial references for automatic particle picking, nucleosomal particles covering
different views of nucleosome and background references were picked manually from multiple
micrographs with a range of defocus using the Boxer application in the EMAN2 software
package (Ludtke et al., 1999; Tang et al., 2007). The convolution neural net was applied on
all micrographs to auto-pick particles. Subsequently, all datasets were processed in RELION
3.1 (Zivanov et al., 2018) including: contrast transfer function (CTF) estimation, 2D and 3D
classification. The CTF parameters of micrographs were estimated using Gctf_v1.06 (Zhang,
2016), without dose weighting. In total, 168 (Lin28B-nucleosome), 176 (Esrrb-nucleosome)
and 210 (Lin28B-nucleosome with OCT4 D73) micrographs were selected for further
processing based on good CTF fit correlation, average defocus and minimal astigmatism. A
total of 81,074 (Lin28B-nucleosome), 55,202 (Esrrb-nucleosome) and 97,061 (Lin28Bnucleosome with OCT4 D73) particles were extracted from the selected CTF-corrected images
and subjected to 3-5 rounds of the reference-free 2D classification (Scheres, 2012) to discard
bad particles or contamination. At the end of the selection procedure 10,538, 17,705 and
34,721 particles were retained for Lin28B-nucleosomes, Esrrb-nucleosomes and Lin28Bnucleosomes with OCT4 D73, respectively. The images of the 2D classes were prepared in
Fiji image processing program (Schindelin et al., 2012). The 3D initial models were generated
de novo with C2 symmetry enforced from the selected final round 2D particles using a
Stochastic Gradient Descent (SGD) algorithm. Two classes were obtained for Lin28Bnucleosomes (class 1 = 5,027; class 2 = 5,509 particles), Esrrb-nucleosomes (class 1 =
13,484; class 2 = 4,169 particles) as well as Lin28B-nucleosomes with OCT4 D73 (class 1 =
16,061; class 2 = 16,838 particles). A single class was selected for each dataset and served
as the low-resolution model for 3D classification. Here, the particles selected in the final round
of 2D classification were averaged together with C2 symmetry imposed to obtain 3D density
maps. Two 3D maps were obtained for Lin28B-nucleosomes (class 1 = 5,893; class 2 = 4,645
particles), Esrrb-nucleosomes (class 1 = 4,621; class 2 = 13,084 particles) as well as Lin28Bnucleosomes with OCT4 D73 (class 1 = 16,547; class 2 = 18,174 particles). The images of
preliminary negative-stain 3D maps of the nucleosomes were prepared in UCSF-Chimera
visualisation software (Pettersen et al., 2004). In Chimera, a 2.5 Å Widom 601 NCP atomic
model (PDB: 3LZ0; X-ray diffraction) was manually aligned with the NS-EM maps of the
nucleosomes and the fit was optimised to maximize the average map value at the atom
positions.

2.2.6.2 Cryo-electron microscopy
2.2.6.2.1

Nucleosome purification using Mini Prep Cell apparatus and grid preparation
for cryo-EM

Following nucleosome reconstitution, the nucleosomes were purified by continuous nondenaturing 6% PAGE, using a Mini Prep Cell apparatus (Bio-Rad, #702908) in a TCS buffer
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containing 20 mM Tris-HCl (pH 7.5), 1 mM EDTA (pH 8.0), 1 mM DTT. The peak fractions
were analysed on a pre-casted Novex 6% TBE polyacrylamide gel (Thermo Fisher Scientific)
and stained with EtBr to select fractions with minimum of free DNA. The pooled nucleosomecontaining fractions were concentrated using an Amicon Ultra-2mL 30kDa cut-off centrifugal
filter (Merck Millipore) to approx. 414.4 ng/µL as determined by densitometric measurements
of band intensities in Multi-Gauge software ver2.0 (FujiFilm). The resulting nucleosome
sample was immediately prepared for cryo-EM. A holey carbon grids (Quantifoil, R2/2, 200
mesh, gold) were glow discharged for 45 sec (Quorumtech unit) and subsequently 4 µL of the
Lin28B-nucleosome sample was deposited on a carbon film. The grid was blotted with
controlled blotting time (1 sec), blotting force (3), humidity (100%) and temperature (4°C) and
plunged into liquid ethane using Vitrobot Mark IV automated vitrification unit (Thermo Fisher
Scientific). Unbound Lin28B-nucleosomes were imaged using a FEI Tecnai F20 transmission
electron microscope equipped with a field emission gun operating at 200 keV. Images were
recorded at a nominal magnification of 100,000x using an 8k x 8k CMOS camera (TVIPS
F816).

2.2.6.2.2

Nucleosome purification using ÄKTAmicro system and grid preparation for
cryo-EM

After nucleosome reconstitution, the nucleosomes were purified using Superdex 200 Increase
3.2/300 column (GE Healthcare) on an ÄKTAmicro system into a buffer containing 100 mM
NaCl, 10 mM Tris-HCl (pH 8.0), 1 mM EDTA (pH 8.0), 1 mM βME. The peak fractions were
analysed on a pre-casted Novex 6% TBE polyacrylamide gel (Thermo Fisher Scientific) and
stained with EtBr to identify fractions with minimum of free DNA. The nucleosome
concentration was determined by densitometric analysis of band intensities in Multi-Gauge
software ver2.0 (FujiFilm). The selected nucleosome fraction was diluted in buffer containing
10 mM Tris-HCl (pH 8.0) and 1 mM EDTA (pH 8.0) prior to grid freezing. A holey carbon grids
(Quantifoil, R2/2, 300 mesh copper) were glow discharged at 25 mA, for 1 min 30 sec (PELCO
easiGlow Glow Discharge Unit) and subsequently 4 µL of the nucleosome sample (Lin28Bnucleosome 130 ng/µL; Esrrb-nucleosome 100 ng/µL) was deposited on a carbon film. The
grid was blotted with controlled blotting time (Lin28B-nucleosome 3 sec; Esrrb-nucleosome
3.5 sec), blotting force (-1), humidity (100%) and temperature (4°C) and plunged into liquid
ethane using Vitrobot Mark IV automated vitrification unit (Thermo Fisher Scientific).

2.2.6.2.3
The

Data collection

unbound

Lin28B-nucleosome

(333

micrographs)

and

Esrrb-nucleosome

(185

micrographs) were collected using a FEI Tecnai F20 transmission electron microscope
equipped with a field emission gun operating at 200 keV. Images were recorded at a nominal
magnification of 100,000x (pixel size of 1.48 Å) using an 8k x 8k CMOS camera (TVIPS F816),
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with defocus ranging from −1.5 to −4 µm. Details of cryo-EM data collection are summarized
in Table 2-6.

2.2.6.2.4

Data processing

Total of 333 (Lin28B-nucleosome) and 172 (Esrrb-nucleosome) micrographs were imported
into cryoSPARCv2 (Punjani et al., 2017) and the CTF parameters of micrographs were
estimated using Gctf_v1.06 (Zhang, 2016). To exclude micrographs with sub-optimal
characteristics, exposures were visually inspected and manually curated using populationlevel statistics and thresholds. In total, 323 (Lin28B-nucleosome) and 141 (Esrrb-nucleosome)
micrographs were selected for further processing based on good CTF fit resolution, average
defocus and minimal astigmatism. Nucleosome particles were picked manually from multiple
micrographs with a range of defocus and CTF fit values, followed by two rounds of 2D
classification to generate a template for auto-picking. For each dataset, three class averages
showing nucleosomes from different orientations were used as reference to auto-pick
particles. A total of 767,671 (Lin28B-nucleosome) and 360,618 (Esrrb-nucleosome) particles
were auto-picked from micrographs and then inspected to calibrate picks, yielding datasets of
473,700 and 328,295 particles for Lin28B- and Esrrb-nucleosomes, respectively. The
extracted particles were subjected to 3-5 rounds of the reference-free 2D classification to
discard bad particles or contamination. At the end of the selection procedure, 74,905 and
50,738 particles were retained for Lin28B- and Esrrb-nucleosomes, respectively. The images
of final 2D classes were prepared in Fiji image processing program (Schindelin et al., 2012).
A homogenous ab-initio reconstruction with C1 symmetry imposed was performed to
reconstruct one or more low-resolution 3D maps from a set of particles selected in the final
round of 2D classification. Three classes containing 34,131 (class 1, 45.4%), 26,983 (class 2,
35.9%) and 14,109 (class 3, 18.7%) particles were obtained for Lin28B-nucleosomes and two
classes with 21,848 (class 1, 43.1%) and 28,890 (class 2, 56.9%) particles for Esrrbnucleosomes. For each dataset, a single ab-initio map was selected for subsequent
homogenous refinement with C1 symmetry enforced. During this procedure, class 2 ab-initio
models of the Lin28B- and Esrrb-nucleosomes were refined to high resolution and the
resolution values of the refined models were estimated based on the gold-standard Fourier
shell correlation (GSFSC) curve at 0.143 criterion. Local resolution estimations were
performed using BlocRes (Cardone et al., 2013) and the refined maps were coloured by the
values of the local resolution using the Surface Color tool in UCSF-Chimera. All images of
cryo-EM density maps were prepared in UCSF-Chimera. In Chimera, a 2.5 Å Widom 601 NCP
atomic model (PDB: 3LZ0; X-ray diffraction) was manually aligned with the cryo-EM maps of
the nucleosomes and the fit was optimised to maximize the average map value at the atom
positions.
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Table 2-6. NS-EM and cryo-EM data collection and processing.
NS-EM

cryo-EM

EM data collection and
processing

Lin28B-nuc.

Esrrb-nuc.

Lin28B-nuc.
+ OCT4 D73

Lin28B-nuc.

Esrrb-nuc.

Microscope

FEI TF20

FEI TF20

FEI TF20

FEI TF20

FEI TF20

TVIPS
CMOS F816
8x8K

TVIPS
CMOS F816
8x8K

TVIPS
CMOS F816
8x8K

TVIPS CMOS
F816
8x8K

TVIPS CMOS
F816
8x8K

100,000
Field
Emission
Gun (FEG)
2
200
0.02508
60-80
2

100,000
Field
Emission
Gun (FEG)
2
200
0.02508
60-80
2

100,000

100,000

Field Emission
Gun (FEG)

Field Emission
Gun (FEG)

Spherical aberration (mm)
Voltage (keV)
Wavelength of eTotal dose (e-/A2)
Typical exposure time (s)

100,000
Field
Emission
Gun (FEG)
2
200
0.02508
60-80
2

2
200
0.02508
~40
2

2
200
0.02508
~40
2

Defocus range (µm)

−0.5 to −1.5

−0.5 to −1.5

−0.5 to −1.5

−1.5 to −4

−1.5 to −4

Pixel size (Å)
Acquisition software
No. of micrographs
collected
No. of micrographs after
CTF estimation
Particle Picking Software
Processing Software

1.48
EMMENU4

1.48
EMMENU4

1.48
EMMENU4

1.48
EMMENU4

1.48
EMMENU4

246

197

213

333

172

168

176

210

323

141

EMAN2
RELION 3.1

EMAN2
RELION 3.1

EMAN2
RELION 3.1

cryoSPARCv2
cryoSPARCv2

cryoSPARCv2
cryoSPARCv2

Initial particle images (no.)

81,074

55,202

97,061

473,700

328,295

Final particle images (no.)

10,538

17,705

34,721

74,905

50,738

Symmetry imposed

C2

C2

C2

C1

C1

3D classification (no. of
particles per class)

5,893
(class 1)
4,645
(class 2)

4,621
(class 1)
13,084
(class 2)

16,547
(class 1)
18,174
(class 2)

34,131
(class 1)
26,983
(class 2)
14,109
(class 3)

21,848
(class 1)
28,890
(class 2)

-

-

-

17.22

9.58

-

-

-

18

13

Camera
Detector size
Magnification
Electron source

Class 2 map resolution,
masked (Å)
FSC threshold (0.143)
Class 2 map resolution,
unmasked (Å)
FSC threshold (0.143)

48

2.2.6.3 High-resolution cryo-EM
The high-resolution cryo-EM data collection, processing, refinement and model building were
conducted by Dr Philip Robinson and his team at the Institute of Structural and Molecular
Biology, Department of Biological Sciences, Birkbeck, University of London. The statistics of
cryo-EM data collection, processing and refinement are summarized in Table 2-7.

Table 2-7. High-resolution cryo-EM data collection, processing and refinement.

Lin28B-nuc. cryo-EM
EM data collection and processing
Microscope
Titan Krios
Camera
K3 summit
Acquisition software
EPU software package
Magnification
130,000
Voltage (keV)
300
Electron exposure (e- A-2)
37.8
Defocus range (µm)
−1.5 to −3.3
Pixel size (Å)
0.65
Symmetry imposed
no
Initial particle images (no.)
4,013,899
Final particle images (no.)
217,170
Map resolution (Å)
3.5
FSC threshold
0.143
Processing Software
RELION 3.1
Refinement
Initial model used (PDB code)
6IPU
Model resolution (Å)
3.3
FSC threshold
0.143
Map sharpening B factor (Å2)
0
Model composition
Non-hydrogen atoms
11,488
Protein residues
769
Nucleotide
262
Ligands
0
Water
0
mean B factors (Å2)
Protein
32.57
Ligand
83.01
R.m.s. deviations
Bond lengths (Å)
0.006
Bond angles (°)
0.695
Validation
MolProbity score
1.90
Clashscore
11.96
Poor rotamers (%)
0
Ramachandran plot
Favoured (%)
95.62
Allowed (%)
4.38
Disallowed (%)
0
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Chapter 3: In vitro reconstitution of native nucleosomes for
single-particle cryo-electron microscopy
3.1 Introduction
The classical nucleosome core particle consists of ~147 bp of DNA wrapped around a core
histone octamer (Kornberg, 1977; Luger et al., 1997a). Native nucleosomes can be obtained
by chromatin digestion with micrococcal nuclease. Alternatively, nucleosomes can also be
reconstituted in vitro from recombinant histone proteins and variety of sequence specific DNA
templates ranging from 150-250 bp in length. This approach has been extensively used to
study the structural and functional consequences of histone modifications, variants or
mutations on the nucleosome structure and function (Ruthenburg et al., 2011; Jing et al., 2018;
Krajewski et al., 2018; Tessarz and Kouzarides, 2014; Gautier et al., 2004; Arimura et al.,
2013; Long et al., 2019; Kurumizaka and Wolffe, 1997; Agalioti et al., 2002; Muthurajan et al.,
2004; Lehmann et al., 2017). Importantly, the reconstituted nucleosomes are commonly used
in biophysical studies of chromatin providing invaluable insight into its structure and function.
Notably, the first high-resolution (2.8 Å resolution) crystal structure of the nucleosome was
determined using in vitro reconstituted nucleosomes and revealed important molecular details
of the nucleosome core (Luger et al., 1997a). The reconstituted nucleosomes have also been
widely used to study the interactions of nucleosomes with a variety of the chromatinassociated proteins such as histone modifying enzymes and ATP-dependent chromatin
modellers (Lusser and Kadonaga, 2004; Perlmann and Wrange, 1988; Cirillo and Zaret, 1999;
Mardian et al., 1980; Sandeen et al., 1980; Côté et al., 1994; Kwon et al., 1994). These
analyses have been instrumental in revealing nucleosome dynamics, such as nucleosome
sliding and unwrapping (Hamiche et al., 1999; Langst et al., 1999). Additionally, mononucleosomes can help us understand how histone modifying enzymes are recruited and
function in altering the chromatin structure and ultimately in regulating gene expression (Strahl
and Allis, 2000; Zhang and Reinberg, 2001; Berger, 2002; Bannister et al., 2002). More
recently, pioneer TFs have been shown to directly interact with in vitro reconstituted
nucleosome (Soufi et al., 2015). Despite the considerable efforts the structural data on
nucleosomes bound by pioneer TFs are scarce, which limits our understanding of how these
TFs can engage closed chromatin and alter the chromatin landscape. However, all these
previously published studies convincingly demonstrate that the in vitro reconstitution provides
a powerful tool for structural and functional investigation of chromatin. Here, we have exploited
the in vitro nucleosome reconstitution to assess the native nucleosome structure, characterize
OCT4 pioneer factor binding to native nucleosome and evaluate the nucleosomal DNA
dynamics mediated by OCT4 binding.
In the majority of studies of chromatin structure, stability and dynamics, nucleosomes are
reconstituted using strong nucleosome positioning sequences, including the Widom 601, 5S
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rRNA and mouse mammary tumour virus (MMTV) LTR, which allow a precise positioning of
histone octamer (Flaus, 2011). Notably, the most popular 601 sequence has become a de
facto standard for in vitro nucleosome reconstitutions in chromatin research and has been
used extensively in the structural studies. Because of high thermodynamic and structural
stability of 601 DNA wrapping, the nucleosomes can be readily assembled and behave
homogenously. However, this inherent stability of 601 nucleosomes is disadvantageous for
studying nucleosome dynamics. For instance, the high thermal energy necessary to induce
sliding on 601 causes the most of nucleosomes to unfold rather than slide (Flaus, 2011). Thus,
in many studies assessing the nucleosome dynamics, overcoming the strong positioning
sequences could create bias. Overall, these nucleosome positioning sequences are known to
direct histone octamer assembly to strongly biased locations, but despite this, they have been
extensively used in many structural and biochemical studies. The reliance on artificial DNA
sequences raises concerns about structural relevance to the nucleosomes of native chromatin
in vivo. What has been lacking is the structural analyses of the nucleosomes assembled with
natural sequences. Therefore, in this study we focused on native DNA sequences inherently
present in the human fibroblast genome. To allow structural characterisation of native
nucleosomes before and after binding by OCT4 and to study the OCT4-nucleosome
interaction, we selected two nucleosome-enriched sites shown to be efficiently targeted by
OCT4 during reprogramming (Soufi et al., 2012). The DNA sequences were identified by
integrating ChIP-seq and MNase-seq datasets, together revealing OCT4-bound sites that are
enriched for nucleosomes. These two sites are located in the enhancer regions of the LIN28B
and ESRRB (Oestrogen Related Receptor Beta) genes and targeted by OCT4 in early
reprogramming when these genes are still silent (Soufi et al., 2015; Huertas et al., 2020a).
Firstly, we focused on Lin28B, an RNA-binding protein known to play critical roles in
reprogramming, pluripotency and stem cell metabolism (Shyh-Chang et al., 2013; Zhang et
al., 2016; Yu et al., 2007; Hanna et al., 2009; Tsialikas and Romer-Seibert, 2015). The region
located downstream of Lin28B poly(A) site was selected since it is highly packed with
nucleosomes in pre-induced fibroblasts as determined by MNase-seq (Kelly et al., 2012) and
targeted by OSKM factors at 48 hr post-induction as shown by ChIP-seq analysis (Figure 3-1A)
(Soufi et al., 2012; Soufi et al., 2015). In earlier studies, a 162 bp sequence from Lin28B locus
was successfully assembled into nucleosome in vitro, allowing analysis of the direct
interactions between OSKM and nucleosomes (Soufi et al., 2015). The OSKM binding affinity
and positioning on both Lin28B-DNA and Lin28B-nucleosome were well characterized by
EMSA and footprinting (Soufi et al., 2015). Strikingly, the reconstituted nucleosomes were
targeted by Oct4, Sox2, and Klf4, but not c-Myc (Soufi et al., 2015). Secondly, we selected a
163 bp sequence from enhancer of ESRRB gene, where Esrrb is TF that have pivotal roles in
regulating cellular pluripotency (Adachi et al., 2018). Similar to Lin28B site, this region is highly
packed with nucleosomes in pre-induced fibroblasts as measured by MNase-seq (Kelly et al.,
2012), but ChIP-seq analysis has shown that it is targeted only by OCT4 at 48 hr post-induction
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(Figure 3-1B) (Soufi et al., 2012; Soufi et al., 2015). Thus, in contrast to the Lin28B sequence
which have multiple TF binding sites, two of which are targeted by OCT4, one interacting with
POUS while other with POUHD, Esrrb sequence has only single OCT4 POUS binding site (Soufi
et al., 2012). Here, we aimed to assemble both 162 bp Lin28B and 163 bp Esrrb sequence
into nucleosomes to determine the structure of these native nucleosomes and to analyse their
direct interaction with OCT4.

Figure 3-1. Nucleosome-enriched sites in the fibroblast genome targeted by OCT4. The Lin28B (A)
and Esrrb (B) sequences identified by overlapping two datasets, the ChIP-seq determined OCT4-bound
sites with MNase nucleosome mapping (Soufi et al., 2015). Both regions were highly packed with
nucleosomes in pre-induced fibroblasts as determined by MNase-seq and targeted by Oct4 factor at 48
hr post-induction as shown by ChIP-seq analysis. The Lin28B locus (A) was also targeted by Sox2, Klf4
and c-Myc. The 162 bp Lin28B (A) and 163 bp Esrrb (B) sites outlined in red were selected for in vitro
nucleosome reconstitution.

In this study, the recombinant core human histones and native nucleosomes were prepared
using well-established protocol (Luger et al., 1999). Nucleosomes were originally reconstituted
using recombinant Xenopus laevis histones, but later the protocol has been adapted using a
variety of species, such as budding yeast (Camahort et al., 2009) and humans (Tachiwana et
al., 2011). This relatively simple experimental system is using few well-defined, purified
reagents, namely histones devoid of post-translational modifications and native DNA.
Although, there are two main variations of this well-known nucleosome reconstitution protocol,
which both have been tested, one using histone dimers and tetramers while other using
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histone octamers (Luger et al., 1999; Dyer et al., 2004). Both strategies rely on a salt-gradient
dialysis for successful assembly of nucleosomes, which confers several advantages over other
reconstitution methods. The main benefit of this approach is that the reconstituted
nucleosomes are devoid of histone chaperones or other large molecules that could have a
negative impact on subsequent applications (Mazurkiewicz et al., 2006; Wang et al., 2018;
Ray-Gallet et al., 2002; Laskey et al., 1978; Verreault, 2000; Adams and Kamakaka, 1999;
Tyler, 2002; Ito et al., 1997). For instance, they could remain in subsequent binding reactions
and compete for TF binding. Moreover, the resulting nucleosomes can be easily separated
from free histones and naked DNA by gel filtration or sucrose gradient sedimentation.
Furthermore, nucleosomes assembled by salt-gradient dialysis have been extensively
characterised. However, the main limitation of this method is that in the absence of the
chaperones, the success of nucleosome assembly depends on the accurate molar ratio of
histone to DNA. Any change in the given ratio will significantly reduce yields. If the ratio is too
low, the non-native nucleosomal species will be formed due to incomplete nucleosome
reconstitution, but if the ratio is too high, an excess of histones will lead to aggregation and
precipitation of assembled nucleosomes (Lusser and Kadonaga, 2004). Nevertheless, the
efficiency of nucleosome assembly is not defined solely by the correct histone/DNA ratio, it
also depends on the DNA sequence itself, since well positioning sequences may assemble
more efficiently than others. In addition, the DNA sequence can also influence the positioning,
structure, stability and local conformational dynamics of the nucleosomes (Flaus, 2011;
Widom, 2001; Chua et al., 2012; Toth et al., 2013; Ngo et al., 2015). Yet, the DNA sequence
alone is not the only determinant of the structural and dynamic properties of nucleosomes.
Besides DNA sequence, the core histones also play an important role in nucleosome structure
and dynamics as many histone variants exist and both histone globular and tail domains can
be modified (Lawrence et al., 2016; Marino-Ramirez et al., 2005; Henikoff and Smith, 2015).
Notably, each histone comprises intrinsically disordered tail domain projecting from the
nucleosome core (Ruthenburg et al., 2007; Potoyan and Papoian, 2011). These histone tails
exhibit a high degree of conformational flexibility which limits the attainable structure
resolution, especially in X-ray crystallography (Luger et al., 1997a; Davey et al., 2002; Hansen
et al., 2006). Indeed, in many crystal structures of nucleosomes, these tails are partially or not
at all resolved which limits our understanding of their conformations, dynamics and role in
chromatin regulation (Luger et al., 1997a; Davey et al., 2002; Hansen et al., 2006; Baneres et
al., 1997; Ikebe et al., 2016; Li and Kono, 2016; Shaytan et al., 2016). Previous studies
indicated that N-terminal histone tails are not essential for nucleosomal structural integrity
since selective cleavage of these tails with trypsin does not affect nucleosome stability
(Whitlock and Simpson, 1977; Ausio et al., 1989). Thus, most early structural studies used
nucleosomes containing tailless histones (Iwasaki et al., 2013; Luger et al., 1997a; Guyon et
al., 1999). However, N-terminal tail domains of core histones serve as primary sites of posttranslational modifications such as acetylation and phosphorylation through which they can
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impact all DNA-dependent processes including nucleosome dynamics and chromatin
compaction (Luger and Richmond, 1998; Polach et al., 2000; Arya and Schlick, 2006;
Ruthenburg et al., 2007; Morales and Richard-Foy, 2000; Zhang and Reinberg, 2001;
Shogren-Knaak et al., 2006; Akhtar and Becker, 2000; Lu et al., 2008; Lawrence et al., 2016).
Furthermore, they function as target sites for recruitment of TFs and other transacting proteins
(Strahl and Allis, 2000; Cheung et al., 2000; Jenuwein and Allis, 2001; Rice and Allis, 2001;
Tanaka et al., 2004; VetteseDadey et al., 1996; Clements et al., 2003). Therefore, histone tails
play a crucial role in nucleosome dynamics and thus in the regulation of gene transcription
and expression (Berger, 2007; Musselman et al., 2012; Erler et al., 2014; Morales and
Richard-Foy, 2000; Zhang and Reinberg, 2001). Consequently, to assess the contribution of
histone tails to native nucleosome structure and determine their role in OCT4 binding to
nucleosomes, we aimed to study both intact and tailless nucleosomes.
Importantly, the structural EM studies and DNA binding assays have a unique nucleosome
sample requirement. Previously, nucleosomes have been successfully reconstituted in vitro to
assess the binding activities of OSKM factors using EMSA (Soufi et al., 2015). In this
technique, nucleosomes are commonly reconstituted onto DNA end-labelled with a fluorescent
tag such as Cy5. Unlike EtBr staining, the fluorescent tag is not shielded by histone octamer,
allowing more reliable detection, even at very low concentrations, and more accurate
quantification of nucleosomes. Thus, microscale (1 µg) or small-scale (25–100 µg)
nucleosome reconstitution is sufficient for binding studies (Dyer et al., 2004). However, the
nucleosome preparation for single-particle cryo-EM is much more complex since the resulting
sample needs to meet several criteria, including size, concentration, structural homogeneity,
purity and buffer composition. Firstly, cryo-EM can be applied to any protein above ~100 kDa
to obtain a high-resolution structure and as the technique evolves these size limits continues
to decrease allowing the structure determination of sub-100 kDa complexes (Lyumkis, 2019;
Herzik et al., 2019). Nucleosome core particle is ~200 kDa in size and previous studies have
shown that it is feasible to solve the structure of nucleosome alone or in complex with other
factors using cryo-EM. Secondly, cryo-EM needs approximately one order of magnitude higher
nucleosome concentration than NS-EM. More precisely, the nucleosome concentration
required for NS-EM is only about 4–10 ng/µL, while for single-particle cryo-EM, the
concentration of the sample applied onto the grid needs to be between 100-130 ng/µL. Thirdly,
pure, structurally homogenous and stable nucleosomes must be obtained, exhibiting a single,
strong and well-defined nucleosomal band on PAGE gel. Lastly, the buffer composition can
negatively impact the outcome of EM studies as it can introduce buffer-related artifacts. For
instance, it can affect the quality of negative staining in NS-EM and take a significant toll on
contrast and integrity of complexes in cryo-EM. Thus, buffers containing phosphates, high salt
concentrations, reducing agents, detergents, sucrose, glycerol, and high concentrations of
nucleotides should be avoided (Scarff et al., 2018).
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In this chapter, we aimed to reconstitute Lin28B- and Esrrb-nucleosomes by salt-gradient
dialysis while fulfilling the requirements of structural EM studies or DNA binding assays. Here,
we discussed all steps carried out to ensure successful nucleosome assembly, starting from
the preparation of essential components, namely histones and DNA, and examined two wellknown nucleosome reconstitution strategies, one using histone dimers and tetramers while
other using histone octamers. Ultimately, the efficiency, yield, homogeneity, stability and purity
of individual nucleosome reconstitutions were evaluated to determine which approach is the
most compatible with structural studies. Additionally, we tested whether Lin28B-DNA
produced by ramified rolling circle amplification (rRCA) method, which is an alternative
approach to the traditionally used PCR amplification or bacterial overexpression, can be
assembled into nucleosomes (van Emmerik et al., 2020). Lastly, we attempted to prepare
tailless variants of histone octamer and assemble them into Lin28B-nucleosomes that would
meet the standards of DNA binding assays.
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3.2 Results
The main purpose of this chapter is to generate native Lin28B- and Esrrb-nucleosomes for
cryo-EM. Here, we tested and compared two well-known in vitro nucleosome reconstitution
strategies, one using histone dimers and tetramers while the other histone octamers, to
establish which one of these is best suited for structural EM studies. The overview of both
strategies adopted in this study, including the preparation of histone complexes, is
schematically depicted in Figure 3-2.

Figure 3-2. Two strategies for the in vitro reconstitution of nucleosomes. Simplified diagram
summarizing the main steps of the recombinant core human histones preparation, histone complexes
refolding and nucleosome reconstitution using either histone dimers and tetramers (green) or histone
octamers (blue). Briefly, core human histones H2A, H2B, H3 and H4 were expressed, purified and then
refolded into either dimers and tetramers (green) or octamers (blue). Subsequently, the PCR purified
DNA was mixed with refolded histone complexes and assembled into nucleosomes by salt-gradient
dialysis.
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3.2.1 Nucleosome reconstitution using histone dimers and tetramers
was successful at meeting the standards of both the structural EM
studies and DNA binding assays
3.2.1.1 Overexpression and one-step purification of recombinant human
histones
Both nucleosome reconstitution strategies outlined in Figure 3-2, depend on the availability of
sufficient quantities of pure core histones. The main steps of the core histones preparation are
summarised in Figure 3-2. Firstly, all four human core histones H2A, H2B, H3 and H4 fused
to an N-terminal histidine tag (His6-tag) were expressed recombinantly in E. coli strain
engineered to enhance the expression of eukaryotic proteins. The human histone H2A, H2B
and H3 were expressed more efficiently than H4, which was consistently expressed at lower
quantities (Figure 3-3A). The low H4 levels may be due to the formation of mRNA secondary
structures or H4 protein degradation by a protease that hydrolyses the hydrophobic C-terminus
of proteins and peptides (Luger et al., 1997b; Tanaka et al., 2004). All histones were expressed
almost exclusively in the insoluble form as inclusion bodies. Instead of using the conventional
purification method, which involved time-consuming isolation of the inclusion bodies (Luger et
al., 1999), the whole cell extracts were directly subjected to one-step immobilized metal affinity
chromatography (IMAC) under strongly denaturing conditions (Kurumizaka and Wolffe, 1997).
Each histone eluted as a single asymmetric peak with the tailing shoulder, except for H4 that
also contained a leading shoulder (Figure A-1, Appendix A). SDS-PAGE analysis revealed
that both the main peaks and their shoulders contained the histones and included minor low
as well as high molecular weight contaminants, revealing that these persistent contaminants
are resolved from histones at this stage (Figure A-1, Appendix A). The purity and molecular
weights of the His6-tagged histones eluted from the IMAC resin were verified by SDS-PAGE
(Figure 3-3B). The purified histones migrated at a slightly higher molecular mass than
predicted based on their amino acid sequences (Table 2-4, Materials section 2.1.4),
presumably due to their reduced overall-negative charge owing to the large number of basic
amino acids in histones (Walker, 2009). There were minor impurities in the purified H2A and
H2B samples indicated by faint nonspecific bands around 25 kDa, but their low concentrations
relative to the histones rendered them negligible (Figure 3-3B). Overall, the purity of the His6tagged histones was 87% (H2A), 85% (H2B), 94% (H3) and 92% (H4), as estimated by
densitometric analysis. Thus, the majority of contaminating bacterial proteins was efficiently
removed by IMAC. Since histone H3 is the most susceptible to proteolytic degradation, the
quality of the purified histones can be often judged by inspecting the H3 band (Lusser and
Kadonaga, 2004). When H3 is subjected to proteolysis, the full-length band starts to disappear
and instead a lower molecular weight band of degraded H3 becomes visible between H2A and
H4. The proteolyzed H3 band was not observed, suggesting that high-quality purified histones
were obtained (Figure 3-3B).
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The concentration of each purified histone was determined by the BCA assay, showing that
the highest levels were achieved for H2A (1.37 mg/mL) and H3 (1.39 mg/mL), while as
expected the lowest concentration was for H4 (0.68 mg/mL) (Figure 3-3C). Typical yields for
H2A, H2B and H3 ranged from 30 to 42 mg per L cell culture, while yields for H4 were two to
three times lower. These expression levels are in agreement with previously achieved yields
of the recombinant human histones in E. coli (Tanaka et al., 2004). In conclusion, with this
strategy we were able to generate the histones that are more than 84% pure and show no sign
of degradation.

Figure 3-3. Expression and purification of recombinant human histones. (A) Expression of Nterminal His6-tagged histones H2A, H2B, H3 and H4 in E. coli. The crude extracts from E. coli cells before
(U) and after (I) the induction of histone expression were analysed by SDS-PAGE. (B) The His6-tagged
histones purified by anion exchange chromatography. Ni-affinity purification removed most bacterial
contaminations. The respective histones bands migrate at the expected sizes when compared to the
sizes of the protein standards (M). (C) Quantification of histones using BCA Protein Assay. The samples
were diluted 1:2 and concentrations were extrapolated from the BSA standard curve (orange line). The
final concentration of H2A, H2B, H3 and H4 was approximately 1.37, 0.99, 1.39 and 0.68 mg/mL,
respectively. The yield of purified histones was ~30.8 (H2A), 29.6 (H2B), 41.7 (H3) and 15.5 (H4) mg per
L cell culture. The results presented in this panel are representative of multiple experimental
preparations.
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3.2.1.2 Successful refolding of the H2A/B dimer and H3/4 tetramer
Starting with the histone dimer-tetramer strategy, we first aimed to assemble the purified
histones into dimers and tetramers and prepare these histone complexes for nucleosome
reconstitution. The His6-tagged H2A and H2B or H3 and H4 were combined at stoichiometric
ratios under unfolding conditions and refolded into H2A/B dimers or H3/4 tetramers by the
stepwise salt-urea dialysis (Materials and Methods). Assessing band intensity by SDS-PAGE
confirmed successful reconstitution and correct stoichiometry of the histone complexes
(Figure 3-4A; lane 2 (H2A/B) and 6 (H3/4)). Previous studies have shown that the N-terminally
tagged H3 and H4 histones assembled into nucleosomes both in vitro and in vivo with similar
efficiency as their untagged versions, suggesting that the N-terminal His6-tags do not interfere
with nucleosome reconstitution (Freeman et al., 1996; Kurumizaka and Wolffe, 1997).
However, to avoid any potential interference of the N-terminal His6-tags with OCT4 binding to
nucleosomes, the tags were cleaved from the refolded H2A/B dimers and H3/4 tetramers.
Successful removal of His6-tags was validated by SDS-PAGE, showing that untagged histones
with lower molecular masses migrating faster than the His6-tagged counterparts (Figure 3-4A,
lane 3 (H2A/B) and 7 (H3/4)). Subsequently, cleaved H2A/B dimers and H3/4 tetramers were
concentrated and purified by gel filtration chromatography which successfully removed the
contaminants and soluble aggregates (Figure 3-4A; lane 4 & 5 (H2A/B) and 8 & 9 (H3/4);
Figure A-2, Appendix A). The histone complexes eluted at expected elution volumes with
respect to their molecular weights (Figure A-2, Appendix A). To reach concentrations
compatible with nucleosome reconstitution, fractions containing pure histone dimers and
tetramers with correct stoichiometry were concentrated (Figure 3-4B). The migration profile on
SDS-PAGE confirmed that the concentrated samples retained the correct stoichiometry of
H2A/B dimers and H3/4 tetramers equivalent to previous studies (Figure 3-4B) (Tanaka et al.,
2004). The final concentration of H2A/B dimers and H3/4 tetramers was determined to be ~2.5
and 2.6 mg/mL, respectively (Figure 3-4C). These results suggest that the histones were
correctly folded and stabilised into dimers and tetramers, showing no sign of contamination or
degradation and therefore appropriate for nucleosome reconstitution.
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Figure 3-4. Preparation of histone H2A/B dimers and H3/4 tetramers for nucleosome
reconstitution. (A) The H2A/B dimers and H3/4 tetramers were refolded (His6-tag), stripped off the His6tags (Untag), concentrated (Conc.) and purified by gel filtration chromatography
(Purif.). (B) Concentrated dimers and tetramers after purification. The respective histones bands migrate
at the expected sizes when compared to the sizes of the protein standards (M). (C) The concentration of
dimers (black circle) and tetramers (red circle) was determined using the BCA Protein Assay. The
samples were diluted 1:5 and concentrations were extrapolated from the BSA standard curve (orange
line). The final concentration of H2A/B dimers and H3/4 tetramers was approximately 2.5 and 2.6 mg/mL,
respectively.

3.2.1.3 Nucleosome reconstitution using histone dimers and tetramers meets
the standards for DNA binding assays
For the initial small-scale trial, nucleosomes were reconstituted using histone dimers,
tetramers, and Cy5-labelled Lin28B-DNA (Figure 3-5A). The histone dimers and tetramers
were successfully prepared as described above (Figure 3-5B). The 162 bp Lin28B-DNA
fragments, were Cy5-labelled by PCR and purified from the plasmid template and other
contaminants by gel extraction. However, for EM studies, it is essential to remove any agarose
beads that remain after gel extraction in the DNA sample as they would be visible during
imaging. Thus, gel extracted DNA fragments were further purified by anion-exchange
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chromatography (AEC) (Figure A-3, Appendix A) and visualised by Cy5-fluorescence (Figure
3-5C).
To achieve optimal histone/DNA ratio, immediately prior to nucleosome reconstitution, the
concentration of histone complexes was measured by BCA protein assay and verified by SDSPAGE, while DNA concentration was estimated using a UV spectrophotometry and confirmed
by agarose gel electrophoresis. The purified human H2A/B dimers (6 µg) and H3/4 tetramers
(6 µg) were mixed with Cy5-Lin28B-DNA (10 µg) and nucleosomes were assembled using a
salt-urea gradient dialysis (Materials and Methods). Analysis of completed reconstitution on
native PAGE gel revealed that Cy5-Lin28B-DNA was successfully incorporated into
nucleosomes as a clear band shift was observed (Figure 3-5D). A pronounced discrete
nucleosome band was shown by both EtBr staining and Cy5 fluorescence, and only a faint
band of higher-order aggregates was detected by Cy5 fluorescence, indicating a relatively
homogeneous nucleosome population. Importantly, the Cy5-Lin28B-nucleosomes exhibited
similar migration profiles to previously reconstituted Lin28B-nucleosomes (Soufi et al., 2015),
strongly suggesting that bona fide Lin28B-nucleosomes were successfully assembled. Since
DNA staining by EtBr is significantly affected by histone octamer, quantifying the Cy5
fluorescence intensity provides a more accurate estimate of nucleosome yield than quantifying
the intensity of EtBr staining. Thus, the concentration of nucleosomes as determined by
densitometric analysis of Cy5 fluorescence was ~4.3 ng/µL, suggesting that the efficiency of
nucleosome assembly was only ~22% (Figure 3-5E). As Cy5-labelling is not required for EM,
nucleosomes reconstitution was also examined using unlabelled DNA following the same
method above (Figure 3-6). Since DNA is unlabelled, nucleosome yield can only be estimated
by quantifying the intensity of EtBr staining. Based on solved nucleosome structures half of
the DNA is surface exposed and hence available for EtBr staining. We therefore assumed that
nucleosomal DNA has approximately a 2-fold lower signal intensity compared to free DNA.
Accordingly, the concentration of unlabelled nucleosomes was ~9.3 ng/µL as determined by
densitometric analysis of EtBr staining (Figure 3-6E). The resulting efficiency of nucleosome
assembly was ~30%, which is slightly higher than that observed with Cy5-labelled DNA.
Nonetheless, this is still lower than what is required for cryo-EM studies.
In conclusion, nucleosome reconstitution using histone dimers and tetramers was successful
at assembling homogeneous nucleosomes, at a scale suitable for DNA binding assays but not
for EM studies.
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Figure 3-5. Small-scale Cy5-Lin28B-nucleosome reconstitution with histone dimers and
tetramers. (A) Diagram illustrating the Cy5-Lin28B-nucleosome reconstitution using histone dimers and
tetramers. (B) SDS-PAGE of the H2A/B dimers and H3/4 tetramers purified by gel filtration. (C) Purified
Cy5-Lin28B-DNA fragments were visualised on a native 8% PAGE by EtBr staining and Cy5fluorescence. (D) Free Cy5-Lin28B-DNA (white arrowhead) was successfully assembled into Cy5Lin28B-nucleosomes (black arrowhead) and visualised on a native 4% PAGE by EtBr staining and Cy5fluorescence. (E) The concentration of Cy5-Lin28B-nucleosomes (black circle) was estimated by
densitometry measurements of the nucleosomal DNA bands Cy5 intensities, using free Cy5-Lin28B-DNA
as the standard (green cross). The nucleosome sample was diluted 1:10 and concentration was
extrapolated from the free DNA standard curve (orange line). The final concentration of Cy5-Lin28Bnucleosome was approx. 4.3 ng/µL. The results presented in this panel are representative of multiple
experimental preparations.
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Figure 3-6. Small-scale Lin28B-nucleosome reconstitution with histone dimers and tetramers. (A)
Diagram illustrating the unlabelled Lin28B-nucleosome reconstitution using histone dimers and
tetramers. (B) SDS-PAGE of the H2A/B dimers and H3/4 tetramers purified by gel filtration. (C) Purified
Lin28B-DNA fragments were visualised on a 1% agarose gel by EtBr staining. (D) Free Lin28B-DNA
(white arrowhead) was successfully assembled into Lin28B-nucleosomes (black arrowhead) and
visualised on a 6% TBE gel by EtBr staining. (E) The concentration of Lin28B-nucleosomes (black circle)
was estimated by densitometry measurements of the nucleosomal DNA bands intensities, using free
Lin28B-DNA as the standard (green cross). The nucleosome sample was diluted 1:10 and concentration
was extrapolated from the free DNA standard curve (orange line). The final concentration of Lin28Bnucleosome was approx. 9.3 ng/µL. The results presented in this panel are representative of multiple
experimental preparations.
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3.2.1.4 Large-scale nucleosome reconstitution using histone dimers and
tetramers was successful at meeting the standards for structural EM
studies
To increase the yield of nucleosome reconstitution and meet the criteria of cryo-EM, two largescale nucleosome reconstitution strategies using histone dimers and tetramers have been
tested. First, nucleosome reconstitution was attempted with 10-fold more concentrated input
DNA and histones samples. Here, to obtain highly concentrated nucleosome sample, the
purified concentrated human H2A/B dimers (60 µg) and H3/4 tetramers (60 µg) were mixed
with Lin28B-DNA (100 µg) and nucleosomes were assembled using already described salturea gradient dialysis (Figure 3-7A). The Cy5-Lin28B-nucleosomes were reconstituted in
parallel using previously established small-scale protocol. Analysis on the native PAGE gel
showed that the nucleosomes were reconstituted at a significantly lower concentration than
expected based on amounts of input DNA and histone complexes. Indeed, large-scale Lin28Bnucleosome reconstitution yielded a nucleosome concentration (2.2 ng/µL) comparable to that
achieved by small-scale Cy5-Lin28B-nucleosome reconstitution (3.3 ng/µL), as determined by
densitometric analysis of EtBr staining (Figure 3-7C). The resulting efficiency of large-scale
nucleosome assembly was only ~1.1%, which is considerably lower than that of small-scale
Cy5-Lin28B-nucleosome reconstitution (17%) performed in parallel. Furthermore, two faint
nucleosomal bands were visible, indicating that a heterogeneous nucleosome population with
respect to the DNA position on the histone octamer was present (Figure 3-7B). In contrast, a
single discrete nucleosomal band, suggesting a homogeneous nucleosome population, was
obtained for standard small-scale nucleosome reconstitution with Cy5-Lin28B-DNA (Figure
3-7B). Overall, this strategy failed to achieve a sufficiently concentrated and homogenous
nucleosome sample for cryo-EM.
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Figure 3-7. First strategy for large-scale Lin28B-nucleosome reconstitution with histone dimers
and tetramers. (A) Diagram of the first strategy for obtaining highly concentrated nucleosome sample
for cryo-EM. (B) Unlabelled Lin28B-nucleosomes were reconstituted with 10-fold more concentrated
DNA and histones samples using previously established protocol. Cy5-Lin28B nucleosomes were
assembled in parallel on a small-scale as described earlier. The nucleosomes were visualised on a 4%
PAGE by EtBr staining. (C) The concentration of unlabelled (black circle) and Cy5-labelled (red circle)
Lin28B-nucleosomes was estimated by densitometry measurements of the nucleosomal DNA bands
intensities, using free Lin28B-DNA as the standard (green cross). The nucleosome samples were diluted
1:10 and concentration was extrapolated from the free DNA standard curve (orange line). The
concentration of unlabelled and Cy5-labelled Lin28B-nucleosomes was approx. 2.2 and 3.3 ng/µL,
respectively.

Therefore, a second strategy by pooling and concentrating 10 individual small-scale
nucleosome reconstitutions was tested (Figure 3-8). It is noteworthy that a pronounced free
DNA band in each reconstitution was observed, indicating incomplete incorporation of DNA
into the nucleosomes (Figure 3-8B). This could be potentially due to excess of DNA in the
initial reconstitution mixture. Analysis of nucleosomes before and after concentration, showed
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that nucleosomes were successfully concentrated, resulting in a highly concentrated and
relatively pure nucleosome sample (Figure 3-8C). A strong single nucleosomal band was
visible on the gel, indicating a homogenous nucleosome population. However, faint lower and
upper molecular weight bands were detected, suggesting minor contamination with free DNA
and higher-order nucleosome assemblies, respectively. Interestingly, the amount of free DNA
in the concentrated nucleosome sample was lower than expected, possibly due to removal of
DNA by membrane filtration during concentration with centrifugal filter device (Figure 3-8C).
The concentration of Lin28B-nucleosomes after concentration (185.2 ng/µL) was 26-fold
higher than before concentration (7.1 ng/µL), as determined by densitometric analysis (Figure
3-8D).
With this strategy, we were able to successfully generate 84-fold more concentrated Lin28Bnucleosome sample (185.2 ng/µL) compared to the first large-scale nucleosome reconstitution
strategy (2.2 ng/µL) and 20-fold more concentrated than the initial small-scale nucleosome
reconstitution (9.3 ng/µL). Furthermore, the relative concentration of contaminants was
considered too low to be of concern. Overall, this nucleosome sample was deemed suitable
for single-particle cryo-EM.

Figure 3-8. Second strategy for large-scale Lin28B-nucleosome reconstitution with histone
dimers and tetramers. (A) Diagram of the second strategy for obtaining a highly concentrated
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nucleosome sample for cryo-EM. (B) Representative image of 10 individually performed small-scale
unlabelled Lin28B-nucleosome reconstitutions following heat-shift. Free Lin28B-DNA (white arrowhead)
was successfully assembled into Lin28B-nucleosomes (black arrowhead) and visualised on a 6% TBE
gel by EtBr staining. (C) Successful concentration of reconstituted nucleosomes for cryo-EM. The
nucleosomes before (Pool) and after (Conc.) concentration were visualised on a 6% TBE gel by EtBr
staining. Black arrowhead marks nucleosomes and white arrowhead marks free DNA. (D) The
concentration of Lin28B-nucleosomes before (black circle) and after (red circle) concentration was
estimated by densitometric analysis of the nucleosomal DNA bands intensities, using free Lin28B-DNA
as the standard (green cross). The nucleosome samples were diluted 1:50 and concentration was
extrapolated from the free DNA standard curve (orange line). The concentration of Lin28B-nucleosomes
before and after concentration was approx. 7.1 and 185.2 ng/µL, respectively.

3.2.2 Nucleosomes reconstituted using histone octamers meet the
standards of EM structural studies
3.2.2.1 The assembly of histone octamers prior to nucleosome reconstitution
To find more efficient and reliable as well as less time-consuming and labour-intensive strategy
that would not require multiple nucleosome reconstitutions and would bypass the extensive
concentration step, nucleosomes were reconstituted using histone octamers. The main steps
of this strategy, including the histone octamer refolding, are summarised in Figure 3-2.
Prior to nucleosome reconstitution, it is first necessary to successfully refold the purified
histones into octamers. Here, to prevent the assembly of free H3/4 tetramers or histone
hexamers, which given the small size differences are more difficult to separate from the
octamers by gel filtration chromatography than H2A/B dimers, the His6-tagged histones were
mixed with 20% excess of H2A and H2B over H3 and H4 under denaturing conditions (Klinker
et al., 2014). Subsequently, the histones were successfully refolded into octamers by dialysis
against high salt buffer (Figure 3-9A). Once refolded, the N-terminal His6-tags were cleaved
from the histone octamers and SDS-PAGE confirmed successful removal of His6-tags since
untagged histones migrated faster than the His6-tagged histones (Figure 3-9A). To remove
any contaminants or soluble aggregates, the untagged octamers were then purified on a gel
filtration column. Typically, the histone octamer eluted with two peaks, a major peak containing
octamers and a minor tailing shoulder peak consisting of H2A/B dimers (Figure 3-9B). The
fractions containing pure octamers with the correct stoichiometry were concentrated and the
resulting sample was verified by SDS-PAGE (Figure 3-9C). The concentration of histone
octamer was determined to be ~5.8 mg/mL (Figure 3-9D). These results suggest that the
histones were correctly folded and stabilised into octamers with no sign of contamination or
degradation, which should be compatible with nucleosome reconstitution.
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Figure 3-9. Preparation of histone octamers for nucleosome reconstitution. (A) The histone
octamers were successfully refolded (His6-tag) and stripped off the His6-tags (Untag). The respective
histones bands migrate at the expected sizes when compared to the sizes of the protein standards (M).
(B) Gel filtration elution profile of octamers and contaminating H2A/B dimers. The purification was
monitored by SDS-PAGE. The fractions highlighted in green were pooled and concentrated. (C) The
concentrated octamer after size exclusion chromatography. (D) Quantification of histone octamer using
BCA Protein Assay. The histone octamer (black circle) was diluted 1:2 and its concentration was
extrapolated from the BSA standard curve (orange line). The final octamer concentration was approx.
5.8 mg/mL. The results presented in this panel are representative of multiple experimental preparations.

3.2.2.2 Nucleosomes reconstituted using histone octamers were 3-fold more
concentrated than nucleosomes obtained with dimers and tetramers
To determine the viability, efficiency and benefits or drawbacks associated with the large-scale
nucleosome reconstitution using histone octamers, nucleosomes were reconstituted using
human histone octamers and unlabelled Lin28B-DNA (Figure 3-10A-C). Examination of the
resulting nucleosomes showed a clear band shift and almost complete incorporation of DNA
into the nucleosomes, confirming successful and efficient nucleosome assembly (Figure
3-10D). Here, a single pronounced nucleosomal band was visible, indicating a homogeneous
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nucleosome population. A faint lower molecular weight band was also detected, suggesting
minor amounts of unincorporated DNA. The final nucleosome concentration was ~538.2 ng/µL
as determined by densitometric analysis of EtBr staining (Figure 3-10E). The efficiency of
nucleosome assembly was ~82% as estimated by quantifying the ratio of the nucleosomal
DNA to total DNA added in given reconstitution. Thus, the nucleosome reconstitution using
histone octamers appeared to be more efficient than the strategy employing histone dimers
and tetramers.
While circumventing the need for several nucleosome preparations and extensive
concentration, this strategy allowed us to obtain a 3-fold more concentrated nucleosome
sample compared to the large-scale nucleosome reconstitution using histone dimers and
tetramers (185 ng/µL). Additionally, the efficiency of the nucleosome assembly was
significantly higher (2.7-fold) and the relative concentration of contaminants was lower than
with histone dimers and tetramers. Overall, this approach yielded nucleosomes that are of
sufficient concentration and homogeneity for single-particle cryo-EM. Thus, nucleosome
reconstitution using histone octamers appeared to be better suited for structural EM studies
than histone dimers and tetramers. These conclusions were based on multiple experimental
preparations.
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Figure 3-10. Large-scale Lin28B-nucleosome reconstitution with histone octamers. (A) Diagram
illustrating the Lin28B-nucleosome reconstitution using histone octamers. (B) SDS-PAGE of the histone
octamer purified by gel filtration. (C) Purified Lin28B-DNA visualised on a 1% agarose gel by EtBr
staining. (D) Free Lin28B-DNA (white arrowhead) was successfully assembled into Lin28B-nucleosomes
(black arrowhead) and visualised on a 6% TBE gel by EtBr staining. (E) The concentration of Lin28Bnucleosomes was estimated by densitometric analysis of the nucleosomal DNA bands intensities, using
free Lin28B-DNA as the standard (green cross). The nucleosome sample was diluted 1:70 and
concentration was extrapolated from the free DNA standard curve (orange line). The final concentration
of Lin28B-nucleosomes was approx. 538.2 ng/µL. The results presented in this panel are representative
of multiple experimental preparations.
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3.2.3 Ramified rolling circle amplification can be used to generate large
amounts of Lin28B-DNA for nucleosome reconstitution
Since structural studies demand a high concentration of nucleosomes, efficient methods are
required for generating large amounts of desired DNA capable of assembling into
nucleosomes. Traditionally, large quantities of DNA can be obtained by amplifying plasmid
containing multiple copies of a chosen sequence in bacteria or by PCR amplification of plasmid
with a single copy of the selected sequence. Bacterial expression offers high yields, but the
synthesis of plasmid with multiple repeats of selected sequence can be challenging, which
limits the flexibility in choice of DNA sequence (van Emmerik et al., 2020). While PCR
amplification provides more sequence flexibility, this approach is still time-consuming,
laborious and low yield producing. Here, we primarily used PCR amplification to generate DNA
templates for nucleosome reconstitution. However, we also explored alternative method using
ramified rolling circle amplification (rRCA), which offers more efficient and sequence flexible
large-scale production of desired nucleosomal DNA than the existing methods (van Emmerik
et al., 2020). It was reported by van Emmerik et al. that to reach milligram amounts (2-3 mg)
of pure DNA fragments by PCR amplification, 40 96-well plates were needed (van Emmerik et
al., 2020). In contrast, using the rRCA protocol, 2 mg of highly pure human 162bp Lin28BDNA were obtained from a one-pot 12 mL reaction overnight, resulting in almost 10-fold higher
yield compared to the PCR-based production using the same reaction volume (van Emmerik
et al., 2020). In our hands, we were typically able to achieve ~0.62-0.70 mg of pure Lin28BDNA from ~320 PCR reactions (16 mL total volume) and thus to achieve 2 mg of DNA we
would need to perform ~918-1040 PCR reactions (45.9-52 mL total volume). Therefore, the
yield obtained from one-pot 12 mL rRCA reaction was ~3.8-4.3-fold higher compared to the
same volume of our standard PCR-based production (i.e. 240 PCR reactions, 50 µL each).
Consequently, by allowing a flexible choice of DNA sequence and achieving high yields of
DNA fragments without the preparation of hundreds of PCR reactions, the rRCA method offers
an efficient large-scale synthesis of Lin28B-DNA fragments that can be performed in two days
once the circular plasmid is acquired (van Emmerik et al., 2020).
In collaboration with Clara L. van Emmerik and Hugo van Ingen (Bijvoet Center for
Biomolecular Research, Utrecht University) who showed that rRCA is efficient at generating
milligram amounts of 162 bp Lin28B-DNA sequence, we tested whether rRCA-produced
Lin28B-DNA can be reconstituted into stable functional nucleosomes using histone octamers
that can be targeted by OCT4 (Figure 3-11) (van Emmerik et al., 2020). A clear band shift and
almost complete incorporation of DNA into the nucleosomes were visible in EMSA, indicating
that free rRCA-produced DNA was successfully assembled into nucleosomes (Figure 3-11D).
Importantly, these nucleosomes exhibited similar migration profiles to nucleosomes containing
PCR amplified Lin28B-DNA (Figure 3-10D), strongly suggesting that true Lin28Bnucleosomes were successfully assembled. Furthermore, a single pronounced nucleosomal

71

band was observed, suggesting homogenous nucleosome population with only minor
unincorporated DNA (Figure 3-11D). Moreover, nucleosomes were assembled at an efficiency
of ~71%, resulting in a concentration of ~462.5 ng/µL as determined by densitometric analysis
of EtBr staining (Figure 3-11E). This was very close to PCR amplified DNA. To assess whether
the reconstituted nucleosomes are targeted by pioneer TF OCT4, we carried out
electrophoretic mobility shift assay (EMSA) (Figure 3-11F). In the presence of OCT4, a clear
band shift was observed that indicated formation of OCT4-nucleosome complex (Figure
3-11F). The migration profiles and OCT4-WT affinity to both nucleosomes and free DNA are
in agreement with the previously reported findings (Soufi et al., 2015).
Overall, we conclude that rRCA-produced Lin28B-DNA can be assembled into stable and
functional nucleosomes which are indistinguishable from nucleosomes reconstituted with PCR
amplified DNA by native gel electrophoresis. Thus, rRCA provides a viable alternative for the
synthesis of large quantities of DNA templates for in vitro nucleosome reconstitution.
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Figure 3-11. Nucleosome reconstitution with rRCA-produced Lin28B-DNA and human histone
octamers. (A) Diagram illustrating the Lin28B-nucleosome reconstitution using histone octamers. (B)
SDS-PAGE of the histone octamer purified by gel filtration. (C) The rRCA-produced Lin28B-DNA
visualised on a 6% TBE gel by EtBr staining. (D) rRCA-produced Lin28B-DNA (white arrowhead) was
successfully assembled into Lin28B-nucleosomes (black arrowhead) and visualised on a 6% TBE gel by
EtBr staining. (E) The concentration of Lin28B-nucleosomes was estimated by densitometric analysis of
the nucleosomal DNA bands intensities, using free Lin28B-DNA as the standard (green cross). The
nucleosome sample was diluted 1:70 and concentration was extrapolated from the free DNA standard
curve (orange line). The final concentration of Lin28B-nucleosomes was approx. 462.5 ng/µL. (F)
Representative EMSA showing the affinity of increasing amounts of recombinant bacterial-expressed
OCT4 WT for rRCA-produced Lin28B-DNA (left half, white arrowheads) and Lin28B-nucleosomes (right
half, black arrowheads). The samples were visualised on a native 5% PAGE by EtBr staining.
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3.2.4 Nucleosomes were successfully reconstituted using tailless
histone octamers for DNA binding assays
To assess the contribution of each histone N-terminal tail to the nucleosome stability and its
role in the OCT4 binding to nucleosomes, tailless nucleosomes, in which one of the four
histones H2A, H2B, H3 or H4, lacked the N-terminal tail, were reconstituted using the
corresponding histone octamers and Cy5-labelled Lin28B-DNA (Figure 3-13A).

3.2.4.1 Successful preparation of tailless variants of histone octamers
Tailless core histones fused to an N-terminal His6-tag were prepared following the same
method as used for intact histones (shown in section 3.2.1.1). All tailless histones were
expressed well in E. coli system (Figure 3-12A). The tlH2A and tlH2B were purified from the
whole cell extracts by IMAC under denaturing conditions. The tlH2A eluted with two peaks, a
major narrower and relatively symmetric peak and a minor broader peak, while the tlH2B
eluted as a single asymmetric peak with the tailing shoulder (Figure A-4, Appendix A). SDSPAGE analysis revealed that both tlH2A peaks and tlH2B main peak as well as its shoulder
contained the tailless histones and included minor low as well as high molecular weight
contaminants (Figure A-4, Appendix A). Analysis on SDS-PAGE showed that the purified
histones migrated at a slightly higher molecular mass than predicted based on their amino
acid sequences (Table 2-4, Materials section 2.1.4), presumably due to reduced overallnegative charge on the histones (Figure 3-12B) (Walker, 2009). There were only minor
impurities detected around 25 kDa, indicating that IMAC efficiently removed the majority of
contaminating bacterial proteins (Figure 3-12B). The purity of the His6-tagged tailless histones
was 87% (tlH2A) and 84% (tlH2B), as estimated by densitometric analysis. Importantly, the
concentration of purified tailless histones was 2.99 (tlH2A) and 3.36 (tlH2B) mg/mL, as
determined by the BCA assay and the overall yield of purified tlH2A and tlH2B was ~149 and
168 mg per L cell culture, respectively (Figure A-5, Appendix A). In conclusion, with this
strategy we were able to generate large quantities of the tailless histones that are more than
83% pure and show no sign of degradation.
Since nucleosome reconstitution using histone octamers appeared to be more viable and
efficient in our hands, two types of tailless octamers, containing either tlH2A or tlH2B and the
three other full-length histones, were refolded using the same method as described above
(see section 3.2.2.1). The N-terminal His6-tags were successfully removed from the refolded
octamers as confirmed by SDS-PAGE (Figure 3-12C) and subsequently purified on a gel
filtration column (Figure 3-12D, E). Both tlH2A- (Figure 3-12D) and tlH2B-octamer (Figure
3-12E) eluted with two relatively symmetrical peaks. SDS-PAGE analysis revealed that the
first peak contained the octamers with the correct stoichiometry, while the second peak
included contaminating histone dimers (Figure 3-12D, E). The elution profiles suggested that
tlH2B-octamer assembly was less efficient than tlH2A-octamer refolding, since the tlH2B-
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octamer peak was ~38% smaller than contaminating H2A/tlH2B dimer peak (Figure 3-12D,
E). This was confirmed visually by SDS-PAGE analysis which showed considerable levels of
contaminating histone dimers in the tlH2B-octamer sample (Figure 3-12E). Excess of histone
dimers could be potentially due to reduced stability of tlH2B-octamer. Here, the equilibrium
could be shifted towards the formation of histone dimers over octamers, resulting in excess of
H2A/tlH2B species. Alternatively, lower amounts of histones H3 and H4 over H2A and tlH2B
might have been present in the initial reconstitution mixture or the H3 and H4 might have
precipitated during refolding or purification. Furthermore, in the SDS-PAGE analysis of
H2A/tlH2B dimer peak, two contaminating protein bands below H2A band were detected,
which is likely due to H2A degradation (Figure 3-12E). To provide a sufficiently high
concentration of the tailless octamers for nucleosome reconstitution, the octamer-containing
fractions with a stoichiometric ratio of the four input histones were concentrated. The purity
and stoichiometry of the resulting tailless octamers was verified by SDS-PAGE, showing that
tlH2A-octamer consisted of equal amounts of the four histones, whereas tlH2B-octamer
appeared to contain excess of H3 and H4 over the H2A and tlH2B (Figure 3-12F). The tlH2Aand tlH2B-octamer concentration was approx. 3.5 and 3.7 mg/mL, respectively, as determined
by BCA assay (Figure 3-12G).
These results suggest that the tlH2A-octamer was correctly folded and stabilised into
octamers, while tlH2B-octamer was less stable and contained non-stoichiometric amounts of
core histones. Both tailless octamers showed no significant contamination, but subtle signs of
degradation were detected in the tlH2B-octamer. Overall, the tlH2A-octamer and to a lesser
extent tlH2B-octamer were appropriate for nucleosome reconstitution.
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Figure 3-12. Preparation of tailless variants of histone octamers for nucleosome reconstitution.
(A) Expression of N-terminal His6-tagged tlH2A, tlH2B, tlH3 and tlH4 in E. coli. The crude extracts from
E. coli cells before (U) and after (I) the induction of histone expression were analysed by SDS-PAGE.
(B) The His6-tagged histones purified by anion exchange chromatography and analysed by SDS-PAGE.
(C) The tailless octamers were successfully refolded (His6-tag) and stripped off the His6-tags (Untag).
(D, E) Gel filtration elution profile of tlH2A-octamer (D) and tlH2B-octamer (E) as well as contaminating
H2A/B dimers. The eluted fractions were monitored by SDS-PAGE. The fractions highlighted in green
were pooled and concentrated. (F) The purified and concentrated tlH2A- and tlH2B-octamer. (G)
Quantification of tailless octamers using BCA Protein Assay. The concentration of tlH2A- (black circle)
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and tlH2B-octamer (red circle) was extrapolated from the BSA standard curve (orange line). The final
tlH2A- and tlH2B-octamer concentration was approx. 3.5 and 3.7 mg/mL, respectively.

3.2.4.2 Tailless Cy5-Lin28B-nucleosomes were successfully reconstituted for
DNA binding studies
Tailless H2A- and H2B-octamers (Figure 3-12F) were successfully refolded as described
previously and tailless H3- and H4-octamers were kindly gifted by Dr M. Wilson (Wellcome
Trust Centre for Cell Biology, University of Edinburgh). All tailless nucleosome reconstitutions
were performed by Dr G. Roberts (Centre for Regenerative Medicine, Dr A. Soufi Lab) as
described earlier. The results presented in this section are representative of three independent
experiments. The heat-shifted reconstitutions were visualised on native PAGE gel and showed
a clear band shifts, indicating that all four tailless nucleosomes were successfully reconstituted
(Figure 3-13B). Although the nucleosomes were prepared using the same protocol and
amounts of input components, there was substantial variability in the nucleosome yield,
reconstitution efficiency, homogeneity and stability. Examination of the resulting nucleosomes
on a native PAGE gel revealed a complete incorporation of DNA into the nucleosomes, except
for tlH2B- and tlH4-nucleosome which contained faint free DNA bands (Figure 3-13B).
However, the amount of unincorporated DNA was insignificant relative to nucleosomes and
was too small to be a concern for OCT4 binding studies. Compared to other tailless
nucleosome reconstitutions, tlH2A-nucleosome showed the weakest nucleosomal band
(Figure 3-13B). Despite the low concentration, a homogenous nucleosome population was
achieved. The residual components detected in the gel well, suggested that lower nucleosome
yield might be due to reduced nucleosomal stability or higher tendency to aggregate. The
tlH2B-nucleosome appeared to be relatively homogenous, but the absence of clearly defined
band along with a general smear might indicate the presence of nucleosomes with differentially
positioned octamers on the DNA or reduced nucleosomal stability (Figure 3-13B). This lack of
clearly defined band might be related to the quality of tlH2B-octamer preparation (Figure
3-12E, F). For instance, histone complexes other than octamers such hexasomes might be
present in the tlH2B-octamer sample. This would lead to the formation of non-nucleosomal
histone-DNA assemblies, which could be responsible for a diffuse heterogeneous appearance
of tlH2B-nucleosomal band. The tlH3-nucleosome appeared to be largely homogenous as
well-defined nucleosomal band was detected, but faint smeared bands above the main
nucleosomal band indicated that small fraction of nucleosomes with differentially positioned
octamers on the DNA might be present (Figure 3-13B). Additionally, a faint band of higherorder aggregates was also visible. The tlH4-nucleosome was shown to be completely
homogenous with well-defined strong band and only negligible contamination with
unincorporated DNA (Figure 3-13B). The concentration of tlH2A-, tlH2B-, tlH3- and tlH4nucleosomes was ~9.3, 28.7, 16.6 and 35 ng/µL, respectively, as determined by densitometric
analysis of Cy5 fluorescence (Figure 3-13C). The efficiency of tailless nucleosome
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reconstitution estimated by quantifying the ratio of the nucleosomal DNA to total DNA added
in given reconstitution, was highly variable and low with 9%, 29%, 17% and 35% for tlH2A-,
tlH2B-, tlH3- and tlH4-nucleosomes, respectively. Previously, it has been reported that deletion
of the human H2B or H3 N-terminal tail weakens histone-DNA interactions and significantly
reduces nucleosome stability (Iwasaki et al., 2013). Furthermore, it has been shown that
removal of H2B tail not only destabilizes the nucleosome, but it also increases nucleosome
sliding along the DNA (Hamiche et al., 2001). In contrast, deletion of the N-terminal tail of H4
has been found to reduce nucleosome mobility (Ferreira et al., 2007). This is consistent with
our observation of apparent lower stability and homogeneity of the reconstituted tlH2B- as well
as tlH3-nucleosomes. Moreover, it is also in agreement with our tlH4-nucleosome results,
showing more efficient, stable and homogeneous assembly of tlH4-nucleosomes compared to
other tailless nucleosomes. Overall, the minor concentrations of contaminants relative to the
nucleosomes rendered them negligible and thus reconstituted tailless nucleosomes were
considered suitable for DNA binding studies.

Figure 3-13. Tailless Cy5-Lin28B-nucleosome reconstitution with histone octamers. (A) Diagram
illustrating the Cy5-Lin28B-nucleosome reconstitution using tailless histone octamers. (B) Free Cy5Lin28B-DNA (white arrowhead) was successfully assembled into tlH2A, tlH2B, tlH3 and tlH4 variant of
Cy5-Lin28B-nucleosomes (black arrowhead) and visualised on a 6% TBE gel by Cy5-fluorescence. (C)
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The concentration of tailless nucleosomes was estimated by densitometric analysis of the nucleosomal
DNA bands intensities, using free Cy5-Lin28B-DNA as the standard (green cross). Each nucleosome
sample was diluted 1:50 and concentration was extrapolated from the free DNA standard curve (orange
line). The final concentration of tlH2A, tlH2B, tlH3 and tlH4 variant of Cy5-Lin28B-nucleosomes was
approx. 9.3, 28.7, 16.6 and 35 ng/µL, respectively. The results presented in this panel are representative
of three independent experiments.

3.2.5 Esrrb-nucleosomes were successfully reconstituted in vitro for
the first time while meeting the standards of EM structural studies
Previous studies implied that Lin28B and Esrrb sequences have different OCT4 binding
profiles (Soufi et al., 2012). While Lin28B poses multiple TF binding sites, Esrrb have only
single OCT4 binding site. Thus, to structurally examine and compare the conformational state
and OCT4 binding mode of previously reconstituted Lin28B-nucleosome with that of Esrrbnucleosome, we have also attempted to reconstitute Esrrb-nucleosome at the scale suitable
for structural EM studies. Here, the concentrated and highly pure 163 bp Esrrb-DNA fragments
have been assembled into nucleosomes using the same strategy optimized for Lin28B-DNA
(Figure 3-14A-D). Analysis of resulting nucleosomes on native PAGE gel revealed a clear
band shift, characteristic of successful nucleosome formation (Figure 3-14D). Here, a
prominent nucleosomal band was observed, suggesting that relatively homogenous
nucleosome population was achieved. However, a smear just below the nucleosomal band
indicated the presence of nucleosomes with differentially positioned octamers on the DNA.
Since analysis of histone octamers showed correct stoichiometry and high purity, a smeared
appearance is unlikely due to presence of subnucleosomal complexes. Closer inspection also
showed the faint lower and upper band related to the presence of unincorporated DNA and
higher-order aggregates, respectively. Detection of free DNA indicated incomplete
incorporation of DNA into the nucleosomes, which appeared to be more prominent in the
nucleosome reconstitution with Esrrb-DNA than with Lin28B-DNA. The Esrrb-nucleosome
concentration was ~644.8 ng/µL as determined by densitometric analysis of EtBr staining
(Figure 3-14E). The resulting efficiency of nucleosome assembly was ~76%, which is slightly
lower than that observed with Lin28B-DNA (~82%). This might be attributed to mild variations
in experimental conditions, especially the histone/DNA ratio. Alternatively, together with the
increased amount of unincorporated DNA in the Esrrb-nucleosomes compared to Lin28Bnucleosomes, the Esrrb-DNA might be less easily incorporated into nucleosomes or less
stably associated with the histone core than Lin28B-DNA.
To the best of our knowledge, this is the first time the Esrrb-nucleosomes were successfully
assembled in vitro. Furthermore, the efficiency of Esrrb-nucleosome assembly was
comparable with that of Lin28B-nucleosomes reconstituted using histone octamer strategy.
Importantly, the reconstituted nucleosomes appeared to be of sufficient concentration, purity,
integrity and homogeneity for both structural EM studies and DNA binding assays. These
conclusions were based on multiple experimental preparations.
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Figure 3-14. Large-scale Esrrb-nucleosome reconstitution with histone octamers. (A) Diagram
illustrating the Esrrb-nucleosome reconstitution using histone octamers. (B) SDS-PAGE of the histone
octamer purified by gel filtration. (C) Purified Esrrb-DNA visualised on a 1% agarose gel by EtBr staining.
(D) Free Esrrb-DNA (white arrowhead) was successfully assembled into Esrrb-nucleosomes (black
arrowhead) and visualised on a 6% TBE gel by EtBr staining. (E) The concentration of Esrrbnucleosomes was estimated by densitometry measurements of the nucleosomal DNA bands intensities,
using free Esrrb-DNA as the standard (green cross). The nucleosome sample was diluted 1:70 and
concentration was extrapolated from the free DNA standard curve (orange line). The final concentration
of Esrrb-nucleosomes was approx. 644.8 ng/µL. The results presented in this panel are representative
of multiple experimental preparations.
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Chapter 4: Structural characterisation of native nucleosomes
using electron microscopy
4.1 Introduction
Over 2 m of eukaryotic genomic DNA is tightly packed in hierarchical protein-DNA assemblies
called chromatin to fit into micron-scaled cell nucleus which is only ~50 µm3 in size (Ordu et
al., 2016; Wilson and Costa, 2017). Pioneering structural studies have provided important
insights into DNA packaging and modification in the cell. Pilot EM studies validated
biochemical findings that nucleosome is a fundamental repeating structural unit of chromatin,
which tightly packs DNA around octameric core, consisting of two H2A/B dimers attached to
H3/4 tetramer in a left-handed superhelix (Olins and Olins, 1974; Kornberg, 1974; Oudet et
al., 1975; Klug et al., 1980; Richmond et al., 1984; Richmond and Davey, 2003; Mellor, 2005).
The nucleosome was described as a flattened sphere with a diameter of about 10 nm in which
∼145-147bp of DNA is wrapped approximately 1.7 times around the disc-shaped particle
(Davey et al., 2002; Luger et al., 1997a). Obtaining 2.8 Å high-resolution X-ray structure of the
nucleosome core particle (NCP) was a major milestone that prompted identification of
essential features of the histone fold and protein–DNA interactions (Luger et al., 1997a; Davey
et al., 2002). This near-atomic resolution structure was achieved by taking advantage of
recombinantly expressed Xenopus laevis histones and strong-positioning DNA sequence.
Each core histone consists of histone fold domain composed of three structured α-helices and
mostly disordered N- and C-terminal tails (Wilson and Costa, 2017). In the nucleosome,
histone octamer contacts the inward-facing side of the nucleosomal DNA. Here, the basic
residues decorating the surface of the histone octameric core extend into the DNA minor
groove where they interact with the DNA phosphodiester backbone through widespread direct
or solvent-mediated hydrogen bonds, ionic interactions and nonpolar contacts (McGinty and
Tan, 2015; Luger et al., 1997a; Davey et al., 2002). The multifaceted, solvent accessible
surface of the nucleosome serves as recognition platform for many chromatin factors.
Furthermore, the highly solvent exposed histone tails, which carry a strong positive charge,
are important sites for post-translational modifications that can affect the dynamics of
chromatin structure (Luger and Richmond, 1998; Polach et al., 2000; Arya and Schlick, 2006;
Ruthenburg et al., 2007; Ng and Cheung, 2016) and thus play crucial roles in transcription and
gene regulation (Berger, 2007; Musselman et al., 2012). In many crystal structures of
nucleosomes, these tails are partially or not at all resolved, indicating a high degree of
conformational flexibility (Luger et al., 1997a; Davey et al., 2002; Hansen et al., 2006).
However, they can be become stabilised on the interaction with various proteins or DNA
(Armache et al., 2011; Arita et al., 2012). While the nucleosomes have been studied
extensively, we are only beginning to understand their complex role in DNA-dependent
processes essential for cell survival. The nucleosome is no longer regarded as a mere barrier
preventing the access to DNA during replication and transcription. Instead, it is now recognized
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as essential gatekeeper of the genome that serves as a dynamic molecular docking platform
for many chromatin-associated proteins and that regulates a multitude of biological processes
(Kornberg and Lorch, 1999; Zhang and Pugh, 2011; Churchman and Weissman, 2011;
Petesch and Lis, 2008; Li and Widom, 2004; Lipford and Bell, 2001; Cole et al., 2011; Schwartz
et al., 2009). Yet, the lack of structural data on nucleosomes limits our understanding of the
molecular basis of nucleosome recognition, modification, unwrapping, eviction and deposition.
To date, crystallographic studies of the nucleosome have provided detailed insights into the
impact of various histone variants and DNA sequences on the NCP (McGinty and Tan, 2015).
Nonetheless, despite continuous efforts and progresses, only a limited number of X-ray
structures of nucleosomes in complex with chromatin-binding proteins, carrying epigenetic
marks or arranged into higher-order nucleosomal arrays are currently available (McGinty and
Tan, 2016; Barbera et al., 2006; Makde et al., 2010; Armache et al., 2011; McGinty et al.,
2014; Girish et al., 2016; Morgan et al., 2016; Fang et al., 2016; Zhou et al., 2015).
Increasingly, powerful alternative or complementary strategies to X-ray crystallography are
being employed for structure determination of biological macromolecules that resisted
crystallization, including nuclear magnetic resonance (NMR), small angle X-ray scattering
(SAXS) and EM. For instance, in several studies the data derived from the methyl-based NMR
have provided detailed structural insight into nucleosome-protein complexes (Eidahl et al.,
2013; Kato et al., 2011; Zhou et al., 2013). Furthermore, low-resolution structural models of
nucleosome complexes have been elucidated by SAXS (Pilotto et al., 2015) as well as singleparticle EM (Nguyen et al., 2013; Chaban et al., 2008; Saravanan et al., 2012; Tosi et al.,
2013; Yamada et al., 2011). In fact, EM has been a long-standing tool used in nuclei slices
and in vitro assembled chromatin fibres to study the higher-order organization of nucleosomes
(Scheffer et al., 2011; Robinson et al., 2006; Routh et al., 2008; Finch and Klug, 1976; Eltsov
et al., 2008). For many years, progress in single-particle EM has been limited by the attainable
resolution that had been imposed by the technical limitations (Hanske et al., 2018). Thus, the
cryo-EM structural analyses were ultimately restricted to large complexes or low-resolution
models (Nguyen et al., 2013). However, with the recent "resolution revolution" in cryo-EM,
comprising several technical advances such as direct electron detection, beam-induced
motion correction and improved classification and 3D reconstruction, this technique became
a powerful tool for providing structural information on complex and flexible macromolecular
assemblies (Cheng, 2018; Fernandez-Leiro and Scheres, 2016; Danev et al., 2014; Chua et
al., 2016). Single-particle cryo-EM allowed structure determination at near-atomic resolution
of

complexes

previously

considered

structurally

intractable

due

to

size

and/or

compositional/conformational heterogeneity (Herzik et al., 2019; Lander et al., 2012; Yan et
al., 2016; Khoshouei et al., 2017). This was made possible by embedding a small amount of
sample in a vitrified ice, which protects biological complexes from radiation damage and highvacuum, while preserving their near-native, hydrated states (Binshtein and Ohi, 2015).
Subsequently, non-crystalline vitrified macromolecular objects and their assemblies can be

82

directly visualized in a close-to-native state at high resolution. Although the nucleosomes are
small in size (200 kDa), they are highly compact structures in which the nucleosomal DNA
provides increased electron scattering and thus image contrast in cryo-EM (Wilson and Costa,
2017). Nevertheless, the identification of nucleosomes in vitrified ice is still difficult due to
several reasons. Firstly, owing to their small size, the nucleosomes detection, accurate
alignment and structural analysis can be problematic (Henderson, 1995). Thus, majority of
nucleosome structures solved using cryo-EM have been imaged with added mass from posttransitional modifications (Wilson et al., 2016) or association with large protein complexes
(Maskell et al., 2015; Yamada et al., 2011; Xu et al., 2016a). Secondly, presence of excess
DNA reduces the contrast between the protein assembly and the surrounding ice layer (Chua
et al., 2016). Thirdly, some nucleosome orientations are difficult to recognize, leading to the
lower amount of data and ultimately resolution (Chua et al., 2016). Overall, preparing
nucleosome samples as well as collecting, processing and interpreting cryo-EM data on
nucleosomes can be problematic. Although cryo-EM application remains challenging, it is
preferred single-particle EM technique for structure determination. Thus, before pursuing
atomic resolution cryo‐EM, it is necessary to properly characterize and optimize the sample to
maximize our chances of obtaining high-resolution structural data. Consequently, the sample
homogeneity, quantity and quality are routinely screened by conventional transmission EM
technique called negative-staining EM (NS-EM). Here, owing to substantial advances in data
processing, recently driven by single-particle cryo-EM, NS-EM can also provide important lowresolution structural data that are far superior to any conclusions drawn from visual
examination of micrographs. In this simple technique, the sample is stained with heavy metals,
such as uranyl acetate or ammonium molybdate (Harris and De Carlo, 2014; Lyumkis, 2019).
The staining process dehydrates the sample and a layer of dried heavy metal solution
envelops the molecules, which can be subsequently imaged under room temperature
conditions (Ohi et al., 2004). This approach allows the high-speed sample preparation and
generates additional contrast, because heavy metal atoms surrounding the molecule of
interest provide stronger electron scattering than the protein (Rames et al., 2014; Zhang et al.,
2013). The high contrast images make it easier to determine particle orientation and perform
3D reconstruction compared to cryo-EM (Rames et al., 2014). However, the major limitation
of this method is that it creates only an outline of the particle, while all of the internal structural
details are inevitably lost. Furthermore, negative staining tends to induce a non-native state of
the molecules and together with the stain-protein interactions, it can produce artifacts,
including aggregation, flattening, dissociation and stacking (Ohi et al., 2004; Rames et al.,
2014; Melchior et al., 1980; De Carlo and Harris, 2011; Sander and Golas, 2011). Moreover,
drying of the negative stains induces formation of heavy metal microcrystals, which limit the
resolution of the 3D models that can be obtained to ~20 Å (Ohi et al., 2004). Nevertheless,
NS-EM offers quick and reliable evaluation of the sample quality and characteristics, such as
homogeneity or oligomeric state (Lyumkis, 2019). Additionally, it can be useful for identifying

83

optimal buffer conditions (Lyumkis, 2019). Together with biochemical assessments, these
techniques have become a requirement prior to initiating cryo-EM.
With the rapid and continuous advancement of the field, cryo-EM has become an exciting
alternative to the conventional crystallographic approaches. However, despite many recent
technical developments in cryo-EM, an atomic resolution structure of nucleosome is yet to be
achieved. To date, cryo-EM studies have provided greater insights into NCP interactors
(Chaban et al., 2008; Yamada et al., 2011; Nguyen et al., 2013; Xu et al., 2016a; Wilson et al.,
2016; Zocco et al., 2016; Bednar et al., 2017; Liu et al., 2017), histone modifications (Wilson
et al., 2016), structural flexibility of chromatin complexes (Chua et al., 2016; Wilson et al.,
2016) and higher-order chromatin structures (Zhou et al., 1998; Robinson et al., 2006; Song
et al., 2014; Zhou et al., 2015). These studies demonstrate the feasibility of cryo-EM for
structural characterization of various previously intractable nucleosome complexes, yet the
structures of nucleosome in complex with pioneer TFs remain scarce. Furthermore, majority
of single-particle cryo-EM studies of free nucleosomes or nucleosome–protein complexes
have relied on strong positioning sequences rather than native sequences inherently present
in the genome. Therefore, in this study we aimed to determine the high-resolution cryo-EM
structures of two native nucleosome, namely Lin28B- and Esrrb-nucleosomes, and ultimately
solve the structure of these nucleosomes in complex with pioneer TF OCT4.
In this chapter, we aimed to solve the structure of native Lin28B- and Esrrb-nucleosomes using
single-particle cryo-EM. To achieve this, we first established which of two in vitro nucleosome
reconstitution strategies adopted in the previous chapter is better suited for cryo-EM–based
structure determination. Before progressing to single-particle cryo-EM, the reconstituted
nucleosomes were assessed by NS-EM and purified to achieve optimal grids for highresolution cryo-EM data collection. Here, we will present single-particle NS-EM results, but
most importantly we will show cryo-EM 2D averages as well as cryo-EM structures of native
Lin28B- and Esrrb-nucleosomes at 17.22 Å and 9.58 Å resolution, respectively. Ultimately, we
will reveal a 3.3 Å resolution cryo-EM map of Lin28B-nucleosome, which provided important
structural insights into native nucleosome architecture and DNA flexibility.
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4.2 Results
4.2.1 Structural characterisation of Lin28B-nucleosome by electron
microscopy
4.2.1.1 Nucleosome reconstitution using histone dimers and tetramers was
not suited for cryo-EM studies
For high-resolution structural analysis of nucleosomes, the structural heterogeneity of the
sample must be minimized. Yet, the biochemical analyses are not sufficient for determining
whether nucleosome sample is structurally homogenous and thus suitable for cryo-EM (Cheng
et al., 2015; Ohi et al., 2004). Thus, to assess sample purity, concentration, structural
homogeneity and conformational flexibility, a nucleosome sample was screened by NS-EM.
The negatively stained grids were densely populated with structurally homogenous NCPs,
which appeared as white disk-like structures on a dark background (Figure 4-1A). This
suggested that nucleosome sample is sufficiently concentrated and homogenous for singleparticle cryo-EM analysis. Despite promising NS-EM results, all imaged cryo-EM grids were
sparsely populated with nucleosomes (Figure 4-1B). Additionally, clusters of aggregated
nucleosomes were frequently observed across the grids (Figure 4-1C). These marked
differences between NS and cryo-EM images could be due to sample preparation. In NS-EM,
the sample is dried on the grid, whereas in cryo-EM the sample is blotted with filter paper and
then flash-frozen in liquid ethane. This blotting step is necessary to remove extra liquid, which
would generate an ice layer too thick for imaging. A significant fraction of the sample volume
(approx. 99.9%) is removed during the blotting step, and thus only nanolitres of sample remain
on the grid (Arnold et al., 2017; Lyumkis, 2019). Furthermore, the blotting can induce
nucleosome aggregation and denaturation at the air/water interface due to surface tension
(Arnold et al., 2017; Drulyte et al., 2018). The nucleosome population on the grid could also
be reduced due to preferential adsorption of nucleosomes to the carbon film or thinning of the
ice layer at the centre of the grid hole, leading to clustering of nucleosomes around the carbon
edge (Drulyte et al., 2018; Cheng et al., 2015). Consequently, cryo-EM grid preparation
requires much higher sample concentration than negative staining grid preparation (Cheng et
al., 2015).
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Figure 4-1. Negative-stain EM and cryo-EM analysis of the Lin28B-nucleosomes reconstituted
with histone dimers and tetramers. (A) Representative micrograph of negatively stained Lin28Bnucleosomes collected with a FEI Tecnai F20 EM at 200 keV. The Lin28B-nucleosomes were visible as
light round structures on a dark background. (B) Representative cryo-EM micrograph of Lin28Bnucleosomes collected with a FEI Tecnai F20 EM at 200 keV. The nucleosome density on the EM grids
was extremely low with only a few nucleosomes visible as dark round structures. (C) Representative
cryo-EM micrograph showing extensive aggregation of Lin28B-nucleosomes that was prevalent in cryogrids.

Overall, the concentration of nucleosome sample appeared to be too low for cryo-EM grid
preparation and the collected images were not suitable for single-particle cryo-EM analysis.
Even with the gentlest blotting conditions and shortest blotting time, only a very few particles
were detected, while aggregation persisted. To accurately build a high-resolution 3D model of
nucleosome, a great number of particles that will provide multiple fields of view of the
nucleosome must be collected. Thus, we needed to prepare more concentrated nucleosome
sample and optimize the conditions for cryo-EM grid preparation.

4.2.1.2 Nucleosome reconstitution using histone octamers was more efficient
and better suited for the EM structural studies
To determine whether Lin28B-nucleosomes reconstituted using recombinant human octamers
are better suited for structural EM studies, we first assessed the sample characteristics such
as purity, concentration, stability, distribution and structural homogeneity using NS-EM. The
preliminary low-resolution negative-stain micrographs were densely populated with
nucleosome-like structures which were distributed evenly without overlapping each other or
aggregating (Figure 4-2A). The particles appeared to be structurally homogenous since they
were largely uniform in size (approx. 10 nm in diameter) (Figure 4-2A). Furthermore,
nucleosomes showed no detectable DNA dissociation, indicating that reconstituted
nucleosomes are structurally stable. Instead, free DNA that was not incorporated into
nucleosomes during reconstitution was frequently visible as elongated strands (Figure 4-2A).
This DNA contamination could potentially complicate subsequent processing, especially in
single-particle cryo-EM analysis. Nevertheless, the grid showed optimal contrast for individual
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particles, stain depth, sample density and particle dispersion, making it a promising target for
single particle analysis (Figure 4-2A).

4.2.1.3 Visualizing native Lin28B-nucleosomes by negative-stain EM
Initially, a small low-resolution dataset of negatively stained nucleosomes was collected to
assess the sample characteristics and then a higher-resolution negative‐stain dataset was
acquired to obtain a 2D class averages of Lin28B-nucleosome. Figure 4-2B shows
representative micrograph of Lin28B-nucleosomes from the single-particle NS-EM dataset.
Flowchart summarizing all steps involved in the NS-EM data processing is presented in Figure
B-1 (Appendix B). A total of 81,074 particles of the Lin28B-nucleosomes were picked from
collected micrographs, representative images of which are shown in Figure 4-2C. To discard
false-positive particle picks, overlapping particles or other artifacts from picked dataset that
would not reflect the actual particle structure and could affect the alignment, picked particles
were subjected to several successive rounds of 2D classification. After curation of remaining
particles, five representative well-resolved 2D class averages were obtained, two of which
showed the top views of nucleosome while remaining three represented side views (Figure
4-2D). The nucleosome exhibited typical flattened disc shape where centrally positioned
histone octamer appeared as light spherical core around which fainter DNA was wrapped
(Figure 4-2D). The side views clearly displayed two gyres of DNA wrapped around the
octameric core (Figure 4-2D). Importantly, unwrapping of the DNA from the histone core was
not observed, suggesting that Lin28B-nucleosomes are stable compact structures with more
closed conformation.
Since 2D classes were well-resolved, it was possible to perform 3D reconstitution from
negative stain data. However, it only provides a rough 3D model outlining the overall shape of
Lin28B-nucleosome that lacks details of internal structural features. Furthermore, it is
important to take into consideration that the drying of the negative stain might induce
nucleosome deformation, distorting a 3D reconstitution. Nevertheless, it still provides valuable
information about the overall architecture and nucleosome dimensions. Thus, the particles
from the final round 2D classification were subjected to 3D classification with C2 symmetry
enforced to yield preliminary negative stain 3D models of the Lin28B-nucleosome. Two
models, describing the rough shape of the nucleosome, were obtained with particle population
of 5,893 (class 1) and 4,645 (class 2) (Figure 4-2E). Direct examination of the map in Chimera
revealed the rough disc-like shape of the nucleosome, which agreed well with 2D classes
(Figure 4-2E). To better understand structural features present within the maps of nucleosome,
a 2.5 Å Widom 601-NCP atomic model (PDB ID 3LZ0) (Vasudevan et al., 2010) was fitted into
negative stain 3D maps (Figure 4-2F). Both density maps appeared to slightly extend radially
from the centre and class 2 showed extension from the solvent-exposed lower face of histone
octamer (Figure 4-2F). The models do not appear to be compressed. When using appropriate
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threshold values, extra densities were detected especially around the centre of the
nucleosome, but also at outer edges, obscuring the details of internal histone core structures
and DNA strands (Figure 4-2F). Conversely, in the several regions of the map, the densities
of the DNA, particularly at the entry/exit sites, or histone α helices and tails were missing
(Figure 4-2F).

Figure 4-2. Negative-stain EM analysis of the Lin28B-nucleosomes. (A, B) Representative
micrographs of the Lin28B-nucleosomes imaged using a JEOL JEM-1400 Plus EM during the initial
screening (A) and FEI Tecnai F20 EM during single-particle data collection (B). Red and cyan
arrowheads mark the contaminating free DNA and nucleosomes, respectively. (C) Examples of picked
particles contributing to the final reconstruction. The scale bar represents 10 nm. (D) Representative 2D
class averages of Lin28B-nucleosome after the final round of 2D classification, sorted in descending
order by number of particles in each class. (E) Preliminary low-resolution 3D density maps of Lin28Bnucleosome with C2 symmetry imposed, larger class 1 (grey), with 5,893 particles and smaller class 2
(yellow), with 4,645 particles. (F) A 2.5 Å Widom 601-NCP atomic model (PDB ID 3LZ0) docked into the
NS-EM 3D density maps of Lin28B-nucleosome. All images of 3D density maps (E, F) were prepared in
UCSF-Chimera.

Overall, both density maps were in good agreement with a canonical 601-NCP atomic model.
Generally, class 1 appeared to fit with the crystal structure slightly better, but the differences
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between two maps were not significant. Although negative stain 3D maps correspond to the
overall shape of the nucleosome, negative stain 3D model could never reach atomic level
details of structure solved by X-ray crystallography or cryo-EM. Therefore, to achieve nearatomic resolution, we needed to begin cryo-EM trials.

4.2.1.4 17.22 Å resolution cryo-EM structure of the native Lin28B-nucleosome
Results from negative-stain EM analysis confirmed the sample suitability for cryo-EM analysis.
However, prior to initiating cryo-EM, we first needed to minimize previously reported
contamination with free DNA which could negatively affect the resolution in cryo-EM and
interfere with single-particle analysis. To remove excess free DNA clearly visible in a native
gel (Figure 4-3A), the nucleosomes were first purified by continuous-elution electrophoresis.
The sample eluted with two asymmetric peaks with the tailing shoulders (Figure 4-3B).
Examination on a native PAGE gel revealed that major peak contained nucleosomes while
minor peak contaminating free DNA (Figure 4-3B). Although, the majority of free DNA was
successfully removed, minor DNA contamination remained in the nucleosome-containing
fractions. Furthermore, this purification strategy, substantially diluted the nucleosome sample,
making it too dilute for cryo-EM. To prepare sufficiently concentrated sample, the fractions
containing nucleosomes with low amount of free DNA were combined and concentrated.
Analysis on native polyacrylamide gel confirmed successful concentration as a prominent
nucleosomal band comparable to that obtained prior to purification was observed (Figure
4-3C). However, a smear below the nucleosomal band indicated the presence of nucleosomes
with differentially positioned octamers on the DNA or reduced nucleosomal stability (Figure
4-3C). Since the smearing of nucleosomal band was also visible before purification (Figure
4-3A), it is unlikely due to destabilisation of nucleosomes during preparative electrophoresis,
but rather due to in vitro reconstitution efficiency discussed in previous chapter. Even after
purification, a minor free DNA contamination was present, which might have been prompted
by extensive concentration (Figure 4-3C). However, the amount of unincorporated DNA was
insignificant relative to nucleosomes. Although, the nucleosome concentration was ~1.2-times
lower than prior to purification, it was sufficiently high for cryo-EM grid preparation (Figure
4-3D). To determine whether this purification strategy was successful at minimizing excess
free DNA necessary for high-resolution structural analysis, preliminary cryo-EM was
conducted. Representative micrographs were sparsely populated with nucleosomes, which
were otherwise uniform in size (Figure 4-3E). Importantly, a large amount of free DNA
contamination was detected despite the purification of the nucleosome preparation (Figure
4-3E). Although previously present aggregation (Figure 4-1C) was not observed with this
sample, the prepared grids were not suitable for large dataset collection mainly due to lower
nucleosome occupancy and DNA contamination.
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Figure 4-3. Purification of Lin28B-nucleosomes by continuous-elution electrophoresis.
(A) The Lin28B-nucleosomes (black arrowhead) were successfully reconstituted by the salt gradient
dialysis and visualised on a 6% TBE gel by EtBr staining. (B) Elution profile of Lin28B-nucleosomes
purified by continuous-elution electrophoresis. The elution was monitored on a 6% TBE gel stained with
EtBr. This strategy removed a substantial amount of the free Lin28B-DNA. The fractions highlighted in
green were pooled and concentrated. (C) Native gel electrophoresis of the Lin28B-nucleosomes before
purification (pre-purif.) and after the concentration of eluted nucleosome fractions (post-conc.). Black
arrowhead marks nucleosomes and white arrowhead marks free DNA. (D) The concentration of Lin28Bnucleosomes was estimated by densitometric analysis of the nucleosomal DNA bands intensities, using
free Lin28B-DNA as the standard (green cross). The nucleosome samples were diluted 1:70 and
concentrations were extrapolated from the free DNA standard curve (orange line). The final concentration
of Lin28B-nucleosomes before purification and after concentration was approx. 501.2 and 414.4 ng/µL,
respectively. (E) A representative cryo-EM micrograph of Lin28B-nucleosomes collected with a FEI
Tecnai F20 EM at 200 keV. The grids were populated with the nucleosomes, visible as dark flattened
disc-shaped structures.

Overall, the nucleosomes reconstituted using histone octamer strategy provided more
promising target, both qualitatively and quantitatively, for cryo-EM analysis than the
nucleosomes obtained using histone dimer-tetramer strategy. Yet, in our hands, the
purification using continuous-elution electrophoresis proved to be inefficient at removing
unincorporated DNA. Therefore, to prevent free DNA contamination, we decided to test the
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nucleosome purification by size-exclusion chromatography. Analysis of the newly
reconstituted nucleosomes on the native gel showed a strong broad nucleosomal band, which
appeared to contain two distinct bands (Figure 4-4A). This indicated the presence of a
heterogeneous nucleosome population with differentially positioned octamers on the DNA.
Furthermore, a prominent lower band related to the presence of unincorporated DNA was
observed (Figure 4-4A). To purify nucleosomes from free DNA, the sample was subjected to
size-exclusion chromatography. The sample eluted with two peaks, a minor peak with tailing
shoulder and major peak with leading shoulder (Figure 4-4B). Analysis on the native gel
showed that minor peak contained considerable amounts of free DNA, while the major peak
consisted of nucleosomes with negligible free DNA contamination (Figure 4-4B). The leading
shoulder of the main peak corresponded to a mixture of nucleosomes and contaminating free
DNA (Figure 4-4B). This purification strategy successfully removed the majority of free DNA,
but simultaneously diluted the nucleosome sample. However, the extent of dilution was lower
than with continuous-elution electrophoresis, making the post-purification concentration
unnecessary. Although the concentration of peak nucleosome-containing fraction was
approximately 3.1-times lower than prior to purification, the concentration of 215.6 ng/µL was
high enough for cryo-EM grid preparation (Figure 4-4C). Thus, without the need for postpurification concentration, this approach generated nucleosome sample of sufficient
concentration, homogeneity and purity for the successful preparation of high-quality grids for
cryo-EM analysis.
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Figure 4-4. Purification of Lin28B-nucleosomes by size-exclusion chromatography. (A)
The Lin28B-nucleosomes (black arrowhead) were successfully reconstituted by the salt gradient dialysis
and visualised on a 6% TBE gel by EtBr staining. (B) Size-exclusion elution profile of Lin28Bnucleosomes and contaminating free Lin28B-DNA. The elution was monitored on a 6% TBE gel stained
with EtBr. The gel filtration removed the majority of the free Lin28B-DNA and fraction B10 (highlighted in
green) was used directly for cryo-EM. (C) The concentration of Lin28B-nucleosomes pre- and postpurification was estimated by densitometric analysis of the nucleosomal DNA bands intensities, using
free Lin28B-DNA as the standard (green cross). The nucleosome samples were diluted 1:70 and
concentrations were extrapolated from the free DNA standard curve (orange line). The final concentration
of Lin28B-nucleosomes pre- and post-purification was approx. 665.6 and 215.6 ng/µL, respectively.

To qualitatively assess whether the sample is a promising target for large dataset collection, it
was evaluated with diagnostic cryo-EM before high-resolution data acquisition. Initial
screening showed that the ice layer across the grid was of sufficient quality, thickness and
uniformity with only minor ice contamination (Figure 4-5A). Upon closer inspection, the
micrographs showed optimal particle density, dispersion, structural homogeneity and stability
(Figure 4-5A). Despite our efforts to purify the nucleosomes, the high free DNA contamination
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prevailed (Figure 4-5A). However, since the nucleosome density was high and overlapping
with free DNA was rarely observed, a large dataset was acquired to facilitate the highresolution 2D class averaging and 3D reconstitution. Flowchart summarizing all steps involved
in the cryo-EM data processing is presented in Figure B-2 (Appendix B). A total of 767,671
particles of the Lin28B-nucleosomes were picked from collected micrographs, representative
images of which are shown in Figure 4-5B. Similar to negative stain 2D averaging, to
investigate particle quality and to remove false-positive particle picks, overlapping particles or
any other artifacts, picked particles were subjected to several successive rounds of 2D
classification. Particular care was taken to discard all particle picks that showed any signs of
nucleosomes overlapping with free DNA or other nucleosomes as this could negatively impact
the 3D alignment and overall resolution. As a result, 74,905 particles remained and were
subjected to final round 2D classification, yielding well-resolved 2D class averages that
showed both top and side views of the Lin28B-nucleosomes, but lacked other conformational
orientations such as tilted views (Figure 4-5C). The distribution of the particles revealed that
the top views of nucleosome contained 17-times more particles than side views, indicating that
Lin28B-nucleosome preferred a top view orientation (Figure 4-5C). Similar to the negative
stain analysis, class averages from the cryo-EM showed flattened disc-shaped structures with
10 nm in diameter (Figure 4-5C). In contrast to negative stain results in which Lin28Bnucleosome appeared as a compact structure (Figure 4-2D-F), in cryo-EM class averages, the
Lin28B-nucleosome adopted more open conformations (Figure 4-5C). Here, free DNA ends
protruding from the nucleosome core were visible in both top and side views of Lin28Bnucleosomes, suggesting a considerable flexibility at the nucleosomal DNA ends (Figure
4-5C). However, this was expected since our nucleosome model consists of 162 bp Lin28BDNA, 146 bp of which is wrapped nearly twice around a histone octamer in the core particle
and remaining ~16 bp is free to protrude from the octamer (Davey et al., 2002; Luger et al.,
1997a; Dobrovolskaia and Arya, 2012). In two top views including the one with the highest
particle population, nucleosomal DNA adopted a teardrop-like conformation in which one DNA
end remained wrapped around the histone core, whereas the other extended from the core
particle (Figure 4-5C). This arrangement of protruding DNA ends was reminiscent of that
observed in a cryo-EM study of DNA "breathing" in a canonical nucleosome (Bilokapic et al.,
2018). In remaining top views, terminal DNA arms appear to diverge from the nucleosome
dyad, positioning the two DNA ends far apart from each other (Figure 4-5C). Altogether, this
range of DNA conformations revealed the highly dynamic character of the Lin28B-DNA ends,
likely due to "breathing" of the histone-DNA interactions near nucleosome exit.
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Figure 4-5. Cryo-EM 2D classification of Lin28B-nucleosomes. (A) A representative micrograph of
Lin28B-nucleosomes collected with a FEI Tecnai F20 EM during single-particle data collection. Lin28Bnucleosomes, but also free DNA were visible in this dataset. (B) Examples of picked particles contributing
to the final reconstruction. The scale bar represents 10 nm. (C) Representative reference-free 2D class
averages of Lin28B-nucleosome top and side views after the final round of 2D classification, sorted in
descending order by number of particles in each class. Class averages of Lin28B-nucleosomes revealed
a preference for top views. The scale bars are 10 nm and red arrowheads mark DNA protruding from
NCPs.

Overall, since well-resolved 2D class averages showing both top and side views of
nucleosomes have been acquired from collected cryo-EM data, a high-resolution 3D
reconstruction of the Lin28B-nucleosome has been attempted. Firstly, to provide a coarse
overall shape of the Lin28B-nucleosome from the random starting point, an ab-initio
reconstruction with three classes was performed on the 74,905 particles from the final round
of 2D classification. For each class, three orthogonal slices through the 3D volume of
reconstituted density were obtained (Figure 4-6A, C, E). Additionally, to assess the
completeness of the maps, the orientation distributions for each class were plotted in
cryoSPARC as a flattened globe projection of view directions (Figure 4-6B, D, F). These
viewing direction distribution plots show the number of particles at every different azimuth
(around the structure along the equator) and elevation (between 0° and 90° towards the poles)
viewing directions. For successful 3D reconstruction, it is not necessary to have uniform
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coverage of all orientation views. Rather a certain set of viewing directions, mainly top and
side views, that collectively give us enough information for 3D reconstruction is needed.
Class 1 was the most highly populated group with 45.4% of all particles while remaining class
2 and 3 contained 35.9% and 18.7% of particles, respectively (Figure 4-6). Despite having the
most particles, the overall 3D density map of this class did not resemble the flattened disc
shape of the nucleosome (Figure 4-6A). Rather it appeared more spherical due to random
discontinuous densities extending from the core (Figure 4-6A). Additionally, the structure
seemed to be hollow as there were missing densities for internal histone octamer structures
(Figure 4-6A). Furthermore, viewing distribution plot of class 1 showed that there is a
considerable number of different views, but only one major hotspot which mainly consists of
top views (Figure 4-6B). Although there is a lot of diversity in terms of angles, the orientation
distribution is not optimal for reliable reconstruction of the nucleosome 3D structure. Arguably,
among three classes, class 2 most resembled the nucleosome (Figure 4-6C). This class
showed the best viewing distribution with approximately 4 hotspots of views with diverse
angular orientations (Figure 4-6D). However, even in this class a certain set of viewing
directions appeared to be less prevalent, indicating less than optimal coverage of orientation
space (Figure 4-6D). This was reflected in the 3D density map which showed incomplete
nucleosome-like model with missing densities, especially in the region of the core histone
octamer (Figure 4-6C). Lastly, class 3 was considered a junk class as it contained the smallest
number of particles, and its density map did not have the size or shape expected of
nucleosome (Figure 4-6E). The distribution plot revealed only one major hotspot of views,
similarly to class 1 (Figure 4-6F). However, due to a low number of particles, the class 3 had
significantly more directions with no or only a limited number of viewing images (Figure 4-6F).
Overall, this viewing direction distribution did not provide enough information to accurately
determine the 3D structure of the Lin28B-nucleosome.
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Figure 4-6. Cryo-EM ab-initio 3D reconstruction of Lin28B-nucleosome. (A, C, E) Image projections
of homogenous ab-initio reconstruction with three classes, the largest class 1, with 34,131 particles
(45.4%) (A), class 2, with 26,983 particles (35.9%) (C) and the smallest class 3, with 14,109 particles
(18.7%) (E). Panels below image projections depict the ab-initio 3D density maps of three classes. Full
views of the maps were arranged in orientations corresponding to the respective image projections
above. All images of 3D density maps were prepared in UCSF-Chimera. (B, D, F) Euler angle orientation
distribution plot of particles showing the conformational coverage of class 1 (B), class 2 (D) and class 3
(F). The panel is the standard output from cryoSPARCv2.

In conclusion, the coverage of viewing directions in all three classes was not sufficient to cover
all 3D Fourier space and thus to reliably recover the initial 3D structure of the Lin28Bnucleosome. Nevertheless, compared to other two ab-initio classes, class 2 showed the best
particle orientation distribution and was the closest representation of the nucleosome structure
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(Figure 4-6C, D). Thus, a homogenous refinement was performed with the class 2 ab-initio
model. The orientation distributions of the refinement outcome verified the observations from
the ab-initio reconstruction (Figure 4-7A). The homogenous refinement resulted in a 17.22 Å
Lin28B-nucleosome model from 26,983 particles. The gold-standard Fourier shell coefficient
(FSC) used to estimate the resolution is shown in Figure 4-7B. The refined cryo-EM structure
revealed a low-resolution coarse flattened disc shape of the nucleosome (Figure 4-7C). The
missing or discontinuous densities which were visible in ab-initio map, became even more
apparent following the refinement. To better understand the structural features, the refined
cryo-EM model of Lin28B-nucleosome was superimposed with a 2.5 Å Widom 601-NCP
atomic model (PDB ID 3LZ0) (Figure 4-7D) (Vasudevan et al., 2010). As expected, cryo-EM
model deviated from the 601-NCP crystal structure (Figure 4-7D). This overlay highlighted the
accumulation of additional density near the edges of the nucleosome, but also the absence of
densities for the core histones and Lin28B-DNA, especially at entry/exit sites (Figure 4-7D).
Missing or weak densities are often attributed to conformational heterogeneity or structural
flexibility. Earlier, cryo-EM 2D class averages of Lin28B-nucleosome (Figure 4-5C) indicated
that this native nucleosome might be more mobile and less compact than suggested by NSEM (Figure 4-2D-F). Thus, to inspect the final structure more closely and to determine which
parts of the structure are the most heterogeneous, the local resolution of the cryo-EM map
was estimated. Subsequently, to visualize the resolution at different regions and to identify
which of these regions might be flexible, the refined map was coloured according to values of
the local resolution, going from the highest resolution in red (15.5 Å) to the lowest in blue (17.7
Å) (Figure 4-7E). Here, the central region of the nucleosome had the highest resolution while
the outer regions showing the extra densities were the lowest in resolution (Figure 4-7E). Thus,
the parts with the lowest local resolution of the cryo-EM density corresponded to the areas
where the refined model appeared to deviate the most from 601-NCP atomic model (Figure
4-7D, E).
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Figure 4-7. Cryo-EM map of Lin28B-nucleosome (class 2) reconstructed using C1 symmetry to a
resolution of 17.22 Å. (A) Euler angle orientation distribution plot for the final homogenous refinement
of the class 2 ab-initio model from cryoSPARCv2. (B) Gold-standard Fourier shell correlation (GSFSC)
curve of the refined model. GSFSC was calculated during homogenous refinement with different masks.
An overall resolution was estimated to be 17.22 Å based on FSC with a cutoff of 0.143. (C) Cryo-EM
density map of Lin28B-nucleosome at 17.22 Å. (D) A 2.5 Å Widom 601-NCP atomic model (PDB ID
3LZ0) docked into the cryo-EM 3D density map of Lin28B-nucleosome. (E) The Lin28B-nucleosome 3D
density map coloured according to local resolution estimated by BlocRes in cryoSPARCv2. Coloured full
views of the map illustrate the resolution of different regions in the nucleosome. All images of 3D density
maps were prepared in UCSF-Chimera.

In conclusion, both NS-EM and cryo-EM class averages of the Lin28B-nucleosome were wellresolved and had size, shapes and features expected of nucleosome. Although cryo-EM 2D
classification showed DNA protruding from the Lin28B-NCP (Figure 4-5C), this was not
reflected in NS-EM (Figure 4-2E) or cryo-EM (Figure 4-7C) 3D models, where only DNA within
the core particle was observed, but not the DNA outside NCP. In NS-EM this might be an
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artifact of the dehydration and staining process. However, this is not the case for cryo-EM in
which the nucleosomes are imaged in near-native frozen-hydrated state. Here, based on cryoEM 2D classes, we expected to see cryo-EM map of nucleosome with regions of weak density
and low local resolution at the DNA entry/exit points which would reflect the higher mobility
and flexibility of protruding terminal DNA. Instead, we obtained an incomplete cryo-EM model
of Lin28B-nucleosome with low-resolution across the entire structure, randomly missing
densities and with no significant variations in local resolution between different regions of the
structure. Ultimately, these limited observations were not sufficient to draw any reliable
conclusions about Lin28B-nucleosome structure. However, both 2D and 3D cryo-EM data
offered some preliminary insides into native Lin28B-nucleosome conformation.
Due to the noisy nature of the cryo-EM data, 2D classification plays a vital role in obtaining
reliable 3D map. It aligns and clusters similar particle images to improve the signal to noise
ratio (SNR) and thus provides a set of representative class averages that underlie the dataset
(Chung et al., 2020; Sigworth, 2016). Resulting class averages can be used as an early
indicator of sample heterogeneity and show the range of viewing directions available in a
dataset. Yet, subtle differences in the structure which are not visible in 2D classification, can
be only sorted during 3D classification (Serna, 2019; Sigworth, 2016). In this study, 2D
analysis of Lin28B-nucleosome suggested that the particles exist in different conformations
with respect to DNA projecting from the NCP, indicating that terminal DNA might be
conformationally flexible and/or dynamic. Despite using the same data, the terminal DNA
protruding from the NCP visible in 2D class averages, was not modelled in 3D structure. This
result is consistent with the notion that the terminal DNA might be conformationally dynamic
and flexible. Here, the presence of particle images with subtle conformational differences in a
single 3D reconstruction decreases the overall resolution and leads to the loss of density in
the dynamic and flexible regions (Scheres, 2010). Therefore, in the 3D model (Figure 4-7C),
more static or rigid parts of Lin28B-nucleosome which have higher electron density were
modelled with greater accuracy than moving or flexible parts which have lower density.
Furthermore, as can be seen in the 2D classification (Figure 4-5C), nucleosome orientation
was strongly biased towards top views, which were 17-times more abundant than side views.
This resulted in an underrepresentation of side view orientations of nucleosomes in the refined
cryo-EM data (Figure 4-6), which together with the subtle and localized variations in flexible
nucleosome regions might be responsible for the loss of densities in the final structure (Figure
4-7C). Additionally, these factors may also account for the low-resolution of the cryo-EM 3D
model of Lin28B-nucleosome (Figure 4-7), which was far from near-atomic resolution we were
hoping to achieve. Thus, given the low-resolution and missing densities in cryo-EM map, any
structural conclusions drawn from these cryo-EM data must be taken with a grain of salt.
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4.2.1.5 3.3 Å resolution cryo-EM structure of the native Lin28B-nucleosome
To obtain a higher resolution structure, we collaborated with Dr Philip Robinson (Institute of
Structural and Molecular Biology, Department of Biological Sciences, Birkbeck, University of
London). Here, the significantly larger dataset was collected on the high-end Titan Krios
transmission electron microscope (TEM) which is superior to mid-range Tecnai F20
TEM primarily used in this study. Figure 4-8A displays representative micrograph of Lin28Bnucleosomes from the single-particle cryo-EM dataset. The micrographs have shown optimal
density and distribution of NCPs which were visible in various orientations. In total 12,892
movies were acquired from which ~4 million particles were extracted. Following multiple
rounds of 2D classification, well-resolved 2D class averages representing side, tilted as well
as top views of the Lin28B-nucleosomes were obtained (Figure 4-8B). The high-resolution of
2D averages have revealed details of DNA helical backbone, grooves and dyad as well as
histone core α-helices (Figure 4-8B). Similarly to low-resolution cryo-EM averages of Lin28Bnucleosomes (Figure 4-5C), DNA protruding from the nucleosome core was observed in
several class averages, suggesting that nucleosomal DNA at the entry/exit sites is flexible
(Figure 4-8B). Following multiple rounds of 2D and 3D classification, a refined dataset of
551,912 particles was used to obtain the final cryo-EM 3D map of Lin28B-nucleosome with an
overall resolution of 3.3 Å (Figure 4-8C). In the resulting cryo-EM structure, α-helices and
amino acid side-chains within the histone octamer core were clearly resolved, while density
regions corresponding to DNA were less well defined, suggesting that DNA is more mobile,
especially at 5′ DNA end (Figure 4-8C). Here, the weak density for the corresponding 5′
terminus indicated that 5′ end is partially detached from the histone core surface and highly
flexible (Figure 4-8C). In agreement with this, DNA projecting from the nucleosome core was
also clearly identified in 2D averages (Figure 4-8B). Conversely, the relatively well resolved
density corresponding to other DNA end suggested that the 3′ end remains attached to the
histone core and is more rigid than 5′ end (Figure 4-8C). These observations correlate with
predictions from recently published MD simulations (Huertas et al., 2020a). Lastly, the
structural features of the flexible histone tails were not resolved in the cryo-EM map.
Overall, high-resolution cryo-EM structure indicated that Lin28B-DNA assembles into a wellpositioned nucleosome that resembles the canonical nucleosome except for flanking 5ʹ DNA
end, which was poorly resolved due to low occupancy and high flexibility. Unlike the highly
flexible 5ʹ DNA end which partially unwraps from the histone octamer, the well-defined 3ʹ end
appeared to be more rigid. Recently, a cryo-EM structure of Lin28B-nucleosome at 3.6 Å
resolution has been reported by Echigoya et al. (Echigoya et al., 2020). In this model, the DNA,
including the highly flexible 5′ end was fully resolved, but the resolution was not high enough
to refine individual DNA bases which were clearly visible in our 3.3 Å cryo-EM map.
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Figure 4-8. High-resolution cryo-EM structure of the Lin28B-nucleosome. (A) Representative cryoEM micrograph of Lin28B-nucleosomes collected with a Titan Krios TEM. The scale bar is 30 nm. (B)
Representative 2D class averages of the Lin28B-nucleosome side, tilted and top views. DNA protruding
from NCPs was marked with red arrowheads. (C) Cryo-EM density map of Lin28B-nucleosome at 3.3 Å.
Core histones H2A (gold), H2B (pink), H3 (green) and H4 (orange) as well as features of the nucleosomal
Lin28B-DNA (grey) such as the dyad (cyan) and entry/exit sites are shown. Cryo-EM data collection,
processing and refinement was performed, and figures were prepared by Dr Philip Robinson and his
team (Institute of Structural and Molecular Biology, Department of Biological Sciences, Birkbeck,
University of London).
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4.2.2 Structural characterisation of Esrrb-nucleosome by electron
microscopy
4.2.2.1 Visualizing native Esrrb-nucleosomes by negative-stain EM
To determine the structure of Esrrb-nucleosome using cryo-EM, we first assessed the purity,
concentration, stability, distribution and structural homogeneity of the reconstituted
nucleosomes with NS-EM. Initial negative-stain EM screening revealed that micrographs were
densely populated with evenly dispersed nucleosome-like structures (Figure 4-9A). The
particles were structurally homogenous and uniform in size with a diameter of approximately
10 nm (Figure 4-9A). Furthermore, the nucleosomes showed no sign of aggregation or
dissociation of nucleosomal DNA from the core histone octamer. However, free DNA
contamination, which was detected in the reconstituted nucleosomes by gel electrophoresis
(Figure 3-14D), was also visible in the micrographs of negatively stained nucleosomes (Figure
4-9A). Nevertheless, the prepared grids showed optimal contrast for individual particles, stain
depth, sample density and particle dispersion. Thus, the sample was considered a promising
target for 2D class averaging and initial low-resolution 3D reconstitution.
For single-particle analysis, the high-resolution dataset of negatively stained Esrrbnucleosomes was collected. A representative micrograph of Esrrb-nucleosomes from the
single-particle NS-EM dataset is shown in Figure 4-9B. Flowchart summarizing all steps
involved in the NS-EM data processing is presented in Figure B-1 (Appendix B). A total of
55,202 particles of the Esrrb-nucleosomes were picked from collected micrographs,
representative images of which are shown in Figure 4-9C. After particle curation, the remaining
particles were subjected to final round 2D classification. Here, five well-resolved 2D class
averages were obtained, showing mostly top views, except for two classes one representing
the side view while another one perhaps the tilted view of the Esrrb-nucleosome (Figure 4-9D).
In all class averages, the Esrrb-nucleosome appeared to be a compact structure (Figure 4-9D).
Interestingly, during 2D classification, few class averages representing the front views showed
Esrrb-DNA protruding from the NCP (Figure 4-9E), which was not seen during 2D classification
of negatively stained Lin28B-nucleosomes (Figure 4-2D). However, this was expected since
our nucleosome model consists of 163 bp Esrrb-DNA, 146 bp of which is wrapped nearly twice
around a histone octamer in the core particle and remaining ~17 bp is free to protrude from
the octamer (Davey et al., 2002; Luger et al., 1997a; Dobrovolskaia and Arya, 2012). Here,
one class showed unwrapping of the terminal DNA from the core histone octamer or possibly
the asymmetric positioning of the DNA on the histone core (Figure 4-9E). In few classes, both
DNA ends appeared to diverge slightly from the nucleosome dyad and histone octamer,
making the nucleosome look less compact (Figure 4-9E). Conversely, in the class with the
least number of particles, the DNA ends seem to converge and extend from the nucleosome
core (Figure 4-9E). Similar conformation was observed previously by Bednar et al. (Bednar et
al., 2017), where the nucleosomes were reconstituted with 197 bp 601-DNA (~67 nm) which
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is 34 bp (~12 nm) longer than 163 bp Esrrb-DNA (~55 nm). Thus, given the length of EsrrbDNA fragment, this DNA configuration is highly unlikely, unless the DNA is wrapped only once,
instead of nearly twice (~1.7-times), around an octamer. In theory, if the Esrrb-DNA fragment
wraps once around the histone core, a total of ~25.5 nm of DNA would be free to extend from
the core particle. However, in the least populated 2D class average the DNA extending from
both nucleosome ends summed up to ~12.8 nm which is ~2-fold lower than expected length,
making this DNA arrangement highly improbable (Figure 4-9E). Rather, it might be due to the
presence of contaminating free DNA strands in the proximity of (or overlapping with) picked
particles which were aligned in this class. Hence, this nucleosome conformation might be
similar to that in the second least populated 2D class average, but with less well resolved
separation of contaminating free DNA and nucleosome particle (Figure 4-9E). Altogether, the
class averages presented in Figure 4-9E contained 4-times less particles than classes
acquired in the final round 2D classification (Figure 4-9D). Given the small number of particles,
these nucleosomes with different DNA configurations might represent the minor populations
of nucleosomes with differentially positioned octamers on the DNA that have been detected in
the reconstituted nucleosome sample by gel electrophoresis (Figure 3-14D).
To obtain an initial coarse model outlining the overall shape of the Esrrb-nucleosome, 3D
classification with C2 symmetry enforced was performed on the particles from the final round
2D classification. This yielded two low-resolution models with particle population of 4,621
(class 1) and 13,084 (class 2) (Figure 4-9F). These models did not match the overall
nucleosome shape and appeared to be biased by symmetrisation operations (Figure 4-9F).
Here, many regions of additional, discontinuous or missing densities were observed, making
identification of key structural features challenging (Figure 4-9F). To provide more relevant
structural information, the crystal structure of the Widom 601-NCP was fitted into negative
stain density maps (Figure 4-9G). However, this just highlighted the low quality of the negativestain EM reconstruction. Due to the extra and missing densities, both negative stain 3D models
did not agree well with the 601-NCP crystal structure (Figure 4-9G). Thus, any conclusions
made from these models were deemed to be inaccurate and unreliable. Overall, negative-stain
density maps were too coarse to provide any useful information about the overall shape of the
Esrrb-nucleosome. However, NS-EM emphasized the need for purification of the reconstituted
nucleosomes from free DNA before progressing to single-particle cryo-EM.
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Figure 4-9. Negative-stain EM analysis of Esrrb-nucleosomes. (A, B) Representative micrographs
of Esrrb-nucleosomes imaged using a JEOL JEM-1400 Plus EM during the initial screening (A) and FEI
Tecnai F20 EM during single-particle data collection (B). Red and cyan arrowheads mark the
contaminating free DNA and nucleosomes, respectively. (C) Examples of picked particles contributing to
the final reconstruction. The scale bar represents 10 nm. (D) Representative 2D class averages after the
final round of 2D classification, sorted in descending order by number of particles in each class.
(E) Unwrapping of Esrrb-DNA from NCP was observed during 2D classification. DNA protruding from
NCP (red arrowheads) and contaminating free DNA (yellow arrowheads) are indicated. (F) Preliminary
low-resolution 3D density maps of the Esrrb-nucleosome with C2 symmetry imposed, smaller class 1
(grey), with 4,621 particles and larger class 2 (yellow), with 13,084 particles. (G) A 2.5 Å Widom 601NCP atomic model (PDB ID 3LZ0) docked into the NS-EM 3D density map of Esrrb-nucleosome. All
images of 3D density maps (F, G) were prepared in UCSF-Chimera.

104

4.2.2.2 9.58 Å resolution cryo-EM structure of the native Esrrb-nucleosome
Analysis of reconstituted nucleosomes by gel electrophoresis revealed a minor contamination
with free DNA (Figure 4-10A). However, based on previous results, even this low amount of
DNA may interfere with high-resolution single-particle analysis. Thus, to minimize the
contamination with unincorporated DNA, the nucleosomes have been purified by sizeexclusion chromatography. The sample eluted with two broader peaks, a minor peak of
contaminating free DNA and major peak consisting of nucleosomes (Figure 4-10B). The
purification successfully removed the majority of free DNA, but it also significantly diluted the
nucleosome sample which was 8-times less concentrated than prior to purification (Figure
4-10C, D). Since the concentration of purified nucleosome was too low for cryo-EM, we
attempted to concentrate peak nucleosome fraction. As a result, the nucleosomes were 2times more concentrated than after purification (Figure 4-10C, D). However, the contaminating
free DNA was also concentrated along with the nucleosomes and thus became more abundant
(Figure 4-10C). Arguably, this increase in free DNA contamination could be caused by the
dissociation of DNA from the core histone octamer during concentration. Due to high free DNA
contamination and relatively low nucleosome concentration in the purified sample, we decided
to use the unpurified nucleosome sample for cryo-EM grid preparation. This crude nucleosome
sample was 3.5-times more concentrated than purified sample after concentration and had a
considerably lower level of free DNA contamination (Figure 4-10A, D).
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Figure 4-10. Purification of Esrrb-nucleosomes by size-exclusion chromatography. (A) The Esrrbnucleosomes (black arrowhead) were successfully reconstituted by the salt gradient dialysis and
visualised on a 6% TBE gel by EtBr staining. (B) Size exclusion elution profile of Esrrb-nucleosomes and
contaminating free Esrrb-DNA. The elution was monitored on a 6% TBE gel stained with EtBr. The gel
filtration removed the majority of the free Esrrb-DNA, but significantly diluted nucleosome sample.
Fraction B10 highlighted in green was concentrated. (C) The eluted fraction B10 containing Esrrbnucleosomes before (B10) and after concentration (Conc.) visualised on a 6% TBE gel by EtBr staining.
(D) The concentration of Esrrb-nucleosomes was estimated by densitometric analysis of the
nucleosomal DNA bands intensities, using free Esrrb-DNA as the standard (green cross). The
nucleosome samples were diluted 1:70 and concentrations were extrapolated from the free DNA
standard curve (orange line). The final concentration of Esrrb-nucleosomes pre-purification, postpurification and post-concentration was approx. 494.0, 63.1 and 141.7 ng/µL, respectively.

Initial evaluation of the cryo-EM grids showed sufficient quality, thickness and uniformity of
vitrified ice across the grids and only minor ice contamination at certain regions (Figure 4-11A).
Generally, optimal particle density, distribution, structural homogeneity and stability was
observed (Figure 4-11A). Since we used nucleosome sample that was not purified by sizeexclusion chromatography, free DNA strands were frequently visible (Figure 4-11A). However,
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the micrographs were highly populated with nucleosomes and overlapping with free DNA was
scarce. Thus, a large dataset of the Esrrb-nucleosomes was collected for single-particle cryoEM analysis, providing a total of 360,618 particles. The representative images of picked
particles are shown in Figure 4-11B. Flowchart summarizing all steps involved in the cryo-EM
data processing is presented in Figure B-2 (Appendix B). After curation, remaining 50,738
particles were subjected to final round 2D classification, yielding well-resolved 2D class
averages that represented top and side views of the Esrrb-nucleosomes (Figure 4-11C). The
distribution of the particles revealed that the side view orientations are strongly underrepresented as they contained 18-times less particles than the top view orientations (Figure
4-11C). Nevertheless, these class averages displayed 10-nm-diameter nucleosome structures
with a disc-shaped histone core around which the DNA was wrapped (Figure 4-11C).
Particularly in the side views two gyres of DNA wrapped around the histone octamer can be
seen (Figure 4-11C). Like Lin28B-nucleosomes (Figure 4-5C), Esrrb-nucleosomes appeared
to adopt two different conformations with respect to protruding DNA ends which were clearly
visible in both top and side views of nucleosomes (Figure 4-11C). Two top views, including
the one with the highest number of particles, showed teardrop-like structure, where one DNA
end remained associated with the histone octamer, while the other extended from NCP (Figure
4-11C). Here, the Esrrb-DNA might be asymmetrically positioned on the histone core or
alternatively it might asymmetrically unwrap from the histone octamer, making one of the DNA
ends more exposed. In remaining top views, the terminal DNA appeared to symmetrically
diverge from the nucleosome dyad, placing the two DNA ends far apart, which might be a
result of symmetric unwrapping of the DNA from the histone core (Figure 4-11C). Furthermore,
side by side comparison of cryo-EM 2D class averages of native nucleosomes revealed that
163 bp Esrrb-nucleosomes adopt similar DNA conformations to that of 162 bp Lin28Bnucleosomes as no significant structural differences were observed (Figure 4-11D). Indeed,
DNA protruding from the NCP can be clearly seen in the 2D class averages of both
nucleosomes and the conformation states of Esrrb- and Lin28B-DNA in these nucleosomes
are essentially the same (Figure 4-11D). Thus, Esrrb- and Lin28B-DNA fragments might have
similar conformational properties in nucleosome context, albeit with different sequences.
Overall, cryo-EM 2D class averages of Esrrb-nucleosome suggest that Esrrb-DNA ends are
partially unwrapped from the histone surface and exhibit a relatively high degree of
conformational flexibility. Similar localised DNA dynamics was also observed in Lin28Bnucleosomes and in both cases, it might be attributed to spontaneous "breathing" of
nucleosomal DNA ends.
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Figure 4-11. Cryo-EM 2D classification of Esrrb-nucleosomes. (A) A representative micrograph of
Esrrb-nucleosomes collected with a FEI Tecnai F20 EM during single-particle data collection. Esrrbnucleosomes, but also free DNA were visible in this dataset. (B) Examples of picked particles contributing
to the final reconstruction. The scale bar represents 10 nm. (C) Representative reference-free 2D class
averages of Esrrb-nucleosome top and side views after the final round of 2D classification, sorted in
descending order by number of particles in each class. Class averages of Esrrb-nucleosomes revealed
a preference for top views. (D) Comparison of representative cryo-EM 2D class averages of Lin28B- and
Esrrb-nucleosomes. (C, D) The scale bars are 10 nm and red arrowheads mark DNA protruding from
NCPs.

To obtain an initial coarse 3D model of Esrrb-nucleosome, an ab-initio reconstruction with two
classes was performed on the 50,738 particles from the final round of 2D classification. Class
1 contained 43.1% of particles and its density map did not have the disc-like shape expected
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of nucleosome, but rather it resembled spherical hollow structure (Figure 4-12A). The viewing
distribution plot showed one major hotspot of views with diverse angular orientations (Figure
4-12B). Apart from this, a large number of directions had very little or almost no viewing
images, leading to a considerable amount of missing structural information (Figure 4-12B).
Consequently, the coverage of viewing directions was less than optimal for reliable 3D
reconstruction. This was reflected in the 3D density map of class 1 which showed incomplete
nucleosome-like model with random discontinuous densities (Figure 4-12A). Class 2 was the
most highly populated group with 56.9% of particles (Figure 4-12C). Although, its density map
resembled the nucleosome in both the size and shape, the structure was incomplete due to
missing densities in several regions (Figure 4-12C). The viewing distribution plot of class 2
revealed a large number of different views, but only one major hotspot (Figure 4-12D). Thus,
achieved coverage of orientation views proved suboptimal for reliable 3D reconstruction of the
Esrrb-nucleosome.

Figure 4-12. Cryo-EM ab-initio 3D reconstruction of Esrrb-nucleosome. (A, C) Image projections of
homogenous ab-initio reconstruction with two classes, smaller class 1, with 21,848 particles (43.1%) (A)
and larger class 2, with 28,890 particles (56.9%) (C). Panels below image projections depict the ab-initio
3D density maps of two classes. Full views of the maps were arranged in orientations corresponding to
the respective image projections above. All images of 3D density maps were prepared in UCSF-Chimera.
(B, D) Euler angle orientation distribution plot of particles showing the conformational coverage of class
1 (B) and class 2 (D). The panel is the standard output from cryoSPARCv2.
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In conclusion, the coverage of viewing directions in both classes was deficient, and thus the
ab-initio reconstruction failed to reliably recover the structure of the Esrrb-nucleosome.
Nevertheless, class 2 showed the best particle orientation distribution and its density map
more closely resembled nucleosome with respect to overall shape than class 1 (Figure 4-12).
Therefore, a homogenous refinement was run with the class 2 ab-initio model. The orientation
distributions of the refinement outcome verified the observations from the ab-initio
reconstruction (Figure 4-13A). The homogenous refinement resulted in a 9.58 Å Esrrbnucleosome model from 28,890 particles. The gold-standard FSC used to estimate the
resolution is shown in Figure 4-13B. Following the refinement, the missing or discontinuous
densities observed in the ab-initio map (Figure 4-12C), became even more obvious. Here,
density corresponding to histone octamer core was very weak or completely absent (Figure
4-13C). Thus, the cryo-EM reconstruction provided an incomplete low-resolution model of
Esrrb-nucleosome that resembled the nucleosome with respect to size but did not have an
appearance of a canonical nucleosome (Figure 4-13C). The flattened disc-shaped structure
typical of nucleosomes was the most noticeable in the side views of the refined map, but top
views highlighted the lack of histone core structures (Figure 4-13C). Although the resolution
of the map was low, the subtle details of DNA strand wrapping around the histone core were
visible (Figure 4-13C). Unlike Lin28B-nucleosome, the Esrrb-nucleosome 3D model clearly
showed an unwrapping of one peripheral Esrrb-DNA region from the histone core (Figure
4-13C), which was also visible in the 2D class averages (Figure 4-11C). Generally, the overall
shape of Esrrb-nucleosome 3D model (Figure 4-13C) agreed well with cryo-EM 2D class
averages obtained earlier (Figure 4-11C). To derive more meaningful structural information
from the refined cryo-EM model, density map of Esrrb-nucleosome was superimposed with a
2.5 Å 601-NCP atomic model (Figure 4-13D). However, the histone core was not sufficiently
well resolved to unambiguously fit crystal structure and compare the maps (Figure 4-13D).
Based on this tentative alignment, it seems like Esrrb-nucleosome was trapped in a partially
unwrapped state (Figure 4-13D). Here, as a result of spontaneous asymmetric unwrapping,
the Esrrb-DNA appeared to partially unwind from histone octamer, loosening the nucleosome
structure. This DNA unwrapping might have prompted the disassembly of histone octamer,
starting from the eviction of H3/4 tetramer whose density was almost completely missing
(Figure 4-13D). Furthermore, only weak density corresponding to H2A/B dimers was detected
in Esrrb-nucleosome model, making the presence of H2A/B dimers in the structure uncertain
(Figure 4-13D). Additionally, the Esrrb-nucleosome density map showed subtle irregularity in
the curvature of DNA that should have been wrapped around histone octamer (Figure 4-13D).
Arguably, this might reflect the loosening of the nucleosomal DNA upon histone tetramer
eviction from the histone core. Importantly, the compact configuration of 601-DNA in the crystal
structure, highlighted the absence of densities for both DNA termini in the Esrrb-nucleosome
model (Figure 4-13D). The position of 601-DNA end relative to the density projecting from the
nucleosome core suggested that one end of Esrrb-DNA is unwrapped from the histone core
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and is displaced approximately 90° from the nucleosome dyad (Figure 4-13D). The density for
opposite Esrrb-DNA end was missing, but the subtle extension of the density map in this region
might indicate that this DNA end is also slightly unwrapped from histone surface (Figure
4-13D). Looking at the 2D class averages, the particles assumed conformations where one or
both DNA ends were unwrapped and showed a strong density corresponding to exposed free
DNA ends (Figure 4-11C). For the conformation where both DNA ends are symmetrically
diverging from histone core as seen in 2D class averages, a strong density for both unwrapped
DNA ends would be visible in 3D model. However, in this refined model the strong density was
detected for only one DNA end while the opposite end had no or very weak density (Figure
4-13D). During 3D reconstruction, the particles that were aligned and averaged together to
obtain this model presumably occupied different states of DNA unwrapping, where the most
particles showed major unwrapping of only one peripheral DNA region. In agreement with this,
one DNA end in the refined model possessed stronger density than the opposite DNA end.
Alternatively, the DNA end for which the density was missing might be more flexible and thus
imaged particles would have no or very weak density which would not necessarily be visible
in 3D density map. Indeed, recent studies implied that DNA tends to asymmetrically unwrap
from the stiffer DNA side and that major unwrapping of one DNA end might facilitate the
rewrapping of the opposite end (Chen et al., 2017b; Ngo et al., 2015). This suggested that less
flexible Esrrb-DNA end protrudes from NCP, while more flexible Esrrb-DNA end whose density
is missing in the density map (Figure 4-13D), remains in proximity of the histone core.
To identify which regions of Esrrb-nucleosome density map might be flexible, the refined map
was coloured according to values of the local resolution, going from the highest resolution in
red (10.2 Å) to the lowest in blue (17.4 Å) (Figure 4-13E). The nucleosome core had the lowest
resolution which was expected given the lack of densities for histone core structures (Figure
4-13E). Interestingly, the density extending from the nucleosome which was believed to be
unwrapped DNA end had the highest resolution, indicating that partially detached terminal
DNA might be less flexible (Figure 4-13E). Overall, this suggested that Esrrb-nucleosome
might indeed have an open DNA conformation in which stiffer Esrrb-DNA end preferentially
unwraps from the nucleosome core. However, any structural conclusions based on this model
cannot be overemphasised, given the overall low-resolution and absence of critical structural
information.
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Figure 4-13. Cryo-EM map of Esrrb-nucleosome (class 2) reconstructed using C1 symmetry to a
resolution of 9.58 Å. (A) Euler angle orientation distribution plot for the final homogenous refinement of
the class 2 ab-initio model from cryoSPARCv2. (B) Gold-standard Fourier shell correlation (GSFSC)
curve of the refined model. GSFSC was calculated during homogenous refinement with different masks.
An overall resolution was estimated to be 9.58 Å based on FSC with a cutoff of 0.143. (C) Cryo-EM
density map of Esrrb-nucleosome at 9.58 Å. (D) A 2.5 Å Widom 601-NCP atomic model (PDB ID 3LZ0)
docked into the cryo-EM 3D density map of Esrrb-nucleosome. (E) The Esrrb-nucleosome 3D density
map coloured according to local resolution estimated by BlocRes in cryoSPARCv2. Coloured full views
of the map illustrate the resolution of different regions in the nucleosome. All images of 3D density maps
were prepared in UCSF-Chimera.

Nucleosomes are highly dynamic structures that are prone to spontaneous conformational
changes. Thus, they can adopt alternative structural conformations that differ from the crystal
structure of the canonical nucleosome. Here, nucleosomal DNA can transiently unwrap from
the histone octamer, triggering DNA breathing, sliding, gaping or loosening (Bilokapic et al.,
2018; Li et al., 2005a; Miyagi et al., 2011; Ngo and Ha, 2015). Apart from DNA conformational
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variations, nucleosomes can also display asymmetry with regards to histone composition. For
instance, the dissociation of H2A/B dimer leads to formation of hexasome in which the DNA is
partially unwrapped from the histone hexamer and can adopt different conformations (Sheinin
et al., 2013; Bintu et al., 2011; Kireeva et al., 2002; Engeholm et al., 2009; Kato et al., 2017).
Both nucleosome breathing and hexasome formation are known to be intrinsic features of the
nucleosomes that facilitate nucleosome opening (Kireeva et al., 2002; Bohm et al., 2011).
Therefore, to find nucleosomal DNA conformation that more accurately reflects atypical DNA
organization in the Esrrb-nucleosome, a 5.1 Å cryo-EM-based model of 601-nucleosome
breathing (Bilokapic et al., 2018) was first fitted in the Esrrb-nucleosome cryo-EM map (Figure
4-14A). In this model ~15bp of entry/exit site DNA unwraps from the histone core, leading to
DNA detachment from the histone H3 tail and delocalization of the H2A C-terminal tail
(Bilokapic et al., 2018). This open nucleosome conformation corresponds better to lowresolution Esrrb-nucleosome model than the compact structure of canonical 601-NCP (Figure
4-13D). However, in Esrrb-nucleosome DNA detachment is more prominent as Esrrb-DNA
unwraps to a higher degree than 601-DNA (Figure 4-14A). Furthermore, the opposite end of
601 DNA remains stably associated with histone core, while in Esrrb-nucleosome, the density
for corresponding DNA end is absent, possibly due to increased flexibility (Figure 4-14A). To
find a model in which DNA unwraps to a similar degree to Esrrb-DNA, a 10.5 Å 601-NCP cryoEM map of nucleosome breathing where ~30 bp of DNA is detached from histone octamer
(Bilokapic et al., 2018), was fitted in the Esrrb-nucleosome map (Figure 4-14B). This model
agreed well with the overall shape of Esrrb-nucleosome and shared similar degree of DNA
unwrapping (Figure 4-14B). However, the 2D class averages of Esrrb-nucleosome (Figure
4-11C) suggested that both peripheral DNA regions might be unwrapped, which was also
hinted by 3D reconstruction of Esrrb-nucleosome (Figure 4-13D). Thus, Esrrb-nucleosome
model was overlaid with an 8.5 Å cryo-EM map of the 601-hexasome (Figure 4-14C) (Bilokapic
et al., 2018). The 601-hexasome contained only one H2A/B dimer and adopted DNA
conformation where ~15bp of DNA dissociated from histone hexamer on the one site and
~25bp on the opposite site (Bilokapic et al., 2018). Among all previously used models,
hexasome map best matched the overall shape of the low-resolution Esrrb-nucleosome
density map (Figure 4-14C). In the shown hexasome conformation, DNA protruding from both
sides of the hexasome was organized similarly to unwrapped peripheral DNA regions in the
Esrrb-nucleosome model (Figure 4-14C). Together with the lack of densities for core histones
in the Esrrb-nucleosome model, these observations indicated that some histones might have
dissociated from the Esrrb-nucleosome core, resulting in the loss of the histone-DNA contacts.
This would lead to nucleosome destabilization and increased Esrrb-DNA unwrapping and/or
sliding from histone core, which would be in agreement with the experimental cryo-EM map of
Esrrb-nucleosome (Figure 4-13C-E). However, in 601-hexasome only H2A/B dimer density
was missing, whereas in Esrrb-nucleosome the lack of core histone densities is considerably
more extensive, but this is likely due to a low quality of cryo-EM data (Figure 4-14C). Overall,
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the DNA configuration in hexasome cryo-EM map (Figure 4-14C) resembled the open
conformation of the Esrrb-nucleosome much more closely than compact canonical
nucleosome (Figure 4-13D) or 601-NCP models of nucleosome breathing (Figure 4-14A, B).
However, the histone core of Esrrb-nucleosome was incomplete and not sufficiently well
resolved to unambiguously fit nucleosome crystal structures or cryo-EM-based models.
Therefore, we could only make several assumptions about overall nucleosome shape and
DNA conformation, which will need to be verified by determining high-resolution structure of
Esrrb-nucleosome.

Figure 4-14. Comparing unwrapped DNA conformation of Esrrb-nucleosome with cryo-EM
models of 601-nucleosome breathing and 601-hexasome. (A) A 5.1 Å cryo-EM-based model of 601nucleosome breathing (PDB ID 6ESH; EMD 3949) fitted in the Esrrb-nucleosome cryo-EM map. ~15bp
of entry/exit site DNA is unwrapped from the histone core. (B) A 10.5 Å 601-NCP cryo-EM map of
nucleosome breathing (EMD 3930) was fitted in the Esrrb-nucleosome map coloured according to local
resolution. ~30 bp of DNA is detached from the histone octamer. (C) An 8.5 Å cryo-EM map of the 601hexasome (EMD 3925) was fitted in the Esrrb-nucleosome map coloured according to local resolution.
~15 + ~25 bp of DNA is dissociated from the histone hexamer. All images were prepared in UCSFChimera.
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In conclusion, the cryo-EM reconstruction of Esrrb-nucleosome yielded higher resolution
model than that of Lin28B-nucleosome obtained in our initial cryo-EM study. Nevertheless, it
was still far from near atomic resolution that can be achieved with cryo-EM. Unfortunately,
attaining the high-resolution 3D structure of the Esrrb-nucleosome was mainly limited by
incomplete

coverage

of

viewing

directions

(Figure

4-12).

More

precisely,

the

underrepresentation of side view orientations of nucleosome was primarily responsible for the
failure in reliable 3D reconstruction and limitation in achievable resolution of single-particle
cryo-EM. Given the low-resolution of the cryo-EM data, only rough 3D model of Esrrbnucleosome (Figure 4-13C) was obtained, which agreed well with 2D class averages with
respect to DNA configuration (Figure 4-11C). Both 2D (Figure 4-11C) and 3D (Figure 4-13C)
classification revealed an open conformation of Esrrb-nucleosome that was significantly
different from a compact conformation of canonical nucleosome (Figure 4-13D). Indeed, the
Esrrb-nucleosome

more

closely

resembled

the

partially

unwrapped

nucleosomal

intermediates (Figure 4-14). Based on these observations, the Esrrb-nucleosome most likely
adopts an open conformation that could be induced either by nucleosome breathing or
hexasome formation.
Previous studies have found that the nucleosome structure and dynamics (such as flexibility,
compaction, breathing) is influenced by intrinsic properties of the underlying DNA sequence
(Eslami-Mossallam et al., 2016; Radman-Livaja and Rando, 2010; Lai and Pugh, 2017; Struhl
and Segal, 2013). In this study, the nucleosome containing Esrrb-DNA presumably adopted
more open conformation (Figure 4-13C-E) than the nucleosome with Lin28B-DNA (Figure
4-8C). The structural differences in the DNA conformation of these two native nucleosomes
could be attributed to their DNA sequences. Here, certain DNA sequences possess structural
properties that can lead to a higher affinity for the histone octamer and thus nucleosome
formation (Huertas et al., 2020a; Radman-Livaja and Rando, 2010). For instance, bendable
DNA and DNA sequences with 10-bp periodical occurrence of AA/TT/TA or GC dinucleotides
strongly favour nucleosome formation, whereas stiff DNA sequences and those enriched for
polyA or T tracts disfavour nucleosome assembly (Huertas et al., 2020a; Radman-Livaja and
Rando, 2010; Eslami-Mossallam et al., 2016; Struhl and Segal, 2013; Lai and Pugh, 2017).
Importantly, DNA can also affect positioning, stability and mobility of nucleosomes (EslamiMossallam et al., 2016). Yet, how structural properties of DNA control nucleosome dynamics
at the molecular level remains elusive. The atomistic molecular dynamics (MD) simulations
have indicated that nucleosome containing Lin28B-DNA fragment which has higher AT content
(59.52%) and multiple TF binding sites, is more structurally flexible than nucleosome
containing Esrrb-DNA which has lower AT content (45.24%) and only one TF binding site
(Huertas et al., 2020a). Additionally, a thermal stability assay found that Lin28B-nucleosome
has lower temperature of dissociation than Esrrb-nucleosome, confirming that Lin28Bnucleosome is more mobile (Huertas et al., 2020a). Consequently, this higher flexibility
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resulted in greater amplitude of both breathing and twisting motions in the Lin28B-nucleosome
compared to Esrrb-nucleosome (Huertas et al., 2020a). Overall, these simulations proposed
that the Esrrb-nucleosome is structurally more compact and less flexible than Lin28Bnucleosome. Initially, we thought Lin28B-nucleosome might be highly flexible due to range of
DNA conformations observed in cryo-EM 2D class averages (Figure 4-5C) and overall lowresolution of preliminary 3D model (Figure 4-7C-E). These observations would agree with
molecular simulations as increased flexibility of Lin28B-nucleosome would be difficult to model
and could lead to overall low-resolution and missing densities. Importantly, a high-resolution
cryo-EM 3D model of Lin28B-nucleosome (Figure 4-8C) obtained in this study, revealed that
5ʹ DNA end is highly flexible which correlates with the higher structural flexibility and lower
compaction proposed in previously published MD simulation study (Huertas et al., 2020a).
Similar to Lin28B-nucleosome, cryo-EM 2D class averages of Esrrb-nucleosome also showed
a relatively high degree of conformational variation with respect to protruding DNA ends
(Figure 4-11D). This was also reflected in the cryo-EM 3D model of Esrrb-nucleosome (Figure
4-13C-E) which hinted that terminal DNA of the Esrrb-nucleosome might be more loosely
associated with the histone octamer than that of Lin28B-nucleosome (Figure 4-7C-E; Figure
4-8C). Given the relatively high local resolution of extending Esrrb-DNA end (Figure 4-13E),
this observation does not necessarily mean that Esrrb-nucleosome is more flexible than
Lin28B-nucleosome. Rather, it might indicate that Esrrb-DNA sequence at the partially
unwrapped DNA end might be stiffer or unstable (possibly due to higher AT content compared
to other DNA end) and thus prefers to detach from the histone core surface, adopting more
open conformation. Therefore, due to the intrinsic structural properties of Esrrb-DNA
sequence, Esrrb-nucleosome might be less stable and more open. In turn, such conformation
might be more prone to dissociation and consequent hexasome formation, which would agree
with structural similarities observed between Esrrb-nucleosome and hexasome model (Figure
4-14C).
Ultimately, the overall low quality of the cryo-EM data limits the utility of the resulting Esrrbnucleosome structure and raises the concerns about the reliability of the acquired model and
its relevance to the true native structure of Esrrb-nucleosome. Despite the great efforts, the
high-resolution structure of native Esrrb-nucleosome is yet to be achieved and either confirm
or deny the structural conclusions derived from low quality cryo-EM data acquired in this study.
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Chapter 5: Structural characterisation of native nucleosome in
complex with pioneer factor OCT4
5.1 Introduction
Transcription factors (TFs) are regulatory proteins that directly or indirectly engage their DNAtarget sites in the genome to activate or repress gene expression (Serikawa et al., 1990;
Ptashne and Gann, 1997). TF binding sites are often localized within nucleosome-protected
regions and hence inaccessible. Most DNA-binding factors access their binding sites by
spontaneous and transient exposure of nucleosomal DNA target occurring via nucleosome
positioning or ATP-dependent chromatin remodelling (Nagaich et al., 2004; Boeger et al.,
2008; Dechassa et al., 2010; Voss et al., 2011). However, a specific class of TFs termed
pioneer factors have the differential ability to overcome the repressive physical barrier imposed
by nucleosomes. Pioneer TFs regulate the expression of genes essential for cell
differentiation, pluripotency reprogramming and organ development (Iwafuchi-Doi and Zaret,
2014). These genes typically reside within nucleosome-enriched regions that are lacking
evident active histone modifications (closed chromatin) (Soufi et al., 2012; Soufi et al., 2015).
Previous studies suggested that destabilization of the nucleosome-DNA interactions could
facilitate pioneer TF access to their target sites within closed chromatin (Grebbin and Schulte,
2017; Zaret and Carroll, 2011). Proposed mechanisms for nucleosome destabilization
included the presence of poly(dA-dT)-rich sequences (Sekinger et al., 2005) or of histone
variants such as H3.3 or H2A.Z (Zhang et al., 2005; Jin et al., 2009; Jin and Felsenfeld, 2007).
However, in vitro assembly of nucleosome arrays on genomic DNA revealed that many
regulatory regions do not correspond to DNA sequences that reconstitute into unstable
nucleosomes (Zaret and Carroll, 2011; Grebbin and Schulte, 2017). Rather, pioneer TFs have
been shown to recognize their preferred DNA-binding motifs exposed on a nucleosome
surface in silent chromatin (Grebbin and Schulte, 2017; Zaret and Carroll, 2011; Iwafuchi-Doi
and Zaret, 2014; Iwafuchi-Doi, 2019). The prevailing model of pioneer factor action is
hierarchical (Soufi et al., 2015; Makowski et al., 2020). Firstly, they engage their target DNA
sequence within highly compacted silent chromatin prior to other factors binding and prior to
gene activation (Zaret and Carroll, 2011; Iwafuchi-Doi and Zaret, 2014). This initial targeting
can be accompanied by cooperative binding of the non-pioneer proteins, which in the presence
of pioneer factor can recognize their degenerate motifs on the nucleosome surface. Pioneer
factors can then actively facilitate the assembly of regulatory machinery on the nucleosomal
DNA by either locally opening the chromatin, altering nucleosome positioning, allowing
cooperative interactions between other DNA-binding proteins or directly recruiting chromatin
modifier complexes and transcriptional coregulators (Zaret and Carroll, 2011). Furthermore,
pioneer factor occupancy at a regulatory sequence prior to gene expression accelerates
transcriptional response by decreasing the number of additional factors necessary for
transcriptional activation (Zaret and Carroll, 2011). Thus, by active and passive means
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pioneers factors binding increases chromatin accessibility for other factors, which in turn
allows to endow the competence for de novo expression of previously silenced genes and
consequently cell fate changes (Zaret and Carroll, 2011; Zaret and Mango, 2016).
Remarkably, genome-wide mapping demonstrated that both pioneer and non-pioneer TFs
engage only a small fraction of their target DNA-binding motifs in vivo (Iwafuchi-Doi and Zaret,
2014). Additionally, the site-occupancy pattern varies among different cell types and depends
on the co-occupancy partners (Swinstead et al., 2016; Zaret, 2018). Thus, despite being able
to engage their putative motifs on nucleosomes, pioneer factors display binding site selectivity
regardless of presence or absence of nucleosomes at their targets. This preferential binding
to certain closed chromatin sites over other sites could be facilitated by cooperative
interactions with non-pioneer factors or post-translational modifications (Makowski et al.,
2020). However, not all target sites present in the genome are accessible for pioneer TF
binding due to higher-order chromatin compaction. For instance, the megabase-scale
heterochromatic regions in somatic cells termed differentially bound regions (DBRs), occlude
access of all TFs including pioneer factors and pose a further impediment to cellular
conversion to pluripotency (Soufi and Zaret, 2013). These heterochromatic blocks could
function as physical barriers preventing activation of fate-transformative genes in terminally
differentiated cells and thus preserving their cellular identity (Soufi and Zaret, 2013).
In recent years, pioneer factor-nucleosome binding events have been extensively studied,
providing important insights into molecular mechanisms by which pioneer TFs target their DNA
motifs on nucleosomes. Generally, it has been shown that structural features such as the
rotational position of the DNA-binding motif in the nucleosome and its placement relative to
histone core can affect pioneer factor binding (Sekiya et al., 2009; Sahu et al., 2010; Cui and
Zhurkin, 2014; Soufi et al., 2015; Makowski et al., 2020). For instance, pioneer TF FoxA1
(HNF3) demonstrated a preferential binding close to nucleosome dyad (McPherson et al.,
1993), while p53 targets sites near the nucleosome entry/exit (Yu and Buck, 2019). In contrast,
SOX2 has shown no preference for a particular position of its nucleosomal site. Rather, SOX2
pioneering activity depends on the inward- or outward-facing state of its binding motif and
cooperative interaction with poly(ADP-ribose) polymerase 1 (PARP1) which stabilizes SOX2
binding to nucleosomes (Liu and Kraus, 2017). Apart from DNA motif itself, other factors such
as DNA shape, torsional stress and motif density can be involved in the identification of
nucleosomal target sites by pioneer TFs (Ghosh et al., 2018; Makowski et al., 2020). Strikingly,
pioneer TF binding at the nonspecific sequences devoid of putative binding motif can still lead
to strong nucleosome binding that is comparable to the sequence-specific binding at the strong
motif (Sekiya et al., 2009; Yu and Buck, 2019). For instance, the DBD of TF Satb1, which
preferentially targets nucleosome-enriched sites, is essential for its binding specificity but is
dispensable for high affinity binding to nucleosomes (Ghosh et al., 2018). In addition, certain
pioneer TFs such as FoxA1 are known to contain core histone binding domains that play an
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important role in nucleosome targeting by pioneer factors and opening of compacted
chromatin (Cirillo et al., 2002). Currently, there is only limited number of high-resolution cryoEM or crystal structures of TF-nucleosome complexes, but continuous technical advancement
in cryo-EM field will lead to a profound understanding of structural and mechanistic bases by
which pioneer factors function in the chromatin context. To date, several TF-nucleosome
binding modes have been proposed in which TFs recognize and bind nucleosomal structural
features such as nucleosomal or extranucleosomal DNA, core histone surface, histone core
or tail regions or combination of these factors (Zhou et al., 2019b). Many TFs preferentially
target DNA near the entry/exit site of a nucleosome or positions regularly spaced along the
solvent-accessible side of nucleosomal DNA while some TFs display preference for only a
single or both DNA gyres at the nucleosomal dyad (Zhou et al., 2019b; Zhu et al., 2018). Most
pioneer TFs promote nucleosome destabilization or dissociation upon binding, thereby
increasing DNA accessibility at their binding sites and possibly preventing rewinding of the
bound DNA to the nucleosome which ultimately primes transcription activation (Zhu et al.,
2018). However, few unique TFs have been identified, the binding of which represses rather
than promotes dissociation of nucleosome. This so called gyre-spanning binding mode was
first reported for bivalent hairpin pyrrole-imidazole polyamides (PAs) (Edayathumangalam et
al., 2004) and later for T-box TFs, such as Brachyury (T) or TBX2 (Zhu et al., 2018). Here,
DNA binding domains of these dimeric factors target the nucleosomal supergroove created by
two superhelical gyres in a sequence-specific manner and, by effectively crosslinking two DNA
gyres, stabilize nucleosome against disassembly or improve nucleosome positioning
(Edayathumangalam et al., 2004; Zhu et al., 2018). These findings suggest that pioneer factors
can not only promote, but also repress gene expression, highlighting the complexity of
transcriptional regulation in eukaryotes. Yet, significance and prevalence of this repressive
mode of action in vivo remains to be defined.
Specific combinations of TFs that play a key role in maintaining cell fate under physiological
settings can also transform somatic cells during reprogramming (Graf and Enver, 2009; Xu et
al., 2015). In cellular reprogramming, terminally differentiated cells are reverted to pluripotent
cells known as induced pluripotent stem cells (iPSCs), by ectopic expression of TFs OCT4,
SOX2, KLF4 and c-MYC (OSKM) which have been selected due to their essential roles in
sustaining the pluripotency state of embryonic stem cells (ESCs) (Takahashi and Yamanaka,
2006; Chen et al., 2008; Nichols et al., 1998; Avilion et al., 2003; Li et al., 2005b; Cartwright
et al., 2005). Nevertheless, how defining a unique set of TFs specifies the cell fate in these
distinct cellular contexts remains obscure. Thus, revealing the structural and functional
features of OSKM-nucleosome complexes, defining how OSKM factors control nucleosome
dynamics to alter local chromatin structure and studying the limits of their pioneer activity will
provide important insights into cell-fate reprogramming. Ultimately, this knowledge will help
improve the reliability and fidelity of transcription factor-based reprogramming which holds a
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remarkable potential for both research and regenerative medicine. In general, OSKM factors
appear to have inherent potential to render somatic genome more susceptible for adopting
chromatin conformations, which promote cellular conversions. Previous studies indicated that
early in reprogramming and in ESCs, the OSK factors, but not c-MYC, could function as
pioneers due to their ability to access silent genes found within “closed” chromatin, including
those crucial for pluripotency such as ESRRB and SALL4, and to induce chromatin opening
upon binding (Soufi et al., 2012; Li et al., 2017a; Knaupp et al., 2017; King and Klose, 2017;
Teif et al., 2012). Indeed, purified O, S and K have been shown to bind reconstituted
nucleosomes in vitro and to preferentially target closed chromatin sites densely-populated with
nucleosomes in vivo (Soufi et al., 2015). The foregoing study also showed that O, S and K
factors recognize partial or degenerate motifs on nucleosomes while in the context of free
DNA, these factors target their full-length motifs (Soufi et al., 2015). Interestingly, it also
proposed that OS or OK can together bind both of their partial motifs on nucleosomes (Soufi
et al., 2015). These findings suggested that the inherent ability of OSKM DBDs to recognize
and interact with partial canonical motifs on nucleosomes is a major determinant of their
pioneer factor activities (Soufi et al., 2015). Reprogramming factors O, S, K and M contain
different structural classes of DBDs, including Pit-Oct-Unc (POU), Sry-related High Mobility
Group (HMG), Zinc Fingers (ZnF), and basic-helix-loop-helix (bHLH), respectively (Soufi et al.,
2015). Yet, the structural and mechanistic details of how these diverse DBDs interact with
nucleosomes remain scarce, limiting our understanding of the mechanisms underlying OSKMmediated processes early in reprogramming. Arguably the most interesting of these factors,
OCT4 plays an essential role in maintaining ESC self-renewal and pluripotency (Niwa et al.,
2000; Pesce and Scholer, 2001) and is the only reprogramming TF that cannot be functionally
substituted by any other member of POU family to induce pluripotency (Shi et al., 2008a;
Nakagawa et al., 2008; Feng et al., 2009a; Jin et al., 2016; Radzisheuskaya and Silva, 2014).
Several studies have found that exogenous expression of OCT4 alone can induce pluripotency
in cell types that endogenously express other reprogramming factors (Kim et al., 2009c; Kim
et al., 2009b; Tsai et al., 2011; Wu et al., 2011; Velychko et al., 2019). Although OCT4 is
commonly used for derivation of iPSCs, it has been shown that OCT4 can be replaced with
other factors in iPSC induction, majority of which function through the Oct4 gene activation
(Buganim et al., 2012; Gao et al., 2013; Heng et al., 2010; Shi et al., 2008b; Velychko et al.,
2019). The pioneer activity of OCT4 was well characterised by studying OCT4 occupancy at
the enhancer elements of three critical OCT pluripotency targets, Pou5f1, Sox2 and Nanog
(Shakya et al., 2015). Importantly, OCT4 was found to target the most highly nucleosome
enriched sites in fibroblast genome independently of other factors and to bind directly to
nucleosomal DNA with similar or higher affinity as to free DNA (Soufi et al., 2015). The bipartite
DNA-binding domain of OCT4 consists of N-terminal POU-specific (POUS) domain with three
α-helices and C-terminal POU-homeodomain (POUHD) with four α-helices which are
connected via linker (Esch et al., 2013). Together, these subdomains situated in the centre of
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the protein, bind an octameric DNA sequence, ATGC(A/T)AAT and similar sequence motifs in
chromatin (Scholer et al., 1989; Rosner et al., 1990; Verrijzer et al., 1992). The crystal structure
of OCT4-POU-DNA complex revealed that OCT4 binds to its target sequence within the DNA
major groove and each POU subdomain can bind half of the octameric DNA motif (Esch et al.,
2013). Remarkably, either POUS or POUHD in complex with DNA containing canonical motif
occupies less than half of DNA circumference, leaving DNA on the other side more exposed
and possibly compatible with nucleosome binding (Soufi et al., 2015). In contrast, when both
POU subdomains are bound to octameric motif, DNA surface is less exposed because POU S
and POUHD bind on opposite sides of DNA, making this configuration sterically incompatible
with nucleosome binding (Soufi et al., 2015). Therefore, a model has been proposed where
one of the OCT4 domains binds a partial motif exposed on the nucleosome surface in a
sequence-specific manner. Indeed, it was reported that OCT4 interacts with its full octameric
motif at nucleosome-depleted sites, while at nucleosome-enriched sites it targets partial
hexameric DNA motif using either POUS or POUHD subdomain (Soufi et al., 2015). This was
confirmed by DNase footprinting of OCT4-bound Lin28B-nucleosomes, showing partial
protection of OCT4 canonical motif (Soufi et al., 2015). Furthermore, in mass-spectroscopy
analysis of OCT4 interaction network, histones were identified as OCT4-associating proteins
(Pardo et al., 2010), suggesting a contribution of protein-histone interactions to the OCT4
binding affinity. The TFs from the Pax family containing a bipartite DNA-binding domain have
been shown to use both of their domains to interact with DNA while leaving a half of DNA
solvent-exposed and thus compatible with nucleosome binding (Garvie et al., 2001; Xu et al.,
1999; Soufi et al., 2015). This coincides with previously reported pioneer activity of Pax7 which
preferentially recognizes its full-length motif on nucleosome (Budry et al., 2012; Mayran et al.,
2019). Therefore, bipartite TFs appear to have the ability to bind nucleosome-occupied DNA
using either one of their DBDs or through both DBDs positioned at the same DNA surface
(Soufi et al., 2015). It is noteworthy that the pioneering action of a Zebrafish Pou5f1, a homolog
of mammalian OCT4, was observed during the maternal-to-zygotic transition in which Pou5f1
was shown to stably interact with SOX-POU binding sites prior to zygotic gene expression
(Lee et al., 2013; Leichsenring et al., 2013), indicating that binding nucleosome-enriched sites
may be a common strategy for de novo programming of the chromatin landscapes (Soufi et
al., 2015).
Despite the great significance of pioneer OCT4 in reprogramming, the underlying mechanism
responsible for its profound pioneer activity and strong reprogramming competence remains
obscure. Recently, a mutational analysis and crosslinking mass spectrometry have found that
OCT4 preferentially interacts with its target sequence at the entry/exit region of the Lin28Bnucleosome (Echigoya et al., 2020). This correlates with previously reported preference of
POU family TFs for binding positions towards the ends of nucleosomal DNA (Zhu et al., 2018).
Importantly, the cryo-EM structures of OCT4-SOX2-bound nucleosome complexes have been
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determined, providing important insights into cooperative binding mechanisms of OCT4-SOX2
(Michael et al., 2020). In these structures, SOX2 displaces the nucleosomal DNA end away
from the histone core and assists the binding of OCT4 POUS domain to its target DNA
sequence within the nucleosome (Michael et al., 2020). Collectively, these studies indicated
that OCT4 preferentially engages the end-positioned target nucleosomal DNA sequences
which are weakly associated with or uncoupled from the histone core (Echigoya et al., 2020).
Arguably, single-molecule total internal reflection fluorescence (TIRF) microscopy suggested
that OCT4 indiscriminately targets both end- and dyad-positioned binding motifs on the 601nucleosomes (Li et al., 2019b). However, this is likely caused by excess of OCT4 over
nucleosomes which would promote non-specific OCT4 binding (Echigoya et al., 2020).
Alternatively, it might be due to specific low affinity binding of OCT4 to its target sites located
near the nucleosome dyad (Echigoya et al., 2020).
Despite ongoing efforts, the molecular mechanism by which OCT4 recognises and engages
its target motifs in the native nucleosomes has not yet been clarified and require further
investigation. Therefore, in this study, we primarily aimed to determine the structure of native
Lin28B-nucleosome in complex with OCT4 and hereby to provide molecular insights into the
unique role of OCT4 in reprogramming. We hypothesised that protein-histone and proteinDNA interactions specify OCT4 binding to partial motif exposed on nucleosome. Thus, by
taking advantage of pioneering biophysical methods based on cryo-EM, we aimed to
determine the structure of OCT4 in complex with native nucleosome, to elucidate the detailed
protein-DNA and protein-histone interactions within this complex and to define how these
interactions contribute to the pioneer and reprogramming activities of OCT4. To reveal the
structural details and confirm or disprove our hypotheses, we first needed to obtain a
sufficiently concentrated, structurally homogenous and stable OCT4-nucleosome complex for
cryo-EM. Thus, a total of three OCT4 candidates for complex formation were selected, namely
full-length OCT4 WT, OCT4 DBD and deletion mutant D73 (Figure 5-1). Primarily, we focused
on the full-length OCT4 WT since it was the most biologically relevant option, and it displayed
a higher affinity for nucleosomes than its DBD alone in the binding studies (Figure 5-2).
However, the considerable flexibility in the regions outside the well-structured DBD could lead
to severe conformational heterogeneity which introduces bias in the reconstructions and limits
the resolution obtainable by cryo-EM. Thus, to reduce inherent structural heterogeneity, we
also attempted to generate a nucleosome in complex with OCT4 DBD despite its lower affinity
for nucleosomes than full-length OCT4. Lastly, based on the results of OCT4 deletion mutant
screening, OCT4 D73 was selected, because it showed higher affinity for nucleosomes than
OCT4 WT and thus could more readily form highly concentrated and structurally homogenous
complex than other two OCT4 proteins (Figure 5-2).
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Figure 5-1. Three possible OCT4 variants for cryo-EM study of OCT4-Lin28B-nucleosome
complex. This diagram summarizes three OCT4-Lin28B-nucleosome complexes, containing either
OCT4 WT, DBD or D73, that we attempted to prepare for single-particle cryo-EM.

In this chapter, we aimed to prepare high concentration samples of OCT4 WT, DBD and D73,
to form a stable complex of OCT4 with primarily Lin28B-nucleosomes (but also with Esrrbnucleosomes) and finally to elucidate the structure of OCT4-nucleosome complex using cryoEM. By solving the structure of native nucleosome bound by pioneer TF OCT4, we hoped to
provide detailed molecular insights into how OCT4 recognizes and binds its target DNA
sequence in the native nucleosome. These findings could contribute valuable information
towards understanding the structural and mechanistic bases by which OCT4 engages closed
chromatin sites and controls pluripotency in cells. Ultimately, such knowledge will inform a
more nuanced view of transcriptional regulation of genes and chromatin structure.
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5.2 Results
Recent studies conducted by Dr Gareth Roberts in Dr Soufi’s laboratory, aimed to define the
OCT4 domains critical for native Lin28B-nucleosome binding in vitro. Here, a total of 119
OCT4 deletion mutants was produced in which five adjacent amino acids (a.a.) were
sequentially removed across the 360 a.a. human OCT4 protein with a two a.a. overlap.
Subsequently, 118 of these OCT4 deletion mutants were expressed as recombinant proteins
at a level similar to OCT4 wild-type (OCT4 WT), and their binding affinities for both Lin28BDNA and Lin28B-nucleosomes were measured by EMSA (Figure 5-2A). The majority of
deletions within a bipartite DNA-binding domain (POUS: D48-70 and POUHD: D79-95)
completely eliminated binding of OCT4 to both free and nucleosomal DNA, suggesting that
OCT4 DBD is crucial for both free DNA and nucleosome targeting (Figure 5-2A). In addition,
several deletions within N-terminal (NT) and C-terminal (CT) domains of OCT4 diminished free
DNA and nucleosome binding (Figure 5-2A). Moreover, a recombinant OCT4 DBD was shown
to engage both free and nucleosomal DNA, although with lower affinity than full-length OCT4
as proposed by ~3.4-fold greater apparent dissociation constants (Kd) (Figure 5-2C, D).
Collectively, these findings indicated that unlike the paradigm pioneer TF FOXA that requires
both the DBD and C-terminal domain for nucleosome binding (Cirillo et al., 2002), the
nucleosome-targeting activity of OCT4 is confined primarily to its DBD with some additional
contributions from terminal and linker regions.
Both POU subdomains contain a helix-turn-helix (HTH) structural motif, which is important for
sequence-specific DNA binding of OCT4 and other POU family members (Klemm et al., 1994;
Esch et al., 2013; Ruvkun and Finney, 1991; Jerabek et al., 2014). Here, the HTH motif of
each POU subdomain directly interacts with specific DNA target sites (Jerabek et al., 2014)
by inserting into the DNA major groove and establishing extensive sequence-specific contacts
with the DNA bases (Kong et al., 2015; Phillips and Luisi, 2000). Additionally, the N-terminal
arm of POUHD domain is rich in positively charged residues (either arginine or lysine), forming
RK-motif (a.a. 230-234 in human OCT4) which interacts with the minor groove where it
mediates important protein-DNA contacts and contributes significantly to DNA binding (Klemm
et al., 1994; Esch et al., 2013; Jacobson et al., 1997; Jerabek et al., 2014). Despite being
related to the classic homeodomain proteins, the POUHD subdomain employs a unique proteinDNA recognition mechanism and displays reduced efficiency in DNA binding (Kong et al.,
2015). Previous studies indicated that cooperative binding of both POUS and POUHD domain
to the DNA major groove is necessary for high affinity, sequence-specific DNA-binding and
disruption of the DNA-POU interactions substantially diminishes the DNA binding affinity of
POU family members (van Leeuwen et al., 1995; Jacobson et al., 1997; Esch et al., 2013;
Verrijzer et al., 1992). Furthermore, the results of our mutagenesis studies highlighted the
importance of both POU subdomains in OCT4-DNA binding as deletions across POUHD and
POUS abolished or reduced OCT4 binding to both free and nucleosomal DNA.
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Interestingly, deletion within D79 (a.a. 236-240) located in the N-terminal tail of POUHD domain,
abolished OCT4 binding to nucleosomes without significantly reducing its affinity for free DNA,
while not interfering with the DNA-sequence specificity of OCT4 (Figure 5-2A, dagger symbol).
This suggested that by removing five consecutive a.a. from OCT4 POU HD domain, the
nucleosome binding encoded by OCT4-DBD can be separated from the free DNA binding.
Several other deletions withing POUHD domain, namely D82-83 and D86-87 (Figure 5-2A,
double dagger symbol), abolished nucleosome binding, but also reduced free DNA binding.
Since these mutants do not contain deletion within positively charged RK-motif (a.a. 230-234),
the observed loss of nucleosome binding is unlikely due to disruption of the interactions
between RK-motif residues and the DNA minor groove. Further mutagenesis studies
conducted in Dr Soufi’s laboratory suggested that length of D79 segment rather than its a.a.
sequence is the leading cause of the reduced OCT4-nucleosome binding. Notably, the
incremental deletion of a.a. 236-240 from D79 region has shown that shortening by just single
a.a. prevents OCT4-nucleosome binding. Remarkably, in the free DNA context the absence
of 1 and 2 a.a. from D79 region reduced DNA binding to a greater extent than removal of 3, 4
and all 5 a.a. residues. This indicated that shortening N-terminal arm of the POUHD domain
influences the orientation of POUHD relative to POUS and thus alters the canonical
configuration of OCT4 compatible with free DNA binding. Similar periodic effect was exhibited
by other initially identified OCT4 mutants containing five a.a. deletions within POUHD domain,
namely D82-83 and D86-87 with some free DNA binding ability and D80-81 and D84-85 with
abolished DNA binding (Figure 5-2A). Given that OCT4 employs distinct DBD configurations
for DNA and nucleosome targeting, these results suggested that the length of D79 limits the
inherent adaptability of the OCT4 DBD to both free and nucleosomal DNA binding, yet in
different manners. Notably, the ChIP-seq analysis performed in Dr Soufi’s laboratory has
shown that in mouse embryonic fibroblasts (MEFs) at 48 hr post-induction OCT4 D79 mutant
predominantly targeted open chromatin sites which correlates with the inability of OCT4 D79
to bind nucleosomes in vitro. Importantly, the OCT4 D79 along with all OCT4 deletion mutants
with shortened D79 region that were unable to bind nucleosomes in vitro, failed to generate
iPSCs from MEFs and maintain mouse ESC pluripotency. These findings highlighted the
importance of the nucleosome binding activities of OCT4 for both iPSC reprogramming and
pluripotency maintenance. Here, the interaction with nucleosomes is necessary for OCT4 to
access the developmentally silenced pluripotency genes within closed chromatin and to
maintain the chromatin accessibility at pluripotency-maintenance sites in ESCs.
Unlike the conserved POUS and POUHD domains, the flexible linker region (residues N213A229 in human OCT4) tethering these subdomains is highly variable in both sequence and
length (Esch et al., 2013; Herr and Cleary, 1995). The N-terminal part of the OCT4 linker is
structured as a short surface-exposed α-helix (α5) which plays an important role in
reprogramming as the point mutations within this region of mouse OCT4 (residues N76-E82
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i.e., N206-E212 with the N-terminal 130 a.a.; homologous to N213-E219 in human OCT4)
altered or completely abolished the OCT4 reprogramming activity (Esch et al., 2013). The
mass spectrometry analysis of the OCT4 interactome suggested that linker region may serve
as a protein-protein interaction interface for the recruitment of epigenetic factors to OCT4
target genes during reprogramming process (Esch et al., 2013; Merino et al., 2014). Previous
mutational studies of mouse OCT4 has shown that mutating the L80A residue (i.e. L210 homologous to L217 in human OCT4) abolished the OCT4 reprogramming activity (Esch et
al., 2013). Using the site saturation mutagenesis at selected a.a. residues in mouse OCT4,
Tan et al. has revealed that mutating the E78 residue (i.e., E208 - homologous to L215 in
human OCT4) to proline improves iPSC reprogramming outcomes (Tan et al., 2021).
Furthermore, they have shown that T22R/E78P and T22R/E78A double mutants containing
threonine-to-arginine substitution in POUS domain and glutamate-to-proline or alanine
substitution in linker region significantly outperformed OCT4 WT in pluripotency
reprogramming (Tan et al., 2021).
In initial mutagenesis screening of the 118 OCT4 mutants conducted in Dr Soufi’s laboratory,
two deletions within the linker region between POU subdomains, namely D73 and D75,
increased OCT4 affinity for both free DNA and nucleosomes (Figure 5-2A, asterisks). Notably,
the OCT4 linker mutant D73 (a.a. 218-222) had significantly higher affinity for Lin28Bnucleosomes than OCT4 WT as proposed by ~2.5-fold lower Kd compared to OCT4 WT
(Figure 5-2B, C, D). In addition, the free and nucleosomal DNA binding specificity of OCT4
D73 was comparable to that of OCT4 WT. In the OCT4 D73 mutant the linker α-helix structure
is only partially disrupted by removal of a.a. residues Q218, E219, I220, C221 and K222
(Figure 5-2B). Thus, the linker residues L80 and E78 (i.e., L210 and E208 homologous to L217
and E215 in human OCT4) remain intact in the OCT4 D73 mutant. Instead the deletion within
the D73 region includes residues Q81 and E82 (i.e., Q211 and E212 homologous to Q218 and
E219 in human OCT4) which when mutated to alanine exhibited a similar reprogramming
efficiency to that of OCT4 WT (Esch et al., 2013). Furthermore, the residues deleted in the
OCT4 mutant D73 and D75 include E219 and E224, respectively (homologous to E212A and
E217A in mouse OCT4), which when mutated to alanine enhanced the affinity of mouse OCT4
for DNA (Kong et al., 2015). These negatively charged E linker residues make contacts with
the solvent-accessible RK-motif in POUHD domain, partially shielding the positively charged
RK-motif residues from recognizing the DNA minor groove electrostatic potential in the OCT4
target sites (Kong et al., 2015). Thus, the deletion within the OCT4 D73 and D75 may enhance
the DNA recognition through disruption of the crosstalk between the RK-motif and linker
segment that allows the RK-motif to readily interact with the minor groove at the OCT4 target
sites. These findings suggested that the OCT4 linker region may not only serve as a proteinprotein interaction interface, but it may also facilitate fine-tuned regulation of DNA recognition
by OCT4 through interaction with the RK-motif.
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The latest ChIP-seq analysis conducted in Dr Soufi’s laboratory has shown that in MEFs at 48
hr post-induction OCT4 D73 mutant occupied the greater number of sites than OCT4 WT,
mainly within closed chromatin. Despite the preferential enrichment at closed chromatin sites,
this linker segment mutant lost the ability to generate iPSCs from MEFs and to maintain
pluripotency in mouse ESCs, illustrating a key role of the linker region. Since linker segment
acts as a protein-protein interaction interface (Esch et al., 2013; Merino et al., 2014), the
deletion within D73 region may adversely affect both the induction and maintenance of
pluripotency by disrupting the cooperative interactions of OCT4 with other factors and by
impairing the recruitment of chromatin modifier complexes and transcriptional coactivators for
the reactivation of silent pluripotency genes and for sustaining the activity of pluripotencymaintenance genes. In conclusion, the ability of OCT4 to not only bind nucleosomes, but also
to cooperatively interact with other DNA-binding factors and to recruit chromatin modifiers and
coregulators appears to be essential for modulating the chromatin accessibility at the
pluripotency-associated genes during reprogramming and cell fate maintenance.
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Figure 5-2. Defining the OCT4 domains critical for native Lin28B-nucleosome binding in vitro. (A)
Bar plot depicting affinity of 118 OCT4 deletion mutants for Cy5-labelled Lin28B-DNA (red) and Lin28Bnucleosome (blue) as determined by EMSA. Asterisks mark OCT4 mutants with increased affinity for
both free and nucleosomal DNA, whereas dagger highlights deletion mutant D79 that can interact with
free but not nucleosomal DNA. Double daggers mark OCT4 mutants D82-83 and D86-87 that display
some free DNA binding but cannot interact with nucleosomes. Top panel depicts schematic diagram of
OCT4 domain organisation with the blues spirals representing the α-helical secondary structure of OCT4DBD. The fraction bound plotted on the y-axis represents the fraction of free Lin28B-DNA or Lin28Bnucleosome bound by respective OCT4 proteins (x-axis) as determined by EMSA. The fraction of bound
DNA/nucleosome was calculated using following equation: 𝐟𝐫𝐚𝐜𝐭𝐢𝐨𝐧 𝑫𝑵𝑨/𝒏𝒖𝒄𝒍𝒆𝒐𝒔𝒐𝒎𝒆𝒃𝒐𝒖𝒏𝒅 = 𝟏 −
[(𝑫𝑵𝑨/𝒏𝒖𝒄𝒍𝒆𝒐𝒔𝒐𝒎𝒆𝒇𝒓𝒆𝒆 )/(𝑫𝑵𝑨/𝒏𝒖𝒄𝒍𝒆𝒐𝒔𝒐𝒎𝒆𝒕𝒐𝒕𝒂𝒍 )]. Data show the results of three independent
experiments. (B) Cartoon representations showing side (middle panel) and top (right and left panels)
views of the 3D structure (PDB ID: 3L1P) of OCT4-DBD in complex with DNA (grey), highlighting the
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POUS (purple), POUHD (blue), POU linker (yellow) and residues deleted in the D73 mutant (red). (C)
Representative EMSA showing the affinity of increasing amounts of recombinant bacterial-expressed
OCT4 WT, OCT4 DBD and OCT4 D73 protein to Cy5-labelled Lin28B-DNA (left half, white arrowheads)
and Lin28B-nucleosome (right half, black arrowheads). The samples were visualised on a native 4%
PAGE by Cy5-fluorescence. Results are representative of three independent experiments. (D) The
affinities of OCT4 proteins for DNA and nucleosomes as measured by the apparent dissociation constant
(Kd). Kd (nM) values were quantified from three independent EMSA within a standard error. All
experiments were performed, and the figures presented in this panel were prepared by Dr Gareth
Roberts in Dr Soufi’s laboratory.

Previous studies have suggested that protein-histone interactions may also contribute to the
OCT4 nucleosome binding (Pardo et al., 2010; Echigoya et al., 2020). Recently, crosslinking
mass spectrometry analysis provided evidence that N-terminal tails of predominantly histone
H3 and to a lesser extent H2A and H4 may directly contribute to OCT4 binding to the Lin28Bnucleosome (Echigoya et al., 2020). Here, the N-terminal residues of H3 crosslinked mainly
with the OCT4-POUS domain, but not with the POUHD domain (Echigoya et al., 2020). This
may be because the OCT4-POUS domain primarily interacts with its DNA sequence near the
entry/exit site of the nucleosome, where H3 N-terminal region is located (Echigoya et al.,
2020). This would correlate with the cryo-EM structure of OCT4-SOX2-NCP complex in which
only OCT4-POUS was bound to the recognition site on the nucleosome, while the linker region
and POUHD domain were not resolved (Michael et al., 2020). Therefore, in addition to defining
the OCT4 domains essential for nucleosome targeting, we attempted to investigate the role of
core histone tails in OCT4 binding to nucleosomes. Here, the OCT4 WT binding to tailless
variants of Cy5-Lin28B-nucleosomes, prepared earlier in this study (see Chapter 3, section
3.2.4), was evaluated by EMSA (Figure 5-3B). The OCT4 WT interacted with all four variants
of tailless nucleosomes and showed similar binding pattern for these nucleosomes as for intact
nucleosomes (Figure 5-3B). Among these histone mutants, the OCT4 appears to bind to tlH3nucleosome slightly more effectively compared to other tailless Lin28B-nucleosome variants
(Figure 5-3B). Here, the deletion of H3 tail may destabilize the nucleosomal DNA at the
entry/exit region of the Lin28B-nucleosome, resulting in increased DNA exposure and thus
enhanced OCT4-nucleosome binding (Huertas et al., 2020a; Huertas et al., 2020b; Li and
Kono, 2016; Nurse et al., 2013; Andresen et al., 2013; Bendandi et al., 2020).
In contrast, tlH2B-nucleosomes were not completely shifted at the highest OCT4
concentration, indicating that H2B tail may enhance OCT4 binding to nucleosomes (Figure
5-3B). However, due to highly disordered nature of histone tails, currently available cryo-EM
structures or MD simulations provide no clear evidence for direct interactions between OCT4
and N-terminal tail of H2B in the Lin28B-nucleosome. Previously, the removal of the H2B tails
located on the opposite side of the nucleosome dyad have been found to reduce the overall
nucleosome stability (Iwasaki et al., 2013) while at the same time also reducing the mobility of
the histone octamer on DNA (Ferreira et al., 2007; Chakraborty et al., 2018). The MD
simulations of NCP suggested that collapse of the N-terminal H2B tail into the DNA minor
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groove can destabilize the nucleosome by promoting the formation a loop/bulge of
nucleosomal DNA on the histone core surface (outward stretching motion), which increases
the local DNA flexibility in this region (SHL-5) and destabilizes nucleosome (Chakraborty et
al., 2018). At the same time, the H2A C-terminal tail stabilizes the nucleosome in a closed
conformation with an inward breathing motion of the nucleosomal DNA ends (SHL-6)
(Chakraborty et al., 2018). The interplay between H2B tail-mediated destabilization and H2A
tail-mediated stabilization generates a nucleosomal DNA wave on the histone octamer surface
(Chakraborty et al., 2018). Given that one of three potential OCT4 target sites existing in
Lin28B-nucleosome is located at the flexible DNA end (SHL-7) and another one in the region
of H2B N-terminal domain binding (SHL-4.5), the deletion of H2B tail could decrease the
nucleosomal DNA accessibility in or near the region of its binding. Here, absence of the
destabilizing effect of the H2B N-terminal tail together with prevailing stabilization effect of the
H2A C-terminal tail, could affect the interactions between OCT4 and two of the Lin28Bnucleosome target sites. This could reduce, but not completely abolish OCT4 binding to tlH2B
variant of the Lin28B-nucleosome. Alternatively, since the H2B N-terminal region directly
interacts with DNA, the H2B N-terminal tail deletion could affect the Lin28B-DNA trajectory
near its binding site (Iwasaki et al., 2013). This could alter the orientation and/or solvent
exposure of OCT4 DNA motifs around the H2B tail regions on the H2B tailless Lin28Bnucleosome, resulting in diminished OCT4 binding to tlH2B-nucleosome (Iwasaki et al., 2013).
Collectively, these results suggested that in addition to the OCT4 domains, histone tails could
also play an important role in nucleosome targeting by OCT4.
In conclusion, the absence of any one of the histone N-terminal tails did not prevent the OCT4
binding to the Lin28B-nucleosome. Furthermore, these findings implied that OCT4 binding to
nucleosome could be abolished not through perturbation of OCT4-histone interactions, but
rather by restricting the ability of OCT4 DBD to adopt a conformation compatible with
nucleosome binding.

130

Figure 5-3. OCT4 WT can interact with tailless variants of Cy5-Lin28B-nucleosomes. (A) Simplified
diagram illustrating the preparation of tailless Cy5-Lin28B-nucleosomes bound by OCT4 WT. Diagram
shown is for illustration purpose only. (B) Representative EMSA showing the affinity of increasing
amounts of recombinant bacterial-expressed OCT4 WT for Cy5-labelled Lin28B-DNA (left side, white
arrowheads) and Lin28B-nucleosome (right side, black arrowheads). The samples were visualised on a
native 4% PAGE by Cy5-fluorescence. The results shown are representative of three independent
experiments. EMSA was performed by Dr Gareth Roberts in Dr Soufi’s laboratory.
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5.2.1 Preparation of recombinant human OCT4 WT, DBD and D73
proteins at high concentrations
5.2.1.1 Overexpression and purification of recombinant OCT4 proteins
Since sufficiently concentrated nucleosome samples have been generated in the previous
chapter, now we focused on obtaining high concentration of three variants of pioneer TF
OCT4, namely OCT4 WT, DBD and D73. To achieve this, we have tested several expression,
purification and refolding approaches in which we tried various buffer conditions, including
different buffer types, increasing salt concentration, varying imidazole gradient concentration
or changing pH. However, the results of the strategy that was most successful in terms of
protein concentration and purity are presented in Figure 5-4. Here, the main steps of the OCT4
proteins preparation are summarised in Figure 5-4A. All three human OCT4 proteins fused to
a N-terminal His6-tag were expressed efficiently in E. coli system and subsequently purified
from the whole cell extracts by IMAC under denaturing conditions (Figure 5-4B, C). The elution
profile of OCT4 WT showed three overlapping peaks without distinct major peak, suggesting
that protein is highly contaminated (Figure C-1A, Appendix C). In contrast, the OCT4 DBD
eluted as a single asymmetric peak with the tailing shoulder and similarly OCT4 D73, but its
tailing shoulder was more subtle (Figure C-1C, E, Appendix C). Notably, OCT4 D73 peak was
the highest among three proteins, indicating the highest protein concentration in the eluate
(Figure C-1E, Appendix C). SDS-PAGE analysis revealed that all three overlapping peaks of
OCT4 WT contained OCT4 protein and included varying degree of both higher and lower
molecular weight contamination (Figure C-1A, Appendix C). Furthermore, the tailing peaks of
OCT4 DBD and D73 contained the respective proteins and included minor low as well as high
molecular weight contaminants (Figure C-1C, E, Appendix C). Since the samples will undergo
further purification, all fractions containing protein of interest were combined. The purity and
molecular weight of the OCT4 proteins eluted from the IMAC resin was verified by SDS-PAGE.
The purified OCT4 proteins migrated at their respective molecular masses (Figure 5-4C).
There were major impurities in the OCT4 WT and D73 samples indicated by multiple
nonspecific bands, while OCT4 DBD showed only minor impurities as few faint additional
bands were observed (Figure 5-4C). Overall, the majority of contaminating bacterial proteins
was efficiently removed by IMAC, but the purification was less effective in OCT4 WT and D73
samples. Typical yields for OCT4 DBD and D73 ranged from 30 to 45 mg per L cell culture,
while yields for OCT4 WT were two to three times lower.
To ensure the purified OCT4 proteins are correctly folded and biologically active, the proteins
were refolded by gradual removal of denaturants and then further purified by gel filtration
(Figure C-1B, D, F, Appendix C). However, the purification step significantly diluted OCT4
samples and thus, fractions containing OCT4 proteins were concentrated. Subsequent SDSPAGE analysis revealed that the majority of remaining contaminants was successfully
removed by gel filtration (Figure 5-4D). Although minor impurity in the purified OCT4 WT
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sample indicated by faint nonspecific band around 25 kDa remained, low concentration of the
contaminant relative to the OCT4 protein rendered it negligible (Figure 5-4D). The
concentration of purified OCT4 proteins was determined by the BCA assay, showing that the
highest level was achieved for OCT4 D73 (0.55 mg/mL), followed by OCT4 DBD (0.18 mg/mL),
while as expected the lowest concentration was obtained for OCT4 WT (0.06 mg/mL) (Figure
5-4E). However, it is important to note that during concentration the OCT4 proteins, especially
OCT4 WT and DBD, had a high tendency to precipitate and even after successful
concentration, we often failed to maintain them at sufficiently high levels.
In conclusion, with this strategy we were able to generate the OCT4 proteins that are more
than 80% pure and show no sign of degradation. Although the concentrations of all purified
OCT4 proteins are suitable for DNA-binding studies, it appears that only OCT4 D73 was
purified at a concentration compatible with the OCT4-nucleosome complex formation for cryoEM.
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Figure 5-4. Preparation of OCT4 WT, DBD and D73 proteins. (A) Diagram summarizing the main
steps of OCT4 proteins preparation. (B) Expression of N-terminal His6-tagged OCT4 proteins in E. coli.
The crude extracts from E. coli cells before (U) and after (I) the induction of protein expression were
analysed by SDS-PAGE. Black arrowhead marks OCT4 WT, white OCT4 DBD and grey OCT4 D73.
(C) SDS-PAGE analysis of the concentrated His6-tagged OCT4 proteins purified by anion exchange
chromatography. Ni-affinity purification removed most bacterial contaminations. (D) Refolded and
concentrated OCT4 proteins after gel filtration chromatography. (E) Quantification of OCT4 proteins
using BCA Protein Assay. The concentration of OCT4 WT (black circle), OCT4 DBD (blue circle) and
OCT4 D73 (red circle) was extrapolated from the BSA standard curve (orange line). The final
concentration of OCT4 WT, OCT4 DBD and OCT4 D73 was approx. 0.06, 0.18 and 0.55 mg/mL,
respectively.
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To obtain purer OCT4 WT sample, we have also tested purification from inclusion bodies.
Here, OCT4 WT was purified from the lysed inclusion bodies by IMAC under denaturing
conditions. The elution profile of OCT4 WT showed two overlapping peaks, indicating poor
resolution (Figure C-2A, Appendix C). As determined by SDS-PAGE, the first major peak
contained bacterial contaminants, whereas the second minor peak contained OCT4 WT with
faint lower molecular weight contaminants (Figure C-2A, Appendix C). Following the
concentration of pooled fractions, presence of lower as well as minor higher molecular weight
contaminants became more apparent (Figure C-2B, Appendix C). Subsequently, the sample
was subjected to refolding and further purification by gel filtration. Here, OCT4 eluted with
single symmetric, but broad peak that contained OCT4 WT protein (Figure C-2C, Appendix
C). However, this significantly diluted the sample and subsequent concentration induced
previously reported protein precipitation. Thus, only a fraction of the OCT4 WT sample was
recovered, which showed a single faint OCT4 WT band on SDS-PAGE (Figure C-2D,
Appendix C). Although the concentration of purified OCT4 WT achieved with this strategy was
~1.8-fold higher than with purification from whole cell extracts, this was mainly due to extensive
concentration following purification (Figure C-2E, Appendix C). Overall, this strategy
generated relatively more homogenous OCT4 WT sample, but its concentration did not differ
significantly from the sample obtained using whole-cell lysates.

5.2.1.2 OCT4 proteins adopted monomeric conformations
To examine the possible oligomeric states of OCT4 proteins, we have taken advantage of gel
filtration chromatography which was previously used in this study for protein purification. This
technique relies on the differential diffusion of molecules through the pores of the column,
resulting in the separation of globular macromolecules based solely on their molecular
weights. As a result, the molecular weights of the proteins can be estimated by comparing
their elution volumes (Ve) with those of different known calibration standards. By comparing
experimentally derived molecular weights of the proteins with their known molecular weights,
the protein oligomerization states can be determined. Here, to obtain a molecular weight
standard curve, the gel filtration column was calibrated using molecular weight markers
Cytochrome C (12.4 kDa), Carbonic Anhydrase (29 kDa), Albumin (66 kDa), Alcohol
Dehydrogenase (150 kDa), β-amylase (200 kDa) and Dextran Blue (2,000 kDa) (Figure 5-5A).
The Ve for each protein standard was determined by measuring the effluent volume needed
to elute the sample from the column. Calibration curve was then obtained by plotting the log
of molecular mass against Ve/Vo for each protein standard, where Vo is void volume (effluent
volume required to elute a large molecule – Dextran Blue) (Figure 5-5B). Subsequently, the
elution volume of each OCT4 protein was measured (Figure 5-5C) and their molecular weights
were extrapolated from the standard curve (Figure 5-5B). Experimentally obtained molecular
weights of OCT4 proteins along with theoretical molecular weights predicted from their amino
acid sequences (Table 2-5, Materials section 2.1.5) are given in Figure 5-5D. By comparing
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experimentally estimated molecular weights of OCT4 proteins with their theoretical molecular
weights, we concluded that all three OCT4 proteins adopt monomeric state.

Figure 5-5. Determining the oligomerisation state of OCT4 WT, DBD and D73 by gel filtration
chromatography. (A) Gel filtration molecular weight markers Cytochrome C (CYT C; 12.4 kDa),
Carbonic Anhydrase (CA; 29 kDa), Albumin (BSA; 66 kDa), Alcohol Dehydrogenase (ADH; 150 kDa), βamylase (β-AMY; 200 kDa) and Dextran Blue (DEX; 2,000 kDa) were eluted from the gel filtration column
in order of decreasing molecular mass. The eluent was monitored by the absorbance at 280 nm. The
elution volume (Ve) was determined for each protein standard. (B) The linear calibration curve was
obtained by plotting the log of molecular mass vs Ve/Vo for each protein standard, where Vo is void volume
based on the volume required for the elution of DEX. (C) OCT4 WT (black), DBD (blue) and D73 (red)
eluted at different volumes of a gel filtration column. The V e of OCT4 proteins are shown above the
elution peaks. (D) Molecular weights of OCT4 proteins estimated based on the Ve. The Ve/Vo of given
proteins was calculated and their experimental molecular weights (Exptl.) were extrapolated from the
linear calibration curve (B). The theoretical molecular weights (Theo.) of the OCT4 proteins were
predicted from their amino acid sequences (Table 2-5, Materials section 2.1.5).
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5.2.2 Structural characterisation of Lin28B-nucleosome in complex with
OCT4 by electron microscopy
5.2.2.1 Assessing DNA-binding activities of purified OCT4 WT
This study primarily aimed to reveal the structure of full-length OCT4 WT in complex with
Lin28B-nucleosome. Therefore, initial binding studies have focused on DNA and nucleosome
binding activity of OCT4 WT. First, to examine site-specific DNA binding of purified OCT4 WT,
band shift assay was performed with DNA containing the OCT-SOX canonical binding site
from the FGF4 promoter or non-specific DNA lacking a binding site. OCT4 WT binds to DNA
probes containing specific binding sites, while displaying negligible binding to non-specific
sites, indicating specific DNA-bindings (Figure 5-6A). This is consistent with previously
published study reported by Soufi et. al, in which the recombinant OCT4 bound to FGF4
promoter and non-specific DNA probes (same as DNA probes used in this study) in a similar
manner to that observed here (Soufi et al., 2015). Subsequently, to assess whether the purified
OCT4 WT can interact with reconstituted Cy5-Lin28B-nucleosomes, we carried out EMSA. In
the presence of OCT4, a clear band shift was observed, indicating that OCT4 WT bound both
free DNA and nucleosomes in vitro (Figure 5-6B). Notably, the migration patterns and OCT4
WT affinity to both nucleosomes and free DNA are in agreement with those reported previously
by Dr Gareth Roberts (Figure 5-2B) and also with already published findings (Soufi et al.,
2015). It is important to note that these binding studies were conducted using OCT4 WT
sample containing relatively high concentrations of salt (300 mM) and glycerol which are
compatible with EMSA. However, in cryo-EM, the contrast difference between the specimen
and the surrounding buffer is generally minimal, and high concentration of salts and organic
molecules such as glycerol further reduces protein specimen contrast, thereby degrading the
data quality (Drulyte et al., 2018). To reduce the concentration of salt and glycerol, the OCT4
WT sample was dialysed into a low salt (100 mM) buffer with no glycerol. Subsequently, to
determine whether reduction in salt and omission of glycerol from OCT4 WT sample affects
its binding to the nucleosomes, we have compared the nucleosome binding of the OCT4 WT
prepared in low salt versus standardly used high salt buffer using EMSA. Importantly, since
Cy5-labelling is not required for EM, in this binding study we examined OCT4 WT binding to
unlabelled Lin28B-nucleosomes as opposed to previously used Cy5-labelled nucleosomes.
Irrespective of salt concentration, a clear band shift was detected in the presence of OCT4
WT, indicating successful assembly of OCT4-nucleosome complexes (Figure 5-6C). In both
salt conditions, a complete shift of the nucleosome bands, indicative of all nucleosomes being
bound by OCT4 WT, was visible at a 4-8-fold excess of OCT4 WT over nucleosomes (Figure
5-6C). However, at these higher OCT4 to nucleosome ratios, higher-order OCT4-nucleosome
complexes appeared in low salt conditions, while in high salt conditions these complexes were
not so prominent (Figure 5-6C, lanes 7, 8, 14, 15). This indicates that higher salt conditions
stabilize OCT4-nucleosome complex and reduce aggregation. Furthermore, looking at the
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intensities of free nucleosome bands relative to OCT4 WT concentrations, it appears that high
salt conditions are slightly more favourable for an OCT4-nucleosome complex formation
(Figure 5-6C). This is most noticeable at a 2-fold excess of OCT4 WT (50 nM) over
nucleosomes (Figure 5-6C, lanes 6, 13). Here, ~50% of the Lin28B-nucleosomes was shifted
in both conditions, but in higher salt all free nucleosomes are beginning to shift as smearing
of nucleosomal band is observed while in low salt a clear free nucleosome band is still visible
(Figure 5-6C, lanes 6, 13). Arguably, the absence of smeared free nucleosome band in low
salt condition could be advantageous for cryo-EM, as better separation of free from bound
nucleosomes could be achieved during complex purification.
Overall, these data revealed that recombinant OCT4 WT retained its DNA binding activity and
sequence specificity following purification. Furthermore, purified OCT4 WT was shown to
interact with reconstituted Lin28B-nucleosomes in vitro, even after 3-fold reduction in salt
concentration. Based on these findings, we have decided to keep the purified OCT4 samples
at high salt concentration and only adjust buffer composition for cryo-EM following OCT4nucleosome complex formation. Additionally, it appears that a 4-8-fold excess of OCT4 WT
over nucleosomes would be ideal for obtaining a high concentration of OCT4-nucleosome
complex for cryo-EM. These conclusions were based on the results observed across multiple
experimental preparations.
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Figure 5-6. Assessing DNA-binding activities of purified OCT4 WT by EMSA. (A) Representative
EMSA showing the affinity of increasing amounts of recombinant bacterial-expressed OCT4 WT for Cy5labelled DNA containing OCT-SOX canonical binding site from FGF4 promoter (Fgf4) (left half, black
arrowheads) or non-specific (NS) DNA lacking a binding site (right half, white arrowheads). (B)
Representative EMSA showing the affinity of increasing amounts of recombinant bacterial-expressed
OCT4 WT for Cy5-labelled Lin28B-DNA (right half, white arrowheads) and Lin28B-nucleosome (left half,
black arrowheads). (C) Representative EMSA showing the affinity of increasing amounts of recombinant
bacterial-expressed OCT4 WT for unlabelled Lin28B-nucleosome in 100 mM (left half) and 300 mM (right
half) NaCl buffer. Black arrows indicate the migration of free nucleosomes and OCT4 WT-nucleosome
complexes. (A, B, C) The samples were visualised on a native 4% PAGE by Cy5-fluorescence (A, B) or
EtBr staining (C). The EMSAs are representative of at least three independent experiments each.
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5.2.2.2 Preparation of OCT4-Lin28B nucleosome complex for EM
The next step involves the formation of stable OCT4-nucleosome complex at a high
concentration while ensuring that the buffer conditions are compatible with cryo-EM.
Depending on the nucleosome interactor, cryo-EM studies typically use 3-3.5 molar excess of
interacting protein over nucleosomes (Liu et al., 2017; Wilson et al., 2016; Takizawa et al.,
2018; Michael et al., 2020; Park et al., 2019; Armache et al., 2019), but some proteins,
including SOX TF, require 10-32 molar excess over nucleosomes (Dodonova et al., 2020;
Machida et al., 2018; Zhou et al., 2019a). Thus, in the cryo-EM, the concentration of interactor
can range between 5–50 µM depending on the nucleosome concentration in the binding
reaction. Notably, in the cryo-EM study of nucleosome in complex with human ISWI
remodeller, SNF2h, as little as 1.25 µM of SNF2h was used (Armache et al., 2019). In this
study, after testing a multitude of strategies and experimenting with buffer conditions, the
highest concentrations of OCT4 proteins obtained to date are summarized in Figure 5-7A.
Although, we primarily aimed to determine the structure of full-length OCT4 WT in complex
with Lin28B-nucleosome, concentration of purified OCT4 WT was persistently the lowest
among three selected OCT4 proteins and far below the minimal concentration typically used
for the complex formation for cryo-EM. For some nucleosome interactors this might be
sufficient concentration but given that OCT4 presumably binds only its partial DNA motif on
nucleosomes and that we are using nucleosomes containing native Lin28B-DNA sequence
rather than artificial strong-positioning sequences, this complex might be inherently more
fragile. Thus, it is likely that greater molar excess of OCT4 WT over Lin28B-nucleosomes
would be required to ensure the complex concentration is high enough to yield sufficiently
populated cryo-EM grids. In contrast, the concentration of OCT4 DBD and D73 appears to be
high enough to facilitate the successful formation of the OCT4-nucleosome complex for cryoEM (Figure 5-7A). Eventually, we decided to assess the nucleosome-binding activities of all
three OCT4 proteins using EMSA. This preliminary study was conducted at the micromolar
rather than nanomolar concentrations, as micromolar concentration range is closer to that
used in OCT4-nucleosome complex formation for cryo-EM. Initially, each OCT4 protein was
incubated with Lin28B-nucleosomes at equimolar concentrations. Since the concentration of
OCT4 WT was too low, to keep the OCT4/nucleosome ratio and final volume of all binding
reactions the same, OCT4 WT and Lin28B-nucleosomes were combined at ~1.4-fold lower
concentrations (0.7 µM) compared to OCT4 D73 and DBD (1 µM). Subsequently, the formation
of respective complexes was monitored using EMSA. Unfortunately, the Lin28B-nucleosome
sample was highly contaminated with unincorporated DNA as indicated by strong free DNA
band (Figure 5-7B). Upon incubation with OCT4 WT and D73, a partial shift of the nucleosome
bands was observed, indicating that both proteins interact with nucleosomes (Figure 5-7B). In
contrast, nucleosome band shift was not obvious in the presence of OCT4 DBD (Figure 5-7B).
Instead, a pronounced band representing OCT4 DBD-DNA complex was visible below free
nucleosome band, indicating that at given molar ratio OCT4 DBD preferential targets free DNA
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rather than nucleosomes (Figure 5-7B). In fact, OCT4 WT and D73 also interacted with
contaminating DNA as free DNA bands were fainter in these samples and higher molecular
weight bands corresponding to OCT4-DNA complexes were detected above free nucleosome
bands (Figure 5-7B). Furthermore, the presence of residual free nucleosome bands indicated
that OCT4 concentrations were not sufficient to completely shift all nucleosomes (Figure 5-7B).
This is partially because nucleosomes must compete with free DNA for OCT4 binding.
Additionally, the free DNA levels were similar in all three binding reactions, yet only OCT4 WT
and D73, but not DBD, have been shown to bind nucleosomes, indicating that OCT4 WT and
D73 have higher affinity for nucleosomes than OCT4 DBD (Figure 5-7B).
Overall, this preliminary binding study suggested that OCT4 WT and D73 would provide better
candidates than OCT4 DBD for generating OCT4-nucleosome complexes in the amounts
appropriate for EM studies. However, given a problematic sample preparation and low
concentration of OCT4 WT, we have decided to focus on obtaining OCT4 D73-Lin28Bnucleosome complex for cryo-EM.

Figure 5-7. Lin28B-nucleosome-binding activities of purified OCT4 proteins. (A) The table
highlighting the highest concentrations of OCT4 proteins obtained in this study. (B) EMSA showing the
affinity of recombinant bacterial-expressed OCT4 WT, DBD and D73 for Lin28B-nucleosomes. The
EMSA shown here is representative of a single experiment. Black arrowheads indicate the migration of
free nucleosomes and nucleosome-protein complexes, while white arrowheads mark the migration of
free DNA and DNA-protein complexes. The samples were visualised on a native 4% PAGE by EtBr
staining.

Firstly, to assess whether DNA-binding activities of purified OCT4 D73 are in agreement with
those reported previously by Dr Gareth Roberts (Figure 5-2B), OCT4 D73 was incubated with
Cy5-Lin28B-nucleosomes at nanomolar concentrations and analysed by EMSA. The results
presented below were observed across three independent experiments. In the presence of
OCT4 D73, a clear band shift was observed, indicating that OCT4 targets both free DNA and
nucleosomes (Figure 5-8A). Comparison of nucleosome and free DNA binding patterns
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indicated that OCT4 D73 might have similar binding affinity for both nucleosomes and free
DNA (Figure 5-8A). Moreover, an 8-fold molar excess of OCT4 D73 was needed to almost
completely shift both nucleosomes and free DNA (Figure 5-8A), while in the binding study
conducted earlier, a 4-fold and 2-fold molar excess was sufficient to achieve similar migration
patterns of nucleosomes and free DNA, respectively (Figure 5-2B). These results were
observed across three independent experiments. Thus, purified OCT4 D73 showed 2-fold
weaker binding to nucleosomes and 4-fold weaker binding to free DNA than previously
reported (Figure 5-2B). This could indicate that OCT4 D73 was not correctly folded into its
native conformation during the refolding process or it was unfolded during subsequent
purification or concentration steps, both of which could compromise its binding activity.
Additionally, in this binding study OCT4 D73 was purified on a larger scale and in different
buffer than that used in the earlier study, which might have affected its binding properties.
Nevertheless, OCT4 D73 was still able to bind nucleosomes similarly to OCT4 WT and more
importantly, we were able to obtain a relatively high concentration of this protein. Therefore,
we have decided to use this sample to generate OCT4-nucleosome complex at sufficient
concentration for EM studies. To follow complex formation at micromolar concentrations and
to determine the OCT4 D73 to nucleosome ratio at which all or majority of nucleosomes would
be bound by OCT4 D73, we conducted a series of EMSA experiments. Furthermore, to see
whether OCT4 D73 can target its motif on Esrrb-nucleosome, to compare its Esrrb- and
Lin28B-nucleosome-binding activities and possibly to create the OCT4-Esrrb-nucleosome
complex that could be analysed by cryo-EM, we have also assessed OCT4 D73 binding to
native Esrrb-nucleosomes. Initially, we have tested 1:1 and 2:1 OCT4/nucleosome ratio, but
since the nucleosome sample contained large amounts of free DNA, a total DNA concentration
including both free and nucleosomal DNA was used to calculate OCT4 D73 concentration
added in the binding reactions. In the presence of OCT4 D73, a partial shift of Lin28Bnucleosome band as well as contaminating Lin28B-DNA band was observed, indicating that
OCT4 D73 binds both Lin28B-nucleosomes and free Lin28B-DNA (Figure 5-8B). The extent
of band shifts increased with an increase in the OCT4 D73 concentration, as nucleosome and
DNA bands became progressively less intense, while bands representing OCT4-nucleosome
and OCT4-DNA complexes started to be more visible (Figure 5-8B). The closer examination
of changes in bands intensities upon addition of OCT4 D73 suggested that OCT4 D73 exhibits
similar binding affinity for both nucleosomes and free DNA (Figure 5-8B). This correlates with
OCT4 D73 binding pattern observed at nanomolar concentrations (Figure 5-8A). Interestingly,
OCT4 D73 also binds both free and nucleosomal Esrrb-DNA, but it seems to preferentially
target free Esrrb-DNA as demonstrated by more pronounced free DNA band shift (Figure
5-8B). In particular, at a 2-fold excess of OCT4 D73 over Esrrb-nucleosomes only a faint free
DNA band was visible, while no significant difference in the intensity of free nucleosome band
was observed (Figure 5-8B). Thus, in the presence of OCT4 D73, Esrrb-nucleosome band
shift was less apparent than that of Lin28B-nucleosome (Figure 5-8B). These findings
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indicated that OCT4 D73 has higher affinity for Lin28B-nucleosomes than Esrrb-nucleosomes.
This could be potentially because Esrrb-DNA sequence contains only one partial OCT4
binding site, whereas Lin28B-DNA possesses three such sites. Furthermore, this observation
correlates with the OCT4 ChIP‐seq data, which showed less OCT4 signal in Esrrb locus
compared to Lin28B locus (Figure 3-1). However, these conclusions are based on a single
replicate and as such more studies are needed to confirm these results.
Overall, these binding studies suggested that a 2-fold excess of OCT4 D73 over nucleosomes
was not sufficient to achieve a complete shift of nucleosomes. Thus, we have tested a 4-fold
and 6-fold molar excess of OCT4 D73 over nucleosomes. Unfortunately, due to poor quality
of the EMSA results obtained from a single experimental run, no meaningful conclusions could
have been derived. Here, only bands corresponding to unbound nucleosomes and
contaminating free DNA were visible at their expected sizes (Figure 5-8C). Although, both free
Lin28B-DNA and free Lin28B-nucleosome bands became weaker with increasing OCT4 D73
concentration, neither OCT4-nucleosome complex nor OCT4-DNA complex band was visible
(Figure 5-8C). In the Esrrb-nucleosome samples, the intensities of unbound Esrrbnucleosomes bands remained unchanged in the presence of OCT4 D73 (Figure 5-8C). In
contrast, the free Esrrb-DNA band became fainter at a 6-fold excess of OCT4 D73, yet the
band representing the complex of Esrrb-DNA with OCT4 D73 was absent (Figure 5-8C).
Notably, at a 4-fold excess of OCT4 D73 over Esrrb-nucleosomes, free DNA band became
more pronounced, indicating that some Esrrb-nucleosomes might have dissociated during
electrophoresis (Figure 5-8C). Collectively, due to poor quality of these binding studies, we
have failed to accurately determine the OCT4 D73 to Lin28B-nucleosome ratio at which the
majority of nucleosomes are bound by OCT4 D73.
Despite the limited information provided by these binding experiments, we have decided to
directly analyse the OCT4 D73-Lin28B-nucleosome complex using NS-EM. Preliminary OCT4
D73 binding study proposed that 8-fold molar excess of OCT4 D73 over nucleosomes is
sufficient to almost completely shift nucleosomes (Figure 5-8A). Based on these results and
given the considerable amount of free DNA in the Lin28B-nucleosome sample, we have
decided to use 10-fold molar excess of OCT4 D73 over Lin28B-nucleosomes to generate
respective OCT4-nucleosome complex for preliminary NS-EM.
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Figure 5-8. Nucleosome-binding activities of purified OCT4 D73. (A) Representative EMSA showing
the affinity of increasing amounts of recombinant bacterial-expressed OCT4 D73 for Cy5-labelled
Lin28B-DNA (left half, white arrowheads) and Lin28B-nucleosomes (right half, black arrowheads). The
samples were visualised on a native 4% PAGE by EtBr staining. The EMSA shown is representative of
three independent experiments. (B) Binding of the recombinant bacterial-expressed OCT4 D73 to
Lin28B- and Esrrb-nucleosomes in 1:1 and 2:1 OCT4/nucleosome ratio. The samples were visualised
on a native 4% PAGE by EtBr staining. (C) Binding of the recombinant bacterial-expressed OCT4 D73
to Lin28B- and Esrrb-nucleosomes in 4:1 and 6:1 OCT4/nucleosome ratio. The samples were visualised
on a 1.3% agarose gel by EtBr staining. (B, C) The EMSA shown in panel B and C are each
representative of a single experiment. Black arrowheads indicate the migration of free nucleosomes and
nucleosome-protein complexes, while white arrowheads mark the migration of free DNA and DNAprotein complexes.

5.2.2.3 Density corresponding to OCT4 D73 associated with Lin28Bnucleosomes was not detected by negative-stain EM
To initially screen for formation of OCT4 D73-Lin28B-nucleosome complex, freshly prepared
sample, obtained by incubating nucleosomes with a 10-fold molar excess of OCT4 D73, was
subjected to NS-EM. Preliminary analysis revealed that stained micrographs were densely
populated with evenly dispersed nucleosome-like structures (Figure 5-9A). The particles were
structurally homogenous and uniform in size with a diameter of approximately 10 nm (Figure
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5-9A). Furthermore, the nucleosomes showed no sign of aggregation or dissociation.
However, free DNA contamination which was detected in the reconstituted nucleosome by gel
electrophoresis was also visible in these micrographs (Figure 5-9A). Altogether, the prepared
grids showed optimal contrast for individual particles, stain depth, sample density and particle
dispersion (Figure 5-9A). Thus, the high-resolution dataset of negatively stained Lin28Bnucleosomes incubated with OCT4 D73 was collected for 2D class averaging and initial lowresolution 3D reconstitution. A representative micrograph from the single-particle NS-EM
dataset is shown in Figure 5-9B. Flowchart summarizing all steps involved in the NS-EM data
processing is presented in Figure B-1 (Appendix B). A total of 97,061 particles of the Lin28Bnucleosomes were picked from collected micrographs, representative images of which are
shown in Figure 5-9C. After particle curation and several rounds of 2D classification, five wellresolved 2D class averages were obtained, showing both side and top views, but side views
were more prevalent as these classes contained the most particles (Figure 5-9D). Arguably,
the last class with the least number of particles represents the tilted view of the Lin28Bnucleosome (Figure 5-9D). In all class averages, the Lin28B-nucleosome appeared to be a
compact structure (Figure 5-9D). Importantly, density corresponding to OCT4 D73 associated
with Lin28B-nucleosome was not obvious, which might be due to weak or flexible binding of
OCT4 D73 with Lin28B-nucleosomes (Figure 5-9D). Alternatively, absence or significant
underrepresentation of OCT4-nucleosome complexes might be due to inadequate binding
conditions, inherent instability of the complex in solution or overestimation of OCT4 D73
binding affinity towards the Lin28B-nucleosomes in EMSA.
Despite these discouraging initial results, 3D classification with C2 symmetry enforced was
performed on the particles from the final round 2D classification, to generate an initial coarse
model of the Lin28B-nucleosome whether in complex with OCT4 D73 or not. This yielded two
low-resolution models with particle population of 16,547 (class 1) and 18,174 (class 2) (Figure
5-9E). These models did not match the overall shape characteristic of the nucleosome and
appeared to be biased by symmetrisation operations (Figure 5-9E). Here, many regions of
additional, discontinuous or missing densities were observed, making characterisation of the
key structural features practically impossible (Figure 5-9E). Hoping to provide more relevant
structural information, the crystal structure of the Widom 601-NCP (PDB ID 3LZ0) (Vasudevan
et al., 2010) was fitted into negative stain density maps (Figure 5-9F). However, both negative
stain 3D models did not agree well with the 601-NCP crystal structure, which just highlighted
the low quality of the negative-stain EM reconstruction (Figure 5-9F).
In conclusion, density for OCT4 D73 was not visible in the 2D class averages and negativestain 3D density maps were too coarse to deduce any meaningful structural information. These
data indicated that the current approach for complex formation is not suitable for single-particle
cryo-EM. In the EMSA, the OCT4-nucleosome complex assembly might begin at lower
concentrations compared to in solution complex formation for NS-EM. Indeed, during
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electrophoresis, the dense polyacrylamide matrices provide a “caging effect” that could
stabilize the complexes. Here, by restricting the diffusion, the gel matrix maintains the high
localized concentration of dissociated components which ensures rapid reassembly of the
complex upon dissociation (Cann, 1989; Altschuler et al., 2013). Additionally, the interactions
within the complex could be stabilized by low ionic strength of the running buffer. Thus, the
complex might be more stable in polyacrylamide matrix than in solution (Fried and Crothers,
1981; Fried and Bromberg, 1997; Hellman and Fried, 2007). Consequently, the OCT4 D73
affinities might have been overestimated in EMSA and thus higher molar excess of OCT4 over
nucleosomes might be required to obtain OCT4-nucleosome complexes for EM. To improve
the quality of both sample and collected data, the OCT4/nucleosome ratio needs to be
carefully optimised, binding conditions should be adjusted to increase OCT4 binding to
nucleosomes and at the same time to promote stability of the resulting complex and lastly,
OCT4-nucleosome complexes have to be purified from free nucleosomes and DNA. Reduction
in sample heterogeneity would increase the attainable resolution of the EM reconstructions
and thus allow more detailed visualisation of OCT4-nucleosome interactions.
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Figure 5-9. Negative-stain EM of Lin28B-nucleosomes incubated with 10-fold molar excess of
OCT4 D73. (A, B) Representative micrographs of Lin28B-nucleosomes with OCT4 D73 imaged using a
JEOL JEM-1400 Plus EM (A) during initial screening and FEI Tecnai F20 EM (B) during single-particle
data collection. Lin28B-nucleosomes in different orientations and free DNA were visible in these
datasets. (C) Examples of picked particles contributing to the final reconstruction. The scale bar is 10
nm. (D) Representative 2D class averages after final round of 2D classification in RELION3.1, sorted in
descending order by number of particles in each class. The OCT4 D73 density was not observed. (E)
Preliminary low-resolution 3D density maps of the Lin28B-nucleosomes with C2 symmetry imposed,
smaller class 1 (grey), with 16,547 particles and larger class 2 (yellow), with 18,174 particles. In both
models, the OCT4 D73 density was not detected. (F) A 2.5 Å Widom 601 NCP atomic model (PDB ID
3LZ0) docked into the NS-EM 3D density maps of Lin28B-nucleosome incubated with OCT4 D73. All
images of 3D density maps (E, F) were prepared in UCSF-Chimera.

5.2.3 Structural modelling of OCT4 binding to Lin28B-nucleosome
Although the structure of OCT4-nucleosome complex remains undetermined, some
preliminary insights into the molecular basis for OCT4-nucleosome recognition and binding
were provided by computational modelling using 3.3 Å cryo-EM map of Lin28B-nucleosome
(Figure 4-8C). Despite the difficulties in distinguishing between purines and pyrimidines at 3.3
Å resolution and considerable flexibility of protruding 5′ DNA end, the Lin28B-DNA sequence
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was successfully docked into the final cryo-EM map of Lin28B-nucleosome (Figure 5-10A).
The resulting model correlated with previously published results of MNase digestion (Kelly et
al., 2012) and hydroxy-radical footprinting (Echigoya et al., 2020). This allowed us to determine
the position of three putative OCT4 binding sites in the Lin28B-nucleosome along with the
orientation of the sequence motifs targeted by POU S and POUHD DNA-binding domains. The
OCT4 target sites were mapped in or near the areas of enhanced local DNA flexibility (Figure
5-10A). Here, site 1 was at the flexible 5ʹ DNA end (SHL-7), site 2 was in vicinity of this flexible
5ʹ end (SHL-4.5), and site 3 was close to the dyad region (SHL-1.5) which based on earlier
MD simulations was predicted to have greater local flexibility (Huertas et al., 2020a). This
suggested that enhanced local DNA flexibility may mediate accessibility of the OCT4 target
sites in the nucleosomal DNA.
By further structural modelling, Dr Philip Robinson and his team were able to model OCT4
binding to each of three putative target sites on the Lin28B-nucleosome. Thus, OCT4
configurations compatible with nucleosome targeting were assessed. As shown by the crystal
structure of OCT4-POU-DNA complex, POUS and POUHD DNA-binding domains bind full
octameric motif on either side of the DNA, making this canonical configuration sterically
incompatible with nucleosome binding (Soufi et al., 2015). Here, we confirmed that OCT4
binding to all three nucleosomal target sites in canonical configuration is prevented by steric
hindrance between OCT4 and histone octamer (Figure D-1B, Appendix D). Therefore,
noncanonical OCT4 binding configuration, known as MORE homodimer configuration, was
modelled based on the molecular model of OCT4 homodimer on the palindromic MORE DNA
element (Jerabek et al., 2017; Huertas et al., 2020a) which was derived from the crystal
structure of OCT1/MORE dimer complex (Remenyi et al., 2001b). In MORE configuration, both
OCT4 DNA-binding domains are positioned on the same side of the DNA helix. Computational
modelling of OCT4 binding in the MORE configuration at Lin28B-nucleosome targets showed
that site 1 and 3 are compatible with this binding mode, while binding to site 2 is sterically
occluded by histone octamer (Figure D-1A, Appendix D). Given the enhanced DNA flexibility
at the 5´ end of Lin28B-nucleosome, OCT4 binding to site 1 is expected to be facilitated by
higher nucleosomal breathing dynamics. However, in cells, DNA is completely wrapped
around nucleosomes which are in turn arranged in ordered arrays. In this context, the target
DNA sequence at the entry/exit site may not be accessible to OCT4 binding without
nucleosome repositioning through the action of other pioneer factors or chromatin remodellers.
Although POU-family TFs, including OCT4, preferentially bind nucleosomes at the entry/exit
sites where nucleosome breathing increases the accessibility of their target sites (Zhu et al.,
2018; Echigoya et al., 2020), computational modelling has also shown that more internally
positioned site can be targeted by OCT4 (Figure 5-10B). This is in agreement with previously
published results of mutational analysis which showed that upon mutation of site 1, OCT4 is
still able to form a complex with Lin28B-nucleosome (Echigoya et al., 2020). Indeed, the model
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of OCT4 binding to nucleosomal site 3 in the MORE configuration (Figure 5-10B) indicated
that the POUS DNA-binding domain recognizes sequence-specifically its partial motif, while
POUHD DNA-binding domain remains in close proximity to same DNA gyre and presumably
interacts with the DNA non-specifically (Figure 5-10B). This is consistent with a previously
proposed model in which one of two POU domains binds a partial motif displayed on the
nucleosome surface in a sequence-specific manner (Soufi et al., 2015). Moreover, our results
have revealed that neither DNA curvature nor the histone-DNA interactions impede the binding
of the OCT4 to Lin28B-nucleosome close to dyad. Additionally, in recently determined cryoEM structure of OCT4-SOX2-NCP complex, OCT4 engaged its DNA motif with only POUS
domain, while POUHD binding was prevented by steric clash with core histone H2A/B dimer
(Michael et al., 2020). Arguably, these findings further suggest that POUS DNA-binding domain
may be predominant nucleosome recognition unit of OCT4.
Furthermore, rather than determining the structure of nucleosome in complex with wild-type
OCT4, we focused on OCT4 deletion mutant D73, which demonstrated higher affinity for
nucleosomes. Thus, to assess the potential implications of deleted residues on the OCT4nucleosome interactions, the position of five amino acid deletion within the linker region of
OCT4 was highlighted in Figure 5-10B. Arguably, the deletion could lead to change in integrity
and/or conformation of the linker region and thus in the arrangement of POU domains.
Consequently, this may allow OCT4 D73 to bind more readily to nucleosomal target sites, alter
the OCT4 affinity for individual binding sites in Lin28B-nucleosome or enable targeting of site
2 previously shown incompatible with OCT4 binding. Potentially, OCT4 D73 may more
efficiently recognize its nucleosomal target through POUS domain but shortening of the linker
could reduce the non-specific interactions of POU HD domain, leading to lower stability of the
OCT4 D73-Lin28B-nucleosome complex. Possibly, if the linker of OCT4 D73 is more
structurally flexible or adopts more extended conformation, it may enable non-specifically
interacting POUHD domain to reach the second DNA gyre and establish sequence-specific
contacts. Alternatively, by adopting extended linker conformation, both POU domains could
simultaneously target their specific recognition sequences.
Overall, by modelling noncanonical MORE configurations of OCT4-nucleosome complexes,
we have shown that OCT4 can bind to highly flexible entry/exit site as well as to more internal
site positioned close to nucleosome dyad. Based on these findings, we propose that local
Lin28B-DNA flexibility plays a vital role in mediating recognition and binding of nucleosomal
target sites by OCT4. Importantly, we have validated previously proposed partial motif
recognition model in which OCT4 targets nucleosomal sites by recognizing sequencespecifically a partial motif through either one of its POU domains.
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Figure 5-10. Modelling OCT4 binding to Lin28B-nucleosome. (A) The Lin28B-DNA sequence docked
into the final cryo-EM map. The position of nucleosome dyad (cyan) and three putative OCT4 target sites
(site 1: magenta, site 2: blue, site 3: green) along with the orientation of the DNA sequence motifs
targeted by POU DNA-binding domains are indicated. (B) Model illustrating the binding of OCT4 in
MORE configuration to site 3 in the Lin28B-nucleosome. Linker region connecting two POU subdomains
is coloured yellow and amino acid residues deleted in the OCT4 deletion mutant D73 are highlighted in
red. Modelling was performed, and the figures were prepared by Dr Philip Robinson and his team
(Institute of Structural and Molecular Biology, Department of Biological Sciences, Birkbeck, University of
London).
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Chapter 6: Discussion
Early in reprogramming to pluripotency, TFs OCT4, SOX2 and KLF4 bind their target sites
hidden in closed chromatin of differentiated cells and elicit conformational changes in the local
chromatin structure (Soufi et al., 2012; Soufi et al., 2015). Thus, it has been proposed that
OSK act as pioneer factors due to their ability to engage DNA sequence motifs in a chromatin
context to initiate the iPSC reprogramming (Soufi et al., 2015). However, there is a gap in
understanding how reprogramming OSK factors target nucleosome enriched sites in somatic
genome and how these binding events promote chromatin accessibility and kickstart the cell
fate reprogramming. In this thesis, I primarily aimed to determine how reprogramming factor
OCT4 interacts with nucleosomes to understand its pioneer activity. Discovered 30 years ago,
OCT4 has become well-characterized and convincingly established as a master TF driving the
self-renewal and pluripotency of ESCs as well as key regulator in somatic cell reprogramming
(Jin et al., 2016). Yet, unlike well-documented biological roles of OCT4, the underlying
molecular mechanisms by which OCT4 functions remain elusive. Previous studies indicated
that the inherent ability of OCT4 to engage with chromatin is governed by its inherent capability
to target its partial DNA motif exposed on a nucleosome and by the structural adaptability of
its DNA-binding domains (Soufi et al., 2015). Thus, to provide the structural evidence for OCT4
nucleosome targeting, I aimed to solve the structure of the OCT4 in complex with nucleosome
using single-particle cryo-EM. However, currently our understanding of nucleosome structures
and functions primarily stems from the crystallographic and cryo-EM studies of nucleosome
particles assembled with artificial DNA sequences such as Widom 601 DNA. Therefore, to
achieve a more biologically relevant understanding of the structure and function of
nucleosomes and their complexes with pioneer TFs, naïve nucleosomes have been
established, which are more suitable to study the interaction of OCT4 with nucleosomes. Here,
I examined the specific OCT4 binding to the nucleosomes reconstituted with native DNA
sequences from enhancer regions of the LIN28B and ESRRB genes, both of which contain
natural OCT4 targeting sequence. By focusing on the native nucleosomes, I aimed to elucidate
the more physiologically relevant mechanism by which OCT4 specifically recognizes and binds
its target DNA sequence on nucleosomes.

6.1 Structural analysis of the native nucleosomes
At the very beginning of this study, as detailed in Chapter 3, I confirmed that a 162 bp DNA
sequence from human Lin28B locus can be successfully assembled into nucleosome in vitro
as previously reported (Soufi et al., 2015). Moreover, I was able to reconstitute nucleosomes
with a 163 bp DNA sequence from human Esrrb locus and to the best of my knowledge, this
was the first the Esrrb-nucleosomes were prepared in vitro. However, to progress to cryo-EM,
much higher nucleosome concentrations are required than what would be used for binding
studies. To achieve a sufficiently high nucleosome concentration for cryo-EM, I originally
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tested two well-established nucleosome reconstitution strategies. Although at the small-scale
I was able to prepare nucleosome using histone dimer and tetramer method, when attempting
a large-scale nucleosome reconstitution, it was much more difficult to reach sufficiently high
concentration of structurally homogenous nucleosomes for EM. Here, particular care must be
taken to combine dimers, tetramers and DNA at the correct molar ratio, which is especially
challenging when working with high concentrations of initial components. Thus, even small
offset in the ratio could result in low yields or the formation of non-native nucleosomal species
or histone-DNA aggregates which might be responsible for low efficiency and nucleosome
concentrations obtained with this method (Dyer et al., 2004). Although I eventually reach
sufficiently high nucleosome concentration for cryo-EM analysis using histone dimer-tetramer
strategy, the sample failed to achieve a high concentration of monodisperse nucleosomes on
a cryo-EM grid. In my hands, nucleosome reconstitution using histone octamers was far
superior with respect to nucleosome concentration and reconstitution efficiency compared to
strategy using histone dimers and tetramers. This might be because histone octamers provide
better source of histones since they ensure the correct histone ratio in dimers and tetramers
for nucleosome assembly. Notably, I was able to adapt this strategy for reconstitution of
nucleosomes containing rRCA-produced Lin28B-DNA and also for preparation of tailless
Lin28B-nucleosomes for DNA-binding studies. These outcomes just highlight how flexible and
adaptable this approach is in terms of starting components such as DNA fragments or histone
variants and desired final nucleosome concentration (nucleosome yield; whether small-scale
for binding studies or large-scale for cryo-EM). Overall, this series of studies allowed me to
identify the best strategy for nucleosome assembly and to obtain highly concentrated and
structurally homogenous samples of both Lin28B- and Esrrb-nucleosomes for the cryo-EM
studies.
The structure of unbound nucleosome could be directly compared with that of OCT4nucleosome complex and thus any changes in the nucleosome structure that might be induced
by OCT4 binding could be more appreciated. The key premise to solve the molecular structure
of nucleosomes and their complexes is the ability to obtain a high concentration of pure and
structurally homogenous components for structural analysis. Since it is difficult to judge the
nucleosome sample quality by classical biochemical techniques, the sample characteristics
were initially assessed by NS-EM which allowed us to obtain preliminary 2D and 3D structural
information of native nucleosomes. Here, 2D class averages of native nucleosomes displayed
flattened disc shape typical of nucleosome and showed that both DNA fragments completely
wrapped around histone octamer in the core particle. However, NS-EM provided fist evidence
that Esrrb-nucleosome might be less stable or have more open DNA conformation as free
DNA ends projecting from NCP were visible during 2D classification. Something that was not
observed during negative stain 2D class averaging of Lin28B-nucleosomes. Altogether, NSEM confirmed that selected nucleosome reconstitution strategy yielded promising samples
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with regards to nucleosome concentration and structural homogeneity, but it also highlighted
the need for purification step that would minimize the contamination with free DNA before
progressing to cryo-EM. Thus, two well-established purification strategies have been tested
as detailed in Chapter 4. Here, the data clearly demonstrated that purification using gel
filtration chromatography yielded better nucleosome sample in terms of purity, concentration,
and homogeneity than continuous gel electrophoresis, thereby enabling these nucleosomes
to be structurally analysed by cryo-EM. In contrast to negative stain analysis in which DNA
appeared to be completely wrapped around core octamer, in cryo-EM class averages both
Lin28B- and Esrrb-nucleosomes adopted more open DNA conformations. Here, either one or
both free DNA ends protruded from NCPs, suggesting a considerable flexibility at the
nucleosomal DNA ends. Based on these cryo-EM 2D classes, I expected to see cryo-EM maps
of nucleosomes with weak density or low resolution localised at the DNA entry/exit points
which would reflect the higher mobility and flexibility of protruding terminal DNA. However,
initial 3D reconstruction provided incomplete cryo-EM density maps with overall low-resolution
(17.22 Å Lin28B-nucleosome and 9.58 Å Esrrb-nucleosome) and with no substantial local
variations in resolution. Furthermore, additional, discontinuous and/or missing densities have
been frequently observed in these cryo-EM structures, especially within the core octamer,
which further hindered the identification of key structural features.
Despite the overall low resolution and ambiguous densities, these models enabled us to obtain
some preliminary insights into native nucleosome structures and evaluate possible DNArelated structural differences in Lin28B- and Esrrb-nucleosome. Unfortunately, the resolution
of the cryo-EM structure of Lin28B-nucleosome was not sufficient to make any conclusive
remarks about structural conformation. However, the absence of densities for terminal DNA in
the final 3D map indicated that these regions are most likely highly flexible and mobile which
would correlate with the higher structural flexibility of Lin28B-nucleosome proposed by
molecular dynamics simulations (Huertas et al., 2020a). In contrast to Lin28B-nucleosome,
the cryo-EM model of Esrrb-nucleosome had slightly better resolution and densities in 3D map
appeared to be less ambiguous, which allowed us to make several assumptions about overall
nucleosome shape and DNA conformation. In the cryo-EM structure of Esrrb-nucleosome, one
of nucleosomal DNA ends appeared to be partially unwrapped from histone core. This DNA
end conformation was significantly different from a compact conformation of canonical
nucleosome and more closely resembled the DNA configuration in the hexasome or NCP
model of nucleosome breathing (Bilokapic et al., 2018). Consistent with this, in the recently
published MD simulations, the Esrrb-nucleosome exhibited a high degree of structural
flexibility at the 3ʹ DNA end which resulted in an extensive opening event in the Esrrbnucleosome (Huertas et al., 2020b; MacCarthy et al., 2021). Interestingly, the density
extending from the nucleosome, which was tentatively assigned to the unwrapped DNA end
had the highest resolution, indicating that partially detached terminal DNA might be less
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flexible. Based on these observations, the Esrrb-nucleosome most likely adopts more open
DNA conformation than Lin28B-nucleosome, in which stiffer Esrrb-DNA end preferentially
unwraps from the nucleosome core due to nucleosome breathing or hexasome formation.
Arguably, this lower stability and higher unwrapping tendency of the Esrrb-nucleosome might
be attributed to the intrinsic structural properties of underlying Esrrb-DNA sequence (detailed
in Chapter 4). Overall, these structural studies suggest that native nucleosomes are rather
dynamic which correlates with previously published studies (Eslami-Mossallam et al., 2016;
Niina et al., 2017; Culkin et al., 2017; Huertas et al., 2020a; Huertas et al., 2020b; MacCarthy
et al., 2021). However, the low quality of the cryo-EM data limits the utility and reliability of the
resulting cryo-EM structures and raises the concerns about their relevance to the actual
structures of native nucleosomes. Thus, any conclusions derived from these low-resolution
cryo-EM data must be verified by the accurate determination of their high-resolution structures.
The ambiguous density features and overall low resolution of these models could be attributed
to the conformational flexibility and dynamics of the DNA at the nucleosome entry/exit region,
the particle orientation bias due to particle adsorption to the air/water interface and/or
disruption of the nucleosomes during sample preparation (Cheng et al., 2015; Khoshouei et
al., 2016). Initially, I proposed that subtle structural heterogeneity of native nucleosomes
resulting from local conformational flexibility and dynamics of DNA ends, restricted the
structure determination to the most stable areas of NCPs. Here, the presence of these distinct
conformations of nucleosomal DNA ends in a single reconstruction could be responsible for
overall low resolution and the loss of density in certain regions, particularly in these that are
highly flexible. Additionally, as first seen in 2D classification of both Lin28B- and Esrrbnucleosome, nucleosome orientations in the refined cryo-EM data were strongly biased
towards top views which later in

ab-initio reconstruction resulted in significant

underrepresentation of different orientation views of nucleosome particles. Consequently,
considerable amounts of structural information were missing (parallel to the preferred
orientation axis) which adversely affected 3D reconstruction and unavoidably led to a general
loss of resolution and presence of ambiguous density features in certain regions of cryo-EM
maps of native nucleosomes (Chen et al., 2019; Lyumkis, 2019; Tan et al., 2017). As a result
of this directional resolution anisotropy, the obtained 3D structures of Lin28B- and Esrrbnucleosomes most likely misrepresent the true structures of these native nucleosomes (Tan
et al., 2017). Alternatively, given the increased structural heterogeneity and missing densities
in 3D structures, especially for core histones in Esrrb-nucleosome, nucleosomes might have
been damaged or destabilized by exposure to different surfaces during chromatography or
cryo-EM grid preparation (Kastner et al., 2008). As a result, these procedures might be
responsible for the unwrapping of terminal DNA observed in cryo-EM 2D class averages. If
the nucleosome is inherently less stable due to properties of its DNA sequence as proposed
for Esrrb-nucleosome (detailed in Chapter 4), the purification could further destabilize the
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structure and possibly induce hexasome formation and even nucleosome disassembly. Thus,
the absence of densities in the histone octamer could indicate that subset of nucleosomes in
the refined dataset might have lost some of their core histones during purification. Collectively,
these factors could be responsible for observed artifacts in cryo-EM structures.

6.1.1 The effects of structural plasticity of native nucleosomes on DNA
breathing and chromatin dynamics
Accumulating evidence suggests that nucleosomes are highly pleomorphic and dynamic
entities and thus rather than a single “universal” static structure, a whole array of distinct
structures exists which vary in the composition and/or stoichiometry of the histone core,
arrangement of the nucleosomal DNA, degree of DNA unwrapping, interaction with other
factors and dynamics (Zlatanova et al., 2009; Andrews and Luger, 2011; Tan and Davey,
2011; Ramachandran and Henikoff, 2016; Eslami-Mossallam et al., 2016). Although
conformational transitions of nucleosomes are crucial for the accessibility of underlying DNA
to various chromatin-binding factors, relatively little is known about structural states other than
canonical nucleosomes. One of the most widely investigated and functionally important
conformational transitions in nucleosomes is transient unwrapping and rewrapping of
nucleosomal DNA ends from the histone octamer, a process also known as DNA breathing.
The enzymatic digestion experiments (Polach and Widom, 1995), FRET studies (Li and
Widom, 2004) and cryo-EM (Bilokapic et al., 2018), all provided evidence that DNA breathing
represent a crucial mechanism that facilitates transient access of regulatory protein
complexes, such as TFs (Zaret and Mango, 2016; Li and Widom, 2004) and RNA polymerases
(Bondarenko et al., 2006), to their target DNA sequences hidden inside nucleosomes. Similar
to isolated mononucleosomes, nucleosomes packed into a nucleosome array have been also
shown to undergo transient DNA breathing and even when arranged in the array, DNA
accessibility to chromatin-binding factors was only negligibly affected, indicating that
spontaneous partial DNA unwrapping (site exposure) can drive binding of regulatory proteins
in vivo (Poirier et al., 2008; Poirier et al., 2009). Notably, spontaneous local unwrapping of
nucleosomal DNA has been shown to promote RNA polymerase II progression through
nucleosomes in vitro, suggesting that nucleosome breathing might be involved in the
regulation of transcription elongation (Bintu et al., 2012; Hodges et al., 2009). Moreover, it has
been suggested that the spontaneous nucleosome breathing enables the CRISPR-Cas
nucleases Cas9 and Cas12a to access target DNA sites within the nucleosomes in vivo (Isaac
et al., 2016; Strohkendl et al., 2021). Overall, these findings indicated that nucleosome
breathing plays a crucial role in regulation of DNA-templated processes.
Previous studies have shown that nucleosomes assembled on artificial Widom 601 strong
nucleosome positioning sequence exhibit ~100-fold slower breathing motions than those
reconstituted with the naturally occurring nucleosome positioning sequences such as 5S
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ribosomal RNA gene sequence (Isaac et al., 2016; Anderson et al., 2002; Partensky and
Narlikar, 2009). Consistent with this, MD simulation studies have revealed that nucleosomes
containing native DNA sequences namely Lin28B-DNA and Esrrb-DNA have higher amplitude
of breathing motions than nucleosomes with synthetic Widom 601 sequence (Huertas et al.,
2020a). In agreement with these findings the cryo-EM structures presented in this thesis have
indicated that DNA ends of native nucleosomes are highly flexible, supporting the notions that
nucleosomes in vivo are more dynamic than artificial nucleosomes. The higher flexibility and
dynamics of native nucleosomes could lead to a larger amplitude of breathing motions which
could increase the accessibility of the nucleosomal DNA (Huertas et al., 2020a).
Consequently, this higher nucleosomal DNA accessibility could increase the probability of the
chromatin-regulatory proteins recognizing and binding the target DNA sites within chromatin.
Subsequent binding of regulatory proteins could alter the intrinsic nucleosome structure and
dynamics, which could in turn profoundly affect the inter-nucleosome interactions, that drive
chromatin compaction and oligomerization (Pepenella et al., 2014; Luger et al., 2012;
Ghoneim et al., 2021). Additionally, in chromatin context, this faster DNA breathing motions
may allow nuclear proteins to scan the DNA sequence more rapidly. Importantly, the MD
simulations have shown that native nucleosomes assembled with DNA sequences containing
multiple TF binding sites were the most mobile and least compact, which implied that mobility
and compaction of native nucleosomes is strongly dependant on the underlying DNA
sequence and thus the structural dynamics of natural nucleosomes is highly variable (Huertas
et al., 2020a). Thus, the underlying DNA sequence (Simon et al., 2011; North et al., 2012;
Bowman and Poirier, 2015) as well as post-translational modifications of nucleosomes (North
et al., 2012; Anderson and Widom, 2000; Eslami-Mossallam et al., 2016) can alter the
nucleosome breathing dynamics, suggesting that in vivo, the spontaneous nucleosome
breathing across chromatin is highly variable and therefore certain regions may be more
accessible to chromatin-binding factors.
The spontaneous breathing motions of nucleosomal DNA can have profound impact not only
on DNA wrapping but also on histone octamer plasticity and nucleosome compaction (Armeev
et al., 2019; Fierz and Poirier, 2019). Indeed, preliminary cryo-EM analysis of Esrrbnucleosome indicated that unwrapping of nucleosomal DNA ends can promote the
displacement of H2A/B dimer from histone octamer, leading to hexasome formation. This is
consistent with previous studies which suggested that nucleosomal DNA conformation can
induce reconfiguration of the histone octamer (Chen et al., 2017b; Bilokapic et al., 2018). The
release of the H2A/B dimer could interfere with the ability of nucleosomal arrays to assemble
into higher-order chromatin structures, resulting in a more extended and accessible chromatin
conformation (discussed in more details in section 6.) (Hansen and Wolffe, 1994; Kireeva et
al., 2002). Thus, distinct structural features of hexasome compared to canonical nucleosomes
could uniquely affect the structure and dynamics of nucleosome fibres in vivo.
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Possibly, a higher amplitude of nucleosome breathing motions induced by increased structural
flexibility and dynamics of native nucleosomes could provide considerable variability to the
conformation of chromatin fibres, and this could affect the formation of higher-order chromatin
structure (Armeev et al., 2021). Notably, it has been long assumed that nucleosomes
connected by linker DNA form an extended 10-nm fibre which compact into a regular and rigid
30-nm zig-zag chromatin fibre. Although the existence of 30-nm zig-zag fibres was supported
by in vitro findings (Schalch et al., 2005; Song et al., 2014; Grigoryev et al., 2009; Ou et al.,
2017), to date the presence of these structures in vivo has been controversial (Eltsov et al.,
2008; Maeshima et al., 2010; Maeshima et al., 2016a; Chen et al., 2016). Rather, growing
evidence indicates that chromatin in vivo has a highly dynamic liquid-like structure which is
predominantly composed of 10-nm nucleosome fibres folded in an irregular or disordered
manner (Maeshima et al., 2020; Maeshima et al., 2016a; Tremethick, 2007; Maeshima et al.,
2010; Collepardo-Guevara and Schlick, 2014; Eltsov et al., 2008). Recently, MD simulation
studies have shown that at physiological salt concentration the extensive breathing motions of
nucleosomes destabilize the structure of regular and rigid 30-nm zig-zag chromatin fibre and
instead promote dynamic liquid-like behaviour of nucleosomes within chromatin which results
in formation of disordered and flexible chromatin ensembles (Farr et al., 2021). These
ensembles are comprised of a diverse range of compact structures that exhibit promiscuous
inter-nucleosome interactions, heterogeneity in inter-nucleosome rotational angles and
disordered self-organization of nucleosomes (Farr et al., 2021). Arguably, this liquid-like
compact chromatin structure may be essential for DNA-templated processes since it may
enable more homogenous exposure of DNA binding sites across the genome and easier
access of chromatin-binding proteins to the underlying DNA, without requiring chromatin
decompaction (Farr et al., 2021; Maeshima et al., 2016a). Furthermore, it has been proposed
that spontaneous nucleosome breathing may also facilitate liquid-liquid phase separation
(LLPS) and phase separation-driven compartmentalization of chromatin (Farr et al., 2021).
Therefore, spontaneous nucleosome breathing may profoundly affect spatial organization, the
extent of compaction and compartmentalization of chromatin and thus the modulation of
breathing motions of genomic nucleosomes may play a central role in regulating the
organization and function of chromatin (Farr et al., 2021).

6.1.2 Biological significance of hexasome and its potential role in
pioneer factor-nucleosome binding
At this point, the possibility that the observed Esrrb-hexasome was artificially produced
through nucleosome destabilisation during cryo-EM sample preparation or was a result of low
quality of the cryo-EM data cannot be completely excluded. However, if this hexasome
structure of native Esrrb-nucleosome is biologically relevant, it would be intriguing to determine
what role it may play in targeting and opening of silent chromatin by the pioneer factors during
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cell fate transitions. In vitro, nucleosome disassembly can be induced by high salt
concentration, indicating that nucleosome breathing and hexasome generation is an inherent
characteristic of the nucleosome (Böhm et al., 2011; Kireeva et al., 2002; Hazan et al., 2015).
These open nucleosome conformations might be mediated in a more physiological context of
chromatin by the activity of extrinsic factors such as transcription machinery, ATP-dependent
chromatin remodellers, histone chaperones, etc. (Andrews and Luger, 2011). To date, several
intermediate nucleosome structures have been detected including NCPs with partially
unwrapped DNA (Tims et al., 2011; Li et al., 2005a), destabilised interfaces of the core histone
octamer (Böhm et al., 2011; Miyagi et al., 2011), one (hexasome) or both (tetrasome) H2A/B
dimers missing (Arimura et al., 2012; Mazurkiewicz et al., 2006; Zlatanova et al., 2009) and
some of these species have been shown to play an important role in chromatin structure and
function in vivo. Apart from the canonical octameric nucleosomes (octasomes) abundantly
present in chromatin, it has been proposed by chromatin immunoprecipitation-exonuclease
(ChIP-exo) and MNase-seq studies that both hexasomes and half-nucleosome intermediates
exist in vivo (Rhee et al., 2014). Indeed, the eviction of H2A/B dimer from the nucleosome
histone core has also been detected during transcription, DNA replication and chromatin
remodelling (Sheinin et al., 2013; Bintu et al., 2011). Previously, it has been reported that
passage of RNA Polymerase II through nucleosomes during transcription displaces H2A/B
dimer, transiently converting nucleosomes in its path into hexasomes without altering the initial
position of nucleosomal DNA on the histone core (Kireeva et al., 2002; Bintu et al., 2011). This
mechanism enables the nucleosome to retain a partially assembled structure at the site of
transcription (Bilokapic et al., 2018) and is likely implicated in the rapid H2A/B dimer exchange
at transcriptionally active chromatin domains (Thiriet and Hayes, 2005; Kimura and Cook,
2001). Consistent with these in vitro findings, the transcription-induced release of H2A/B dimer
from the nucleosome core has been observed in vivo (van Holde et al., 1992; Nacheva et al.,
1989; Baer and Rhodes, 1983; Bazett-Jones et al., 1996; Sathyanarayana et al., 1999).
Remarkably, nucleosomes can be also transformed into hexasomes by the action of histone
chaperones and chromatin remodelling complexes. For instance, the histone chaperone
facilitates chromatin transcription (FACT) and nucleosome assembly protein-1 (NAP1)
promote the displacement of H2A/B dimer from NCPs (Belotserkovskaya et al., 2003;
Mayanagi et al., 2019; Valieva et al., 2016; Levchenko and Jackson, 2004; Prasad et al.,
2016). Moreover, FACT has been shown to mediate exchange of H2A/H2B with histone
variant H2A.X/H2B dimers (Heo et al., 2008). Notably, a clash between neighbouring
nucleosomes during chromatin remodelling can also result in histone dimer dissociation from
histone octamer, thereby forming a hexasome (Engeholm et al., 2009; Kato et al., 2017). For
instance, ATP-dependent chromatin remodellers SWI/SNF and RSC catalyse sliding of
neighbouring nucleosomes into each other and by colliding them together this process
stimulates the release of H2A/B dimer (Dechassa et al., 2010; Liu et al., 2011; Engeholm et
al., 2009). Additionally, SWR1 chromatin remodelling complex catalyses the replacement of
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nucleosomal H2A/B with H2A.Z/H2B dimers (Mizuguchi et al., 2004) and this process is
reversed by action of another chromatin remodelling enzyme INO80 (Papamichos-Chronakis
et al., 2011).
In contrast to the widely studied structure of the intact nucleosome, the structural insights into
partially unwrapped, transient nucleosome and sub-nucleosome particles are limited. The
single-molecule studies have found that ~10% of nucleosomes exhibit partial DNA unwrapping
at the entry/exit regions under physiological conditions and that unwrapping and rewrapping
of the nucleosomal DNA ends occur on the millisecond time scale (Li and Widom, 2004; Chen
et al., 2017b). Previously, it has been reported that unwrapping of nucleosomal DNA
propagates asymmetrically from the stiffer less flexible side of the nucleosome (Chen et al.,
2017b; Ngo et al., 2015). However, when the flexibility of DNA sequence is similar on both
sides, the nucleosome undergoes stochastic unwrapping from either side (Ngo et al., 2015),
indicating that unwrapping of one nucleosomal DNA end facilitates the stabilization of the other
end. This mechanism could enable the exchange or modification of one H2A/B dimer at a time,
while simultaneously stabilizing the other dimer in the NCP (Yen et al., 2013). More recently,
cryo-EM study conducted by Bilokapic et al. characterized distinct states of nucleosome
breathing and the DNA unwrapping-induced conformational changes in the histone core
(Bilokapic et al., 2018). Here, it has been shown that unwrapping of nucleosomal DNA and
loss of H2A/B dimer occur simultaneously and that DNA is necessary for stabilization of the
histone octamer against H2A/B dimer dissociation (Bilokapic et al., 2018). Consequently, it
has been proposed that if the presence of DNA-binding factor hinders the rewrapping of
nucleosomal DNA, this will lead to H2A/B dimer destabilization and further DNA detachment
from histone core (Bilokapic et al., 2018). Consistent with this, Li and Widom have previously
shown that in response to the interaction of exogenous protein factor with nucleosomes, the
conformational equilibrium is shifted toward the unwrapped and more accessible state (Li and
Widom, 2004). Notably, the cryo-EM data reported by Bilokapic et al. revealed that the
unwrapping of the nucleosomal DNA over ~40 bp completely disrupted the contacts between
the DNA and proximal histone H2A/B dimer and resulted in spontaneous conversion of
nucleosome into hexasome (Bilokapic et al., 2018). Furthermore, this cryo-EM analysis has
indicated that the diminished histone-DNA contacts in the hexasome induce nucleosome
sliding (Bilokapic et al., 2018), which is in agreement with previously published biochemical
results (Park et al., 2005). The various extrinsic factors may exploit this feature of the
hexasome to modulate nucleosome position or to provide access to DNA and thus it may play
a crucial role in DNA-dependent processes and chromatin remodelling.
Importantly, given that the transient partial unwrapping of the nucleosomal DNA end is
essential for H2A/B dimer release and that the underlying DNA sequence affects nucleosome
dynamics, the DNA sequence motifs could significantly impact the hexasome formation.
Previous studies have shown that poly(A) and poly(T) sequences disfavour nucleosome
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assembly (Segal and Widom, 2009) and have a decreased affinity for the histone core
(Anderson and Widom, 2001). Consistent with this, the A-rich and T-rich DNA sequence motifs
exhibited weak H2A/B dimer binding which could promote the hexasome formation (Brehove
et al., 2019). Thus, nucleosomes containing poly(A/T) tracts and rigid DNA sequences may be
more prone to conversion into hexasomes. Apart from inducing the hexasome formation, the
DNA sequence motifs could also influence the hexasome orientation, thus governing which
side of the nucleosome becomes less or more accessible (Brehove et al., 2019). Taken
together, both hexasome formation and orientation could be modulated by underlying DNA
sequence in vivo and this may provide an important mechanism of regulating the DNA
accessibility and ultimately all DNA-dependent processes.
Furthermore, transient destabilisation of the nucleosome via the formation of hexasome could
provide a point of access for factors which could further destabilize nucleosome structure such
as pioneer factors, chromatin remodellers and/or other DNA-binding proteins. Previously, the
H2A/B dimer dissociation has been shown to facilitate the interaction of TFs with nucleosomeoccupied promoters in vitro (Hayes and Wolffe, 1992). Moreover, the removal of the H2A/B
dimer interferes with the ability of nucleosomal arrays to assemble into higher-order chromatin
structures and this could result in a more extended and accessible chromatin conformation
that would promote engagement of DNA-binding proteins or chromatin remodelling factors
(Hansen and Wolffe, 1994; Kireeva et al., 2002).
Based on the low-resolution model of Esrrb-nucleosome presented in this thesis and the
recently published MD simulations showing a major opening of the 3ʹ DNA end in the Esrrbnucleosome (Huertas et al., 2020b; MacCarthy et al., 2021), the extensive unwrapping of DNA
end from the NCP observed in these studies could mediate spontaneous dissociation of one
of the H2A/B dimers from histone octamer at physiological salt concentrations, leading to the
hexasome formation. The resulting Esrrb-hexasome structure could serve as a window of
opportunity for the pioneer TFs, facilitating their access to the nucleosome-enriched sites in
the genome.
Alternatively, it would be interesting to find out whether some TFs can act as pioneer factors
by inducing the H2A/B dimer release from the intact nucleosome upon binding, opening the
nucleosome structure and thus increasing the accessibility of underlying nucleosomal DNA to
other chromatin-binding factors. In chromatin context, the pioneer factor could take advantage
of intrinsic nucleosome dynamics observed under physiological conditions that locally unwrap
the nucleosome (Hodges et al., 2009). Here, binding of pioneer factor to partially unwrapped
site could prevent DNA rewrapping and the absence of DNA could destabilize the H2A/B
dimer. For instance, since the pioneer factor SOX2 has been shown to kink the entry/exit DNA
away from the core histones in the artificial Widom nucleosome (Michael et al., 2020), it is
possible that in native nucleosomes which generally exhibit a higher local DNA flexibility and
amplitude of breathing and twisting motions than nucleosomes assembled on artificial
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positioning sequences (Huertas et al., 2020a; Huertas et al., 2020b; MacCarthy et al., 2021;
Takizawa et al., 2018), SOX2-induced DNA distortion may lead to complete elimination of
DNA-H2A/B dimer contacts and subsequent nucleosome-to-hexasome conversion. This
pioneer factor-mediated hexasome formation could provide access to nucleosomal DNA by
inducing transient unwrapping of nucleosomal DNA, altering local nucleosome positioning,
and/or promoting nucleosome sliding, ultimately enabling the invasion of the silent chromatin
by additional TFs, coregulators, transcriptional machineries, chromatin remodellers, chromatin
modifiers and other factors. However, it currently remains unknown whether certain pioneer
TFs could possess the H2A/B-eviction activity. Furthermore, the dissociation of the H2A/B
dimer from the nucleosome, whether spontaneous or pioneer factor-induced, could reduce
local chromatin compaction through destabilization of higher-order chromatin structure and
this could provide an access point for various chromatin binding factors. Nevertheless, to date
a potential role of hexasome formation in pioneer factor-nucleosome binding and opening has
not yet been examined and thus further studies are needed to determine whether the
nucleosome-to-hexasome transition is biologically relevant mechanism by which pioneer
factors perturb chromatin in vivo and initiate gene regulatory network changes during cell fate
transitions.

6.2 Path towards obtaining high-resolution cryo-EM structures of
native nucleosomes
To achieve a better quality of the cryo-EM data and thus to improve overall resolution, several
parameters such as sample purity, ice thickness, and orientation coverage could be optimized.
For instance, the sample heterogeneity due to conformational or compositional variation could
be reduced by screening for the optimal buffer conditions that would stabilize the nucleosome
(Cheng et al., 2015). Moreover, the nucleosome purification procedure could be refined to
prevent potential dissociation of nucleosome components and to minimize the contamination
with free DNA since excess DNA decreases contrast of NCPs in ice (Chua et al., 2016).
Possibly, the structural heterogeneity could be diminished by weak chemical fixation, although
this might lock the nucleosome in a non-physiological state especially at the flexible DNA ends,
which makes interpretation of resulting structures challenging (Cheng et al., 2015; Stark,
2010). In addition, it is noteworthy that analysis of nucleosomes quality by gel electrophoresis
only offers limited information and often gives a false impression of nucleosome homogeneity.
Therefore, the quality control methods such as analytic ultracentrifugation (AUC), sizeexclusion chromatography coupled with multiangle light scattering (SEC-MALS) and SECSAXS could be used to assess the properties and quality of nucleosomes samples prior to
cryo-EM (Muthurajan et al., 2016). This could enable us to successfully generate consistent
high-quality nucleosome samples and consequently to facilitate high-resolution structure
determination. Additionally, vitrification conditions could be further optimized to obtain thinner
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vitrified ice layer and thus achieve better signal quality and contrast which would provide a
more accurate particle alignment and consequently higher resolution reconstruction.
Conversely, to increase the number of different nucleosome orientations in the datasets,
slightly thicker ice film on the grid could be used, but this would reduce the contrast and
complicate particle detection (Khoshouei et al., 2016).
Generally, the optimization of above-mentioned parameters is time-consuming, complex and
it does not necessarily yield higher-quality structures. Thus, rather than focusing on the cryoEM sample preparation, it might be more beneficial to concentrate on optimizing the cryo-EM
data collection and processing. Given the inherent heterogeneity and preferred particle
orientation of native nucleosomes (as observed in the initial cryo-EM data), collecting larger
cryo-EM datasets might be necessary for obtaining relevant high-resolution structures. Here,
increasing the total number of particles in a dataset could allow extensive 2D and 3D
classifications that would enable us to isolate a sufficiently homogenous subset of particles for
high-resolution structure determination (Armache and Cheng, 2019; Wilkinson et al., 2019;
Fernandez et al., 2013; Urnavicius et al., 2015; Matzov et al., 2017; Wilkinson et al., 2018;
Charenton et al., 2019; Guo et al., 2019). Notably, different views of the particles may be
enriched in larger datasets which could allow for considerably more accurate 3D
reconstruction (Wilkinson et al., 2019). However, collecting larger dataset can often be less
efficient than improving the SNR of the raw data (Nakane et al., 2020). Thus, by using the
Volta phase plate (VPP) with the single-particle analysis, the contrast of nucleosomes in
vitrified ice could be significantly enhanced, allowing for more accurate particle alignment
which substantially increases the overall resolution (Chua et al., 2016). Furthermore, since
phase plates improve the quality of raw data, more subtle differences in structurally
heterogeneous samples could be detected, making it easier to obtain more homogenous
particle dataset for the high-resolution reconstruction (Hall et al., 2011). Ultimately, this
technology could reduce the need for optimization of sample preparation and improve the
structure determination by single-particle cryo-EM (Khoshouei et al., 2016).
Importantly, regardless of the sample analysed, the transmission electron microscope used to
collect the dataset also plays a critical role in achieving high-resolution structures. In the first
cryo-EM study, I used mid-range electron microscope FEI TF20 operating at 200 kV, capable
of achieving the cryo-EM maps of medium to high-resolution (< 4 Å) (Campbell et al., 2014;
Liang et al., 2015; Ahmed et al., 2016; Ripstein et al., 2017; Li et al., 2017b; Alewijnse et al.,
2017). However, majority of high-resolution reconstructions of nucleosomes and their
complexes published over the years have been acquired using the high-end microscopes
operating at 300 kV, among which the most prevalent model is the FEI Titan Krios. Although
both the TF20 and Titan Krios microscope can provide near-atomic resolution structures,
collecting dataset with the high-end microscope leads to better quality of the 3D reconstruction
(Veesler et al., 2013). Here, the Titan Krios has a higher accelerating voltage (300 kV)
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compared to FEI TF20 (200 kV) and this confers several advantages which could help to
acquire a better reconstruction, such as lower cross-section for electron scattering, more
precise electron-beam tilt, etc. (Veesler et al., 2013).
Indeed, later we have shown that using high-end Titan Krios microscope and collecting larger
dataset is sufficient to significantly improve the data quality and resolution of cryo-EM structure
(as detailed in Chapter 4). This has led to the most striking result of this thesis which is a highresolution 3.3 Å structure of native Lin28B-nucleosome. Our cryo-EM analysis clearly
demonstrated that Lin28B-DNA assembles into a well-positioned nucleosome and is fully
wrapped around the histone core, except for its highly flexible 5ʹ DNA end. Interestingly, this
model correlates with atomistic MD simulations which also proposed that Lin28B-nucleosome
displays enhanced flexibility, especially at the 5′ end (Huertas et al., 2020a).
The apparent structural differences between initial 17.22 Å and 3.3 Å resolution cryo-EM map
of Lin28B-nucleosome highlight the necessity for obtaining a high-resolution cryo-EM structure
of Esrrb-nucleosome before making any conclusions about its structure and dynamics. Despite
great efforts, the high-resolution structure of native Esrrb-nucleosome is yet to be achieved.
Thus, it is currently unknown whether Esrrb-nucleosome shares similar DNA conformation
with Lin28B-nucleosome or adopts more open DNA conformation due to spontaneous
nucleosome breathing or intrinsic instability which leads to hexasome formation. Once solved,
we could assess possible structural differences between native nucleosomes and determine
whether intrinsic properties of the underlying DNA sequences affect nucleosome structure and
dynamics as proposed by MD simulations (Huertas et al., 2020a). However, apart from
obtaining high-resolution structure, the histone octamer composition and DNA end
conformation of Esrrb-nucleosome could be analysed by other techniques. Notably, to
determine whether Esrrb-nucleosomes have octameric or hexameric histone state, the
nucleosomes could be assessed by MALS or AUC, both of which are able to provide the
absolute molecular weight of complexes and thus could differentiate between two nucleosome
states (Muthurajan et al., 2016). Furthermore, by analysing the native nucleosome by
micrococcal nuclease digestion (MNase), we could examine their integrity and stability in
solution and thus assess whether DNA ends are differentially organized at the DNA entry/exit
regions (Muthurajan et al., 2016). Here, increased sensitivity of the Esrrb-DNA ends towards
MNase digestion compared to that of Lin28B-nucleosome could indicate that in Esrrbnucleosome terminal DNA is partially unwrapped from the surface of histone octamer as
proposed by low-resolution cryo-EM structure of Esrrb-nucleosome. Complementary
information on the size and shape of native nucleosomes in solution could also be obtained
using SAXS, enabling us to reveal the differences in DNA end conformations between Lin28Band Esrrb-nucleosomes (Muthurajan et al., 2016; Yang et al., 2011).
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6.2.1 Cryo-EM analysis of structurally heterogeneous and dynamic
native nucleosomes
Single-particle cryo-EM has become a powerful tool for solving the near-atomic resolution
structures of rigid macromolecules. Yet, large number of macromolecular complexes exhibit
structural heterogeneity and dynamics, and this represents a major bottleneck for high
resolution structure determination by cryo-EM (Scheres, 2016). Indeed, cryo-EM studies of
nucleosomes and their complexes are limited to strong positioning DNA sequences since
homogeneously positioned nucleosomes are prerequisite to structural analysis at high
resolution (Jonić, 2016). However, the native nucleosomes appear to be intrinsically flexible
and dynamic structures exhibiting a great structural variability primarily due to conformational
dynamics and plasticity of histone octamer and nucleosomal DNA (Luger et al., 2012; Armeev
et al., 2021). Notably, the cryo-EM data presented in this thesis suggested that native
nucleosomes can display a wide range of partially unwrapped conformations due to
spontaneous breathing motions of the terminal DNA which results in high conformational
heterogeneity in dataset. Furthermore, DNA unwrapping can affect the structure of histone
octamer, and this influences further DNA unwrapping, for instance by facilitating detachment
of terminal DNA on the opposite side of the nucleosome which once again enhances
conformational heterogeneity of the sample (Bilokapic et al., 2018). Moreover, extensive DNA
unwrapping can promote release of histone dimer from octamer core which introduces
compositional heterogeneity into the sample (Bilokapic et al., 2018). Overall, the results
presented in this thesis together with previous studies of nucleosome structure and dynamics
indicated that native nucleosomes in solution naturally exist in multiple conformational states,
all of which are captured by cryo-EM. Such structural heterogeneity can severely limit the
attainable resolution of cryo-EM reconstructions as heterogeneous features present in the
structure could be averaged out during image analysis, causing the fine details of regions
displaying the highest variability to be blurred or even lost (Serna, 2019; White et al., 2017;
Scheres, 2016; Frank and Ourmazd, 2016).
Optimization of biochemical purification procedures could ensure that majority of the
nucleosomes has similar molecular composition, yet this does not mean the particles will be
conformationally identical due to intrinsic flexibility of native nucleosomes. Chemical
crosslinking of native nucleosomes could reduce structural heterogeneity present within the
data, but it could stabilize non-native conformations of complexes and by fixing the
nucleosomes in particular conformation it would prevent the full study of discrete structural
states of these dynamic and flexible complexes. Importantly, large cryo-EM datasets could be
collected to ensure that sufficiently large number of particles for each different conformation
or state of the nucleosome is present, allowing reliable reconstruction of distinct structural
states of the native nucleosomes. However, to obtain accurate high-resolution cryo-EM density
maps from heterogenous data and recover an entire spectrum structures present in the single
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sample, it necessary to differentiate between subtle structural variation in dataset and sort the
data into more homogeneous subsets (Frank, 2013; Frank and Ourmazd, 2016). To achieve
this, it is necessary to improve computational tools for processing structurally heterogeneous
cryo-EM datasets.
Single-particle cryo-EM analysis is based on the assumption that individual particle images
are all 2D projections of identical 3D structure imaged at different orientations and thus highresolution 3D map can be reconstructed by computationally combining many multiple views of
the molecule of interest (Murata and Wolf, 2018; Cheng, 2018). However, heterogenous cryoEM datasets contain different structural states of target macromolecular complexes and
typically result in low-resolution density maps because routinely used 3D reconstruction tools
are inefficient in modelling flexible and dynamic proteins (Saibil, 2000). To combat structural
heterogeneity in cryo-EM datasets of flexible macromolecules and achieve high-resolution
reconstructions several advanced strategies have been relatively recently developed. For
instance, multi-body refinement, implemented in the RELION, allows structure determination
of flexible macromolecular complexes displaying continuous structural heterogeneity by
assuming that complex consists of multiple, independently moving rigid subdomains (the
“bodies”) (Nakane et al., 2018). The structure is modelled by dividing the complex into userdefined rigid bodies that adopt different orientations relative to one another (Nakane et al.,
2018; Zhong et al., 2021). This approach can improve cryo-EM reconstructions of mobile
domains of the complex and offer important insights into the conformational transitions of
flexible complexes (Nakane et al., 2018). Furthermore, 3D Variability Analysis (3DVA)
algorithm implemented in cryoSPARC is Principal Component Analysis (PCA)-based
computational tool that have been used to resolve continuous conformational variability
(Punjani and Fleet, 2021). Despite being useful at visualising flexible molecular motions and
discrete conformational states of macromolecules, these methods simplify assumptions on the
types of structural heterogeneity displayed by the macromolecular complexes analysed by
single-particle cryo-EM which can introduce bias into 3D reconstructions and also suffer from
artifacts, thus reconstructed density maps may not represent true structural/functional states
of the studied complexes (Scheres, 2016; Nakane et al., 2018; Si et al., 2021; Zhong et al.,
2021). Recently, another method for analysing structural heterogeneity known as cryoDRGN
(Deep Reconstructing Generative Networks) has been reported, which is a neural networkbased algorithm for heterogeneous cryo-EM reconstruction (Zhong et al., 2021). This
approach was successfully used to analyse cryo-EM datasets of protein complexes exhibiting
various degrees and sources of heterogeneity (Zhong et al., 2021). For example, cryoDRGN
revealed heterogenous states of the recombination-activating genes (RAG) complex and 80S
ribosome which were not resolved using traditional homogeneous reconstruction and
visualized both large-scale compositional heterogeneity of the 50S ribosome and continuous
conformational heterogeneity of the pre-catalytic spliceosome complex (Zhong et al., 2021).
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Additionally, the cryoDRGN method was shown to lack the artifacts associated with multi-body
refinement and 3DVA (Zhong et al., 2021). Despite providing valuable insights into structure
and dynamics of flexible macromolecular complexes, to the best of my knowledge, the
aforementioned tools for heterogeneous reconstruction have not yet been used to assess the
structural heterogeneity of native nucleosomes and their complexes. Nevertheless, these
computational methods could prove useful in overcoming the technical challenges of
visualizing native “breathing” nucleosomes.
Further advances in hardware and software will lead to the development of computational tools
which are better suited for heterogenous structure determination and will ultimately streamline
the analysis of heterogeneous cryo-EM datasets, such that near-atomic resolution structures
of flexible and dynamic macromolecules can be routinely obtained. Arguably, the development
of methods for heterogeneous reconstruction will allow high-resolution structural analysis of
nucleosomes containing native DNA sequences and thus cryo-EM studies of nucleosomes
and their complexes will no longer be dominated by nucleosomes reconstituted using artificial,
strong positioning DNA sequences. Furthermore, advancement and widespread application of
these techniques could not only provide a richer set of high-resolution structures of native
nucleosomes but could also offer novel insights into nucleosome structure and dynamics. In
combination with experimental techniques such as FRET and in silico approaches, such as
MD simulations, heterogeneous single-particle cryo-EM reconstructions could allow us to draw
a more comprehensive picture of functionally relevant modes of nucleosome dynamics and
plasticity, ultimately paving the way towards deeper understanding of chromatin structure,
dynamics and function in both physiological and pathological contexts.

6.3 Solving the structure of OCT4-Lin28B-nucleosome complex a major challenge for future research
Studies conducted by Dr Gareth Roberts in Dr Soufi’s laboratory (detailed in Chapter 5) which
aimed to define the OCT4 domains critical for native Lin28B-nucleosome binding in vitro, have
identified the OCT4 linker mutant D73 which has significantly higher affinity for Lin28Bnucleosomes than OCT4 WT and revealed that recombinant OCT4 DBD alone can engage
nucleosomal DNA, albeit with lower affinity than OCT4 WT. Based on these findings, a total of
three OCT4 candidates for complex formation were selected, namely full-length OCT4 WT,
OCT4 DBD and deletion mutant D73. Among these three OCT4 variants, I was only able to
achieve a sufficiently high concentration of OCT4 DBD and deletion mutant D73. However,
since the binding studies revealed that OCT4 DBD has lower affinity for nucleosomes than
OCT4 D73 and that it preferentially targets contaminating free DNA rather than nucleosomes
(Chapter 5), I have decided to primarily concentrate on OCT4 D73. In addition, I have shown
that although OCT4 D73 engages with both Lin28B- and Esrrb-nucleosomes, it binds more
readily to Lin28B-nucleosomes. This finding further narrowed my focus to generating a
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Lin28B-nucleosome.

In

an

attempt

to

determine

OCT4:nucleosome ratio at which majority of Lin28B-nucleosomes will be bound by OCT4 D73,
I have found that presumably ~8-fold molar excess of OCT4 D73 will be necessary to almost
completely shift nucleosomes in the absence of free DNA contamination. To initially screen for
formation of OCT4 D73-Lin28B-nucleosome complex, NS-EM was conducted. Here, to
counter the free DNA contamination of the nucleosome sample, Lin28B-nucleosomes were
combined with a 10-fold molar excess of OCT4 D73, but the extra density corresponding to
OCT4 D73 was not detected. The absence or significant underrepresentation of OCT4nucleosome complexes might be attributed to weak or flexible binding of OCT4 D73 to Lin28Bnucleosomes or to several other factors such as suboptimal binding conditions, instability of
the complex in solution or overestimation of nucleosome binding activity of OCT4 D73 in
EMSA experiments. Recently, Dr Gareth Roberts in Dr Soufi’s laboratory has shown that
OCT4 D73 interacts with faster off-rate, meaning it binds and releases the DNA much faster.
Consequently, the apparent low Kd of OCT4 D73 is not due to high nucleosome affinity, but
rather due to fast on-off OCT4 D73 binding dynamics. During an EMSA, the OCT4 D73nucleosome complex is rapidly reassociated following dissociation due to the “caging effect”.
However, this is not the case in cryo-EM where complex is not stabilized by dense
polyacrylamide matrices and OCT4 D73 is free to diffuse away upon dissociation from Lin28Bnucleosome. Therefore, the lack of OCT4 D73 density in the NS-EM analysis of OCT4nucleosome complex is essentially the result of high off-rate of OCT4 D73. Nevertheless,
OCT4 D73 still provides a suitable candidate for OCT4-nucleosome complex formation for
cryo-EM, since the issue with rapid complex dissociation could be solved by crosslinking the
OCT4 D73 to Lin28B-nucleosome. Indeed, ChIP-seq analysis revealed that this mutant shows
more binding sites and more enrichment when crosslinked. Alternatively, full-length OCT4 WT
which binds nucleosomes with lower off-rate could be used for OCT4-nucleosome complex
formation, but this approach would require a strategy for enhancing recombinant OCT4 WT
solubility. However, even with the OCT4 WT, the crosslinking step may be necessary for
stabilization of OCT4-nucleosome complex.
Taken together, the studies of Lin28B-nucleosome binding by pioneer factor OCT4 presented
in this thesis together with the recent analysis of nucleosome binding kinetics of OCT4 proteins
conducted by Dr Gareth Roberts guided the selection of strategies that could be potentially
implemented to overcome the challenges encountered in OCT4 protein production and OCT4Lin28B-nucleosome complex preparation for cryo-EM. Ultimately, the strategies proposed
below could lead to the successful determination of high-resolution structure of native Lin28Bnucleosome in complex with pioneer TF OCT4.
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6.3.1 Enhancing the solubility of recombinant human OCT4 proteins
Notably, in this study, the major problem that emerged during the generation of OCT4 proteins
was aggregation. To increase OCT4 solubility and therefore concentration, I have tried to
optimize the protein preparation methods (e.g. buffer types, salt concentrations, pH, different
purification strategies), but so far all attempts were unsuccessful. One of the possible
strategies I devised to overcome this issue is to fuse aggregation-prone OCT4 proteins to a
highly soluble fusion partner - maltose-binding protein (MBP) (Pryor and Leiting, 1997). Among
other commonly used soluble tags such as glutathione S-transferase (GST) (Nygren et al.,
1994) and thioredoxin (TRX) (Lavallie et al., 1993), MBP is considered one of the most
effective solubility enhancers (Kapust and Waugh, 1999). Previous studies have shown that
MBP can significantly improve the solubility and yield of fusion protein (Bedouelle and Duplay,
1988; Kapust and Waugh, 1999; Sachdev and Chirgwin, 1998). Furthermore, in many cases,
it can facilitate the proper folding of the tethered protein into its biologically active state
(Bedouelle and Duplay, 1988; Kapust and Waugh, 1999). Despite being an excellent solubility
enhancer, MBP is not the optimal affinity purification tag as earlier findings demonstrated that
MBP-tagged proteins often do not bind efficiently to amylose resin and even if they do bind it
does not necessarily mean that satisfactory yield and purity of target protein will be attained
for structural studies (Pryor and Leiting, 1997; Routzahn and Waugh, 2002; Nallamsetty and
Waugh, 2007; Lichty et al., 2005; Nallamsetty et al., 2005). To prevent inefficient purification
or reduction in yield, I have decided to use dual affinity/solubility His6-MBP tag, containing
His6-tag (Smith et al., 1988) which is widely regarded as the best affinity tag for purification of
recombinant proteins (Kinsland, 2010). Importantly, it has been shown that addition to the Nterminus of MBP does not impede the solubility enhancing effect of MBP (Nallamsetty et al.,
2005). Thus, the MBP tag should increase the yield and solubility of fused OCT4 proteins while
the His6-tag should facilitate their efficient purification. Additionally, incorporation of ~42 kDa
His6-MBP tag would increase the molecular weight of the OCT4 protein and thus the resulting
OCT4-nucleosome complex. This could be particularly advantageous in the complex
purification from unbound nucleosomes and ultimately in obtaining highly pure OCT4nucleosome complex for the cryo-EM analysis. Moreover, since contrast in cryo-EM directly
correlates with the size of the complex, added mass could increase the signal in cryo-EM
images allowing for more accurate particle alignment and thus facilitating higher resolution
structure determination of OCT4-nucleosome complex (Stark and Chari, 2016). However, if
the tag interferes with the ability of OCT4 proteins to bind nucleosomes or becomes otherwise
detrimental following protein purification, it can be readily removed with protease, but this could
lead to precipitation of protein post-cleavage. Overall, the His6-MBP tag is commonly
employed for generating large quantities of nucleosome interactors in cryo-EM studies
(Farnung et al., 2017; Chittori et al., 2018; Wang et al., 2020b; Farnung et al., 2020), indicating
that this might be a step in the right direction. To date, expression plasmids containing TEV

168

cleavable His6-MBP tags fused to N-termini of the genes encoding OCT4 WT, DBD and D73
proteins were constructed and are waiting to be further tested.
Notably, the preliminary crystallization experiments of human OCT1 POU-DNA complex have
shown that the POU domain is prone to precipitation and this was attributed to the covalent
linkage of the POU monomers through formation of non-native disulphide bonds by oxidation
of the cysteine residues (Remenyi et al., 2001a). The DNA-binding domain of OCT1 contains
two cysteine residues, namely Cys61 in the POUS domain and Cys150 in the POUHD domain,
both of which are highly solvent-exposed in the absence of DNA (Klemm et al., 1994).
Additionally, two positively charged arginine residues are in the vicinity of Cys150 on the
surface of the POUHD domain (Remenyi et al., 2001a). The presence of positively charged
neighbours in local cysteine environments could stabilize the reactive thiolate state of these
cysteine residues, which could result in higher incidence of disulphide bond formation (Snyder
et al., 1981). The residue Cys150 is highly conserved among POU domain proteins (Herr and
Cleary, 1995), yet cysteine-to-serine mutation revealed that this residue is not essential for
high affinity sequence specific DNA binding (Rigoni et al., 1993). Furthermore, in
crystallographic structure determination of the binary OCT1-DNA complexes, mutation of both
Cys61 and Cys150 residues to serines rendered the mutant POU domain more soluble and
more stable when bound to DNA, without altering its DNA-binding capacity (Remenyi et al.,
2001a; Remenyi et al., 2001b). This strategy was also adopted in crystallographic study of the
ternary OCT1-SOX2-DNA complex (Remenyi et al., 2003) and mouse OCT4-DNA complex
(Esch et al., 2013). Since cysteine residues, Cys61 and Cys150, are both conserved in human
OCT4 POU domain, mutation of these residues to serines could potentially improve the
solubility of recombinant human OCT4 proteins and could ultimately lead to higher OCT4
yields and allow concentration of OCT4 proteins. Together with the His 6-MBP tagging, this
combined approach could further increase the yield and solubility of OCT4 proteins, thus
generating sufficiently high concentrations of these proteins for OCT4-nucleosome complex
formation for cryo-EM.

6.3.2 Improving the recovery yields of OCT4 proteins using high
hydrostatic pressure
The overexpression of recombinant eukaryotic proteins in E. coli often leads to incomplete
folding or misfolding and subsequent accumulation of non-native folding intermediates
commonly results in formation of insoluble aggregates, referred to as inclusion bodies (IBs)
(Chura-Chambi et al., 2013). Notably, the protein aggregates in IBs were shown to retain some
secondary and even tertiary structures which correspond to those present in their native state
(Bowden et al., 1991; Przybycien et al., 1994; Ami et al., 2005; Ami et al., 2006) and to exhibit
a certain degree of biological activity (Vera et al., 2007; Garcia-Fruitos et al., 2005; GarciaFruitos et al., 2007). However, the refolding of the proteins to their native states is usually
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difficult to achieve and this is detrimental to obtaining high yields of soluble and biologically
active proteins for structural and functional studies. To recover the target proteins from IBs or
precipitates created during processing, both of which essentially consists of aggregated
proteins with non-native structures, it is necessary to first solubilized the proteins by disrupting
the network of non-native intra- or inter-molecular interactions and then refold them into their
native states. Typically, to obtain native proteins, the aggregates are solubilized using high
concentrations of chaotropic agents (guanidine hydrochloride or urea) or strong ionic
detergents (N-lauroylsarcosine) which induce unfolding of protein structures and subsequently
the soluble and denatured proteins are refolded to their native, functional conformations by
the removal of the denaturants (Mitraki et al., 1987; Vandenbroeck et al., 1993; Deloskey et
al., 1994; Rudolph and Lilie, 1996; St John et al., 1999; Tsumoto et al., 2003; Chura-Chambi
et al., 2013). However, the refolding is not straightforward process and reduction of denaturant
concentration below a critical level together with loss of secondary structures during
solubilization causes protein reaggregation which is primarily driven by intermolecular
hydrophobic interactions (Tsumoto et al., 2003; Rathore et al., 2013). Furthermore,
irrespective of refolding conditions the yields of properly folded proteins are frequently low due
to the loss of protein during refolding and thus the concentration step is often required which
leads to further protein loss (De Bernardez-Clark and Georgiou, 1991). To reduce the extent
of protein reaggregation during refolding and thus increase the protein recovery yields, mild
solubilization methods that avoid disruption of native-like secondary structures and exposure
of the hydrophobic patches have proved advantageous.
In this study, I have also encountered problem of low yields of the recombinant OCT4 proteins
which was primarily linked to the significant loss of protein due to aggregation observed during
purification, refolding, concentration and storage. Here, the OCT4 proteins in whole cell
extracts or in IBs were solubilized using high concentrations (6 M) of chaotropic agents,
namely guanidine hydrochloride and urea, and then refolded through gradual removal of
denaturants by dialysis and size exclusion chromatography. To overcome the limitations of
this conventional approach and improve the solubility and yield of OCT4 proteins, a mild
solubilization strategy relying on high hydrostatic pressure (HHP) could be employed as it has
been shown to provide highly efficient solubilization of aggregates and IBs and to simultaneous
improve the refolding of the solubilized proteins to their native states (St John et al., 1999;
Chura-Chambi et al., 2013).
Nonspecific protein aggregates are less hydrated and exhibit larger specific volume of the
protein-solvent system than the native conformations because of the presence of waterexcluded intermolecular cavities within the aggregated proteins (Silva and Foguel, 2009). The
high-pressure conditions force water molecules into the protein interior which result in the
disruption of hydrophobic and electrostatic interactions in the protein structures (Weber and
Drickamer, 1983; Hummer et al., 1998; Saad-Nehme et al., 2001; Knorr et al., 2006). As a
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result, the application of HHP favours the conformational transitions of the proteins to partially
or fully unfolded states which is accompanied by increase in protein hydration and reduction
in the volume of a protein-solvent system (Heremans, 1982; Weber and Drickamer, 1983;
Silva and Weber, 1993; Mozhaev et al., 1996; Tan et al., 2005; Silva and Foguel, 2009; Winter,
2013). In vitro, moderate pressures (1-3 kbar) promote dissociation of protein oligomers and
aggregates without denaturing the secondary and tertiary structures of proteins, whereas
higher pressures (above 4 kbar) lead to disruption of intramolecular interactions and protein
denaturation (Paladini and Weber, 1981; Müller et al., 1982; Ruan and Weber, 1988; Silva and
Weber, 1993; Robinson and Sligar, 1995; Tang and Ruan, 1996; Yamaguchi et al., 1996;
Lange et al., 1996; Silva et al., 2001; Silva et al., 2006; Silva et al., 2014). Refolding procedures
using mild solubilization processes that maintain the pre-existing native-like secondary and
tertiary structures of aggregated proteins in the solubilized states exhibit higher effectiveness
compared to the solubilization of aggregates using high concentrations of chaotropes, where
all native structures are lost (Singh and Panda, 2005; Patra et al., 2000; Chura-Chambi et al.,
2013).
Use of elevated hydrostatic pressure is one of these mild solubilization methods and since this
technique avoids the use of high concentrations of strong chaotropic agents and enables the
preservation of protein secondary and tertiary structures, it provides a viable alternative to
traditional chaotrope-based disaggregation and refolding strategies. Indeed, the high-pressure
treatment has been successfully used to reverse existing aggregation and to prevent protein
aggregation during refolding even in the absence of chaotropes (Foguel et al., 1999; St John
et al., 1999; St John et al., 2001). Upon depressurization, dissociated aggregates have been
shown to undergo refolding into the biologically active, native conformations even at high
protein concentrations (Foguel et al., 1999; St John et al., 1999; St John et al., 2001). As a
result, the pressure-induced disaggregation and refolding significantly improves the recovery
yields of soluble and refolded proteins. Numerous studies have reported that application of
hydrostatic pressure of 1-3 kbar promotes efficient disaggregation and refolding of pure protein
samples aggregated in vitro by rotating or shock-diluting the denatured proteins (Gorovits and
Horowitz, 1998; Foguel et al., 1999; St John et al., 1999; St John et al., 2001; Randolph et al.,
2002; St John et al., 2002; Lefebvre et al., 2004). For example, the high-pressure treatment
(at 2.4 kbar) decreased the aggregation of P22 bacteriophage tailspike protein from 41% to
18% (Foguel et al., 1999). However, the HHP-mediated solubilization and refolding of proteins
trapped in IBs typically leads to lower yields of native, functional proteins which is believed to
be primarily due to more severe disruption of secondary structures and presence of
contaminating bacterial protein aggregates (Randolph et al., 2002; Schoner et al., 2005; Lee
et al., 2006). Moreover, high pressure application alone is often not sufficient to ensure an
optimal protein solubilization. Thus, to increase the solubilization efficiency and thus the
recovery yield, chaotropic agents such as guanidine hydrochloride or urea are frequently
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added at low concentrations to facilitate disruption of non-native hydrogen and disulphide
bonds which are insensitive to pressure (St John et al., 1999; St John et al., 2001; St John et
al., 2002; Lee et al., 2006; Seefeldt et al., 2007; Chura-Chambi et al., 2008; Chura-Chambi et
al., 2013; Yamaguchi et al., 2013). For instance, the HHP-driven solubilization (at 2.4 kbar)
and refolding (at 0.4 kbar) in the presence of low, nondenaturing levels of guanidine
hydrochloride (1.5-2 M) increased the refolding yields of recombinant endostatin aggregated
as IBs (Chura-Chambi et al., 2013). Indeed, this hybrid HHP-based strategy resulted in 78.0%
refolding yield in the presence of heparin which was substantially higher compared to the yield
of only 4.7% achieved with refolding procedure carried out at atmospheric pressure (ChuraChambi et al., 2013). Furthermore, the combination of HHP with L-arginine additive has been
shown to enhance the refolding yields of native proteins by supressing the aggregation of
partially unfolded intermediates (Lee et al., 2006). Taken together, the simultaneous use of
physical and chemical methods, i.e., high hydrostatic pressures and low concentration of
chaotropes and/or other small molecule additives provides a powerful tool for the
disaggregation and refolding of recombinant proteins from insoluble aggregates and IBs.
Overall, since HHP treatments appear to be effective at preventing and reversing protein
aggregation, the application of HHP could improve the solubilization and recovery of OCT4
proteins from IBs and aggregates created during processing. Consequently, HHP, in the
presence or absence of the chaotropic reagents, could emerge as a viable tool for combating
protein aggregation-related issues encountered during preparation of recombinant human
OCT4 proteins and could thus prove useful for obtaining high yields of OCT4 proteins for cryoEM studies.
Taken together, the His6-MBP tagging, cysteine-to-serine mutation, HHP treatments or
combination of these approaches could help to generate highly concentrated samples of OCT4
WT, DBD and D73 for preparation of OCT4-Lin28B-nucleosome complex for single-particle
cryo-EM.

6.3.3 Determining the optimal binding conditions for the preparation of
OCT4-Lin28B-nucleosome complex
One of the biggest challenges for reliable and high-resolution structure determination of
pioneer factor-bound nucleosome is the preparation of structurally homogenous and stable
complex in a buffer compatible with cryo-EM. Based on the preliminary binding studies
presented in Chapter 5, it became apparent that to solve the structure of OCT4-Lin28Bnucleosome complex by single-particle cryo-EM, it is first necessary to determine optimal
buffer conditions that will not only ensure that the vast majority of Lin28B-nucleosomes is
bound by OCT4 but will also maintain the stability and integrity of the resulting complexes
during cryo-EM sample preparation. Furthermore, to minimise sample heterogeneity and
enable high-resolution structural analysis by cryo-EM, it is essential to purify the OCT4-
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Lin28B-nucleosome complexes from unbound nucleosomes, excess OCT4 and free DNA
contaminants while preserving their native structure. However, if the OCT4-Lin28Bnucleosome complex is fragile and its stability cannot be maintained or improved by simply
optimizing the buffer conditions, the sample will need to be stabilized to prevent complex
dissociation and/or denaturation upon cryo-EM grid preparation.
Recent success in solving the structure of pioneer factors in complex with nucleosomes could
guide further attempts to determine the structure of OCT4 bound to native Lin28Bnucleosome. Although these studies used artificial nucleosome positioning sequences, the
protocol for cryo-EM sample preparation could be adapted for native nucleosomes. Unlike the
artificial nucleosome, the native Lin28B-nucleosome and Esrrb-nucleosome appear to be
more structurally flexible and dynamic particularly at the entry/exit sites as suggested by the
cryo-EM analysis presented in this thesis (Chapter 4) and recently published MD simulations
(Huertas et al., 2020a; Huertas et al., 2020b; MacCarthy et al., 2021). Although these
observations indicated that native nucleosomes are less stable, which leads to conformational
heterogeneity that complicates the near-atomic resolution structure determination by cryo-EM,
we were still able to obtain a high-resolution structure of Lin28B-nucleosome without the need
for crosslinking (Chapter 4). Additionally, the MD simulations implied that access of OCT4 to
its binding sites in the nucleosomal DNA is mediated by enhanced local DNA flexibility
(Huertas et al., 2020a) and that OCT4 can bind to its primary entry/exit binding site only if the
Lin28B-nucleosome is partially open on the 5’ DNA end (MacCarthy et al., 2021). Thus,
stabilisation of Lin28B-nucleosome via crosslinking prior to OCT4 binding could negatively
impact formation of the OCT4-Lin28B-nucleosome complex. Importantly, these MD
simulations suggested that OCT4 binding may stabilize the partially open conformation of
Lin28B-nucleosome by preventing the nucleosome closing (MacCarthy et al., 2021). This
OCT4-mediated stabilization of Lin28B-nucleosome could reduce the conformational
heterogeneity of the OCT4-Lin28B-nucleosome complex, but this may not be sufficient for
high-resolution structure determination by single-particle cryo-EM and thus stabilization of
complex by crosslinking may be necessary to preserve overall features and improve particle
quality.
Previously, in all EMSA studies of the OCT4 binding to Lin28B-nucleosomes, the complex was
successfully prepared in binding buffer containing 10 mM Tris-HCl (pH 7.5), 1 mM MgCl2,
10 μM ZnCl2, 1 mM DTT, 10 mM KCl, 0.5 mg/mL BSA and 5% (v/v) glycerol (Soufi et al.,
2015). However, this buffer is incompatible with cryo-EM since two of its components, namely
BSA and glycerol, can adversely affect the quality of structural data obtained in cryo-EM
(Drulyte et al., 2018). Here, addition of BSA to the binding reaction can minimize non-specific
binding events and thus can potentially prevent protein aggregation and adhesion to the plastic
surfaces (Hellman and Fried, 2007; Altschuler et al., 2013). Nevertheless, given that high
resolution structures of small proteins such as 64 kDa human haemoglobin (Khoshouei et al.,
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2017) and 52 kDa streptavidin (Fan et al., 2019) have been achieved using cryo-EM, the 66
kDa BSA present in the binding buffer would be visible in density maps, increasing the sample
heterogeneity and thus interfering with computational analysis. Furthermore, although glycerol
in the reaction mixture could stabilize fragile proteins and protein-DNA complexes (Vossen et
al., 1997), it is not suited for cryo-EM because it greatly reduces the image contrast and
thereby significantly degrades the data quality (Thompson et al., 2016; Drulyte et al., 2018;
Takizawa et al., 2017). Overall, both BSA and glycerol would need to be removed from the
sample prior to grid preparation for high resolution structure determination using cryo-EM.
However, the removal of glycerol and BSA may adversely affect the complexes and/or cause
substantial sample loss due to precipitation, leading to suboptimal sample quality. To
overcome the pitfalls associated with buffer compatibility, I have attempted to prepare OCT4Lin28B-nucleosome for cryo-EM analysis by mixing the Lin28B-nucleosomes with molar
excess of OCT4 D73 in buffer containing 10 mM HEPES (pH 7.5), 100 mM NaCl, 1 mM EDTA,
and 1 mM βME. Unfortunately, this approach was not suitable for obtaining high quality sample
and the results implied that composition of the binding buffer needs to be optimized to increase
OCT4 binding to Lin28B-nucleosomes and to promote stability of the target complexes.
It is important to note that the stability of the nucleosomes and protein-nucleosome complexes
is strongly influenced by the type and concentration of metal cations in the surrounding
solution. Notably, the monovalent Na+ and K+ and divalent Mg2+ and Ca2+ are the most
abundant cation species in the cell nucleus (Strick et al., 2001; Wu and Davey, 2010). By
contributing significantly to the DNA charge neutralization, these cations play important roles
in the regulation of the cell cycle and maintenance of higher order chromatin structure (Strick
et al., 2001). In vitro, exposure of the nucleosome to the monovalent and divalent metal cations
can profoundly affect the strength of the protein-DNA interactions in nucleosomes by
decreasing the contacts between the negatively charged DNA backbone and the positively
charged histone core (Farcaș and Bende, 2020). In fact, these cations can not only reduce the
strength of the DNA-histone binding but can also modify the unwrapping/rewrapping dynamics
of the nucleosomal DNA (Fierz and Poirier, 2019; Gebala et al., 2019). Consequently, lower
concentration of cations can destabilize the nucleosome, whereas higher concentration can
result in nucleosome disassembly. The presence of monovalent salts such as NaCl and KCl
mainly influences electrostatic histone-histone and histone-DNA contacts in the NCP (Chien
and van der Heijden, 2014; Gloss and Placek, 2002; Imre et al., 2017) and the concentration
of monovalent cations can also affect the nucleosome breathing dynamics (Fierz and Poirier,
2019; Gebala et al., 2019). In addition, the divalent metal cations have even stronger impact
on the stability of the nucleosomes than monovalent cations and can uniquely affect the DNAprotein interaction within the NCP (Farcaș and Bende, 2020; Wu and Davey, 2010; Ong et al.,
2010; Yang and Hayes, 2011). For instance, the divalent metal cations and core histone tails
can both cooperate and compete for binding to the DNA minor groove; the site-specific
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interactions of divalent cations with nucleosomal DNA can affect nucleosome compaction,
positioning, mobility and recognition and the presence of Mg2+ and Ca2+ cations can
compensate for absence of histone tails by stabilizing the histone-DNA interactions within
tailless nucleosomes and inhibit nucleosome repositioning that occurs upon removal of the
histone tail domains (Farcaș and Bende, 2020; Wu and Davey, 2010; Ong et al., 2010; Yang
and Hayes, 2011). Overall, special care must be taken when selecting the buffer conditions,
because some components may adversely affect or alter the structure of nucleosomes or their
complexes, while others may be incompatible with cryo-EM.
In two recently published cryo-EM studies which provided the first experimentally resolved
structures of SOX2 or SOX11-bound nucleosomes and OCT4-SOX2-bound nucleosomes, the
complexes have been successfully prepared in a buffer lacking both glycerol and BSA
(Dodonova et al., 2020; Michael et al., 2020). However, the binding buffers used in these
structural studies varied in both type and concentration of metal cations. In the first study, the
nucleosomes (1.6 µM) were combined with 20-fold molar excess of SOX2 or SOX11 in a
binding buffer containing 20 mM HEPES (pH 7.5), 30 mM NaCl, 1 mM EDTA, 2 mM DTT and
the complexes were directly analysed by cryo-EM (Dodonova et al., 2020). The NaCl
concentration was selected based on preliminary EMSAs which revealed that SOX-factors
(SOX2 or SOX11 DBD) bind to nucleosomes with similar efficiency at 10 or 30 mM NaCl, but
when NaCl concentration is increased to 150 mM their binding is diminished (Dodonova et al.,
2020). Furthermore, since nucleosomes are known to be susceptible to divalent Mg 2+ ions
(discussed above), in this study the structure of SOX11-bound nucleosome was examined by
cryo-EM in either the presence or absence of 1 mM MgCl2 (Dodonova et al., 2020). Here, the
nucleosomes (1.6 µM) were combined with 20-fold molar excess of SOX11 in a binding buffer
containing 20 mM HEPES (pH 7.5), 30 mM NaCl, 1 mM DTT, 1 mM MgCl2, 0.01 mM ZnCl2
and 0.5% glycerol and directly used for cryo-EM grid preparation (Dodonova et al., 2020). The
comparison of cryo-EM maps revealed that the presence of divalent Mg2+ cations does not
affect the SOX11-nucleosome structure (Dodonova et al., 2020). Remarkably, the authors
even concluded that the presence of Mg2+ cations improved SOX occupancy and quality of
cryo-EM data (Dodonova et al., 2020). In the second study the nucleosomes (5 µM) were
combined with OCT4 and SOX2 at molar ratio 1:3:3 (NCP:OCT4:SOX2) in a binding buffer
consisting of 20 mM HEPES (pH 7.4), 1 mM MgCl2, 10 mM KCl, and 0.5 mM TCEP and the
resulting complexes were either purified or stabilised prior to cryo-EM (Michael et al., 2020).
However, it has been previously shown that the addition of 1 mM Mg2+ destabilizes the terminal
DNA arms in the nucleosome containing strong positioning Widom 601 sequence (Ong et al.,
2010). Given that the native Lin28B-nucleosomes appear to be more structurally flexible,
particularly at the entry/exit sites, than the artificial nucleosomes (Huertas et al., 2020a;
Huertas et al., 2020b; MacCarthy et al., 2021), the divalent Mg2+ cations could have a more
substantial impact on the stability and structure of the Lin28B-nucleosomes. Consequently,
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the presence of 1 mM MgCl2 in the binding buffer may promote the OCT4 binding to its primary
binding site at the destabilized DNA end. Alternatively, the divalent cation-mediated
destabilization of nucleosomal DNA ends may lead to DNA unwrapping which could
dramatically reduce the native nucleosome stability. However, it is difficult to predict how
different buffer conditions will affect the OCT4 binding and stability of the native Lin28Bnucleosome and OCT4-Lin28B-nucleosome complexes.
Overall, it would be interesting to determine whether the buffer conditions used in the structural
studies presented above could be adapted for preparation of the complex between native
Lin28B-nucleosome and pioneer factor OCT4. Initially, it is crucial to assess the potential
effects of different buffer conditions on the formation efficiency and stability of the OCT4Lin28B-nucleosome complex in the preliminary EMSA experiments. Ideally, this could enable
us to identify the optimal buffer conditions that promote OCT4 binding to the native Lin28Bnucleosome and stabilize the target complex during cryo-EM sample preparation.
Furthermore, before attempting to prepare highly concentrated sample of the OCT4-Lin28Bnucleosome complex for cryo-EM analysis, it is crucial to conduct more extensive EMSA
studies as these would allow us to optimize the molar ratio of OCT4 to Lin28B-nucleosome
and thus to improve the quality of both sample and collected cryo-EM data. However, the
nucleosome binding activities of OCT4 proteins might be overestimated by EMSA due to
caging effect as suggested by preliminary NS-EM (Chapter 5). Thus, to ensure the EMSA
derived binding affinities are correct, it might be advantageous to also estimate these binding
parameters under near-native conditions in solution using microscale thermophoresis (MST)
(Duhr and Braun, 2006; Corbeski et al., 2018). Without gel-induced stabilization of the
complex, this technique could provide more accurate and reliable estimates of fold molar
excess of OCT4 needed to generate OCT4-Lin28B-nucleosome complex for cryo-EM.

6.3.4 Strategies for increasing the stability of the OCT4-Lin28Bnucleosome complex
In recently published cryo-EM studies the SOX-bound nucleosomes were analysed by cryoEM immediately following their formation, whereas OCT4-SOX2-bound nucleosomes were
either purified or stabilised prior to cryo-EM (Dodonova et al., 2020; Michael et al., 2020).
Thus, some protein-nucleosome complexes are sufficiently homogenous and stable and these
can be readily examined by cryo-EM without the need for purification or stabilization. Other
complexes are stable but exhibit a high degree of compositional or conformational variability
and therefore to reduce this structural heterogeneity the purification step is necessary.
However, the protein-nucleosome complexes are often fragile and cannot withstand the cryoEM sample preparation and hence they need to be stabilised before attempting cryo-EM
structural analysis.
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Since the structure of native nucleosome in complex with pioneer factor has not been solved
using cryo-EM, the suitable strategy for the preparation of the stable OCT4-Lin28Bnucleosome complex for structural studies has not yet been determined. Thus, the preparation
of the suitable sample of OCT4-Lin28B-nucleosome complex for structural studies will require
extensive optimisation. Ideally, the buffer conditions could be found, as discussed above, that
stabilize the target complex, yet this may not be sufficient to maintain the stability of fragile
complexes during cryo-EM sample preparation. If the stability of the OCT4-Lin28Bnucleosome complex is an issue, the easiest solution would be to prepare the grids
immediately following the complex purification, bypassing the sample storage or analysis for
quality. Thus, by working quickly, the complex could remain intact during preparation of both
NS-EM and cryo-EM grids, and this could be sufficient for high resolution structural analysis
of OCT4-Lin28B-nucleosome complex. Nevertheless, given that the native nucleosomes are
structurally flexible and that most TFs form unstable complexes with nucleosomes and have
ability to destabilize nucleosomes upon binding (Zhu et al., 2018), it is highly likely that,
irrespective of binding conditions, the OCT4-Lin28B-nucleosome complex will be fragile and
thus susceptible to dissociation and/or denaturation during cryo-EM sample preparation. For
instance, adsorption of sample to the air/water interface during plunge freezing can disrupt the
non-rigid complexes, leading to subunit dissociation and partial or full denaturation (Taylor and
Glaeser, 2008; Klebl et al., 2020).
Additionally, exposure of sample to the filter paper during blotting step may also promote
denaturation of the fragile protein complexes (Palovcak et al., 2018). Ultimately, this would
introduce non-native complexes which would considerably increase the structural
heterogeneity in cryo-EM data and make it almost impossible to differentiate native-like
functional conformations of the complex from non-native ones. Overall, special care must be
taken to prevent disruption of OCT4-Lin28B-nucleosome complex during cryo-EM sample
preparation as it avoids the problems arising from non-native heterogeneity. To overcome
stability issues, the fragile complexes are routinely stabilized by gentle chemical crosslinking
and such approach could be used to improve the rigidity and preserve the integrity of OCT4Lin28B-nucleosome complex. The simplest option would be direct addition of mild crosslinking
agents, such as glutaraldehyde or formaldehyde, to the purified complex, which in an ideal
scenario could moderately stabilize the complex without significantly altering its structure
(Takizawa et al., 2017). However, this method may not be viable since purification often
induces weak aggregation of the complexes and in such case the direct addition of
crosslinkers can cause stabilization of unspecific intermolecular complexes which would
introduce additional sample heterogeneity (Stark, 2010). Furthermore, these intermolecular
crosslinks can promote sample aggregation and/or precipitation, further increasing the
structural heterogeneity of the sample and causing the loss of sample material (Stark, 2010).
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More advanced crosslinking approach for increasing complex stability, named GraFix
(Gradient Fixation), combines density gradient sedimentation with mild chemical fixation
(Kastner et al., 2008; Stark and Chari, 2016; Stark, 2010). Briefly, the sample is applied onto
a combined density, provided by glycerol or sucrose, and crosslinking agent gradient and as
it passes through this gradient during ultracentrifugation, increasing exposure to a mild
crosslinker gently stabilizes the sample (Kastner et al., 2008; Stark, 2010). Unlike the direct
crosslinking, the GraFix method avoids the intermolecular crosslinking because the weak
sample aggregates are disrupted and kept separated under increased pressure generated by
the centrifugal force (Kastner et al., 2008; Stark, 2010). Since its emergence, this technique
has become one of the most commonly used methods in the EM field and to date, it has been
successfully applied to many different macromolecular complexes (Stark, 2010; Stark and
Chari, 2016). Given the fragile and flexible character of TF-nucleosome complexes, chemical
fixation during GraFix could stabilize the individual complexes while preventing intermolecular
crosslinking and simultaneously, the gradient centrifugation could provide a convenient
purification step for reducing sample heterogeneity. Additionally, GraFix procedure could
increase binding of the complexes to carbon film during EM grid preparation and also it could
potentially minimize preferred particle orientation on a carbon film which would enable more
reliable and higher resolution structural analysis (Stark, 2010). Importantly, the GraFix method
has already been successfully used in cryo-EM study of cooperative OCT4-SOX2 binding to
artificial 601-nucleosomes, which suggested that this might be a viable strategy for
stabilization and purification of OCT4-Lin28B-nucleosome complex (Michael et al., 2020).
However, this method has also its drawbacks and these are primarily related to the high
concentrations of glycerol or sucrose in the buffer which significantly reduce the contrast of
the macromolecules in the cryo-EM (Drulyte et al., 2018). Therefore, prior to cryo-EM analysis
of GraFix-stabilized complexes it is critical to remove glycerol by dialysis or using a buffer
exchange spin column (Stark, 2010). Nevertheless, this step typically involves substantial loss
of sample material due to precipitation and may lead to destabilization of the crosslinked
complexes, which could adversely affect the sample quality (Adamus et al., 2019).
Furthermore, finding the optimal centrifugation conditions can be challenging because the
sample needs to move sufficiently far down the gradient to ensure a proper crosslinking of the
complex and complete separation from smaller contaminants, but should not get too close to
the bottom to avoid contamination with the aggregates. Overall, the GraFix is time-consuming
and labour-intensive method that requires not only extensive optimization of conditions and
large amounts of sample but also specialised costly equipment and a high-level of
experimental expertise (Adamus et al., 2019).
Among less common approaches for gentle stabilization of fragile complexes is “on column”
crosslinking in which the sample is crosslinked by passing through a zone of crosslinkercontaining buffer while running through a gel filtration column (Shukla et al., 2014). Although,
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this method is less time-consuming and sample demanding (if using analytical gel filtration
column) than GraFix, its applicability is limited by the limited resolving power of size exclusion
chromatography and inability of some very fragile complexes to withstand the separation
properties of gel filtration procedures (Adamus et al., 2019).
More recently, another alternative procedure known as AgarFix (Agarose Fixation) has been
developed (Adamus et al., 2019). Here, the sample is mixed with melted agarose creating and
agarose droplet in which the macromolecular complexes are separated and thus prevented
from intermolecular aggregation by the agarose matrix, rather than the centrifugal force
pressure in the GraFix method (Adamus et al., 2019). Mild crosslinking is achieved by soaking
the agarose droplet in buffer containing crosslinker which gradually diffuses into the matrix
and gently fixes the complexes (Adamus et al., 2019). Subsequently, the stabilized complexes
are eluted by diffusion or electroelution and can be directly used to prepare cryo-EM grids
(Adamus et al., 2019). Arguably, crosslinking with AgarFix may be a viable alternative to
powerful yet challenging GraFix method as this procedure is faster, easier-to-use and requires
no specialised costly equipment. Importantly, unlike GraFix, AgarFix does not use viscous
agents such as glycerol or sucrose, which (as previously mentioned) are incompatible with
cryo-EM. However, the GraFix not only offers the mild fixation of fragile complexes, but it also
provides a convenient purification step. This is particularly important for preparation of multicomponent complexes, such as those of nucleosomes and TFs, as it enables the effective
separation of complexes from unbound components, aggregates and other contaminants on
the basis of molecular mass and shape. The standard AgarFix method does not allow
simultaneous purification, but the protocol can be adapted by incorporating a gel purification
step prior to crosslinking, but this may not provide optimal separation and thus reduction in
sample heterogeneity (Adamus et al., 2019).
In conclusion, each of the mentioned chemical crosslinking procedures has its advantages
and drawbacks, and due to differential crosslinking any one of them can introduce structural
artifacts and heterogeneity. However, in contrast to the direct addition of crosslinker to the
sample, both GraFix and AgarFix crosslinking minimize the formation of aggregates because
of complex separation mediated by centrifugal force pressure or agarose matrix, respectively.
Furthermore, by combining mild crosslinking and purification, GraFix avoids sample
degradation during purification of non-crosslinked complexes which could severely damage
the native structure. Moreover, GraFix procedure is widely applicable and to date it has been
successfully used to stabilize several protein-nucleosome complexes, including the complexes
of reprogramming TFs OCT4-SOX2 co-bound to nucleosomes (Michael et al., 2020; Liu et al.,
2017; Machida et al., 2018; Kujirai et al., 2018; Park et al., 2019; Yan et al., 2019; Zhang et
al., 2019; Allu et al., 2019; Kobayashi et al., 2019; Wagner et al., 2020). Thus, despite its
weaknesses and intricacies, the GraFix procedure appears to be the most viable option for
stabilization of potentially fragile OCT4-Lin28B-nucleosome complex.
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6.3.5 Affinity

cryo-EM

approaches

for

high-resolution

structure

determination of OCT4-Lin28B-nucleosome complex
The challenges in structural characterization of pioneer factor OCT4-Lin28B-nucleosome
complex by cryo-EM do not end with formation of stable complex. Another obstacle to structure
determination by cryo-EM could lay within the preparation of cryo-EM specimen grids. This
often represent a major bottleneck in cryo-EM technique primarily due to recurring issues such
as preferred specimen orientation on the grids (Tan et al., 2017; Noble et al., 2018; D'Imprima
et al., 2019), low number of particles per hole (Meyerson et al., 2014; Snijder et al., 2017),
particles disintegration within thin aqueous layers and sample aggregation (Glaeser et al.,
2018; Carragher et al., 2019). Most likely cause of these problems is adsorption of
macromolecules to the air/water interface. Not a long ago, it has been reported that rather than
assuming even distribution in a vitreous ice layer, the majority of particles has strong tendency
to adsorb to the air/water interface, suggesting that before grid freezing the particles adhere
to the air/water interface (Noble et al., 2018; Chen et al., 2019). For high-resolution cryo-EM,
this phenomenon presents two major challenges, first it can lead to partial or complete protein
denaturation and second it frequently results in preferential particle orientation (Glaeser and
Han, 2017; Noble et al., 2018; D'Imprima et al., 2019; Chen et al., 2019; D'Imprima and
Kuhlbrandt, 2021). To date, several approaches have been developed to minimize or prevent
the deleterious effects of the air/water interface, including the very promising affinity cryo-EM
(Kelly et al., 2010; Han et al., 2012; Sharma et al., 2013). In contrast to the conventional cryoEM grid preparation, in the affinity cryo-EM approach a supporting film of TEM grids is coated
with affinity layer which allows simultaneous immobilisation, concentration and purification of
target particles on the grid (Kelly et al., 2008; Kelly et al., 2010; Han et al., 2012; Sharma et
al., 2013; Yu et al., 2016b). Currently, there is a great variety of affinity surfaces such as
streptavidin monolayer crystals to selective tether biotin- or strep-tagged proteins (Han et al.,
2012; Lahiri et al., 2019), nickel-nitrilotriacetic acid (Ni-NTA) functionalized lipid monolayers to
tether histidine-tagged particles (Kelly et al., 2008; Llaguno et al., 2014; Benjamin et al., 2016;
Liu et al., 2019) and specific antibody layers to tether viruses (Yu et al., 2014).
Remarkably, the affinity grid techniques not only limit the diffusion of the macromolecules and
minimize the damaging air/water interface effects, but they also reduce the required sample
concentration for cryo-EM grid preparation, allowing structural analysis of low-concentration
samples that would otherwise resist single particle cryo-EM studies (Kelly et al., 2008; Taylor
and Glaeser, 2008; Yu et al., 2014). Notably, on-grid concentration is also useful for
macromolecules that have a tendency to aggregate at high concentrations (Glaeser, 2021).
Furthermore, they have been shown to facilitate direct isolation of particles of interest from
crude extracts (Kelly et al., 2008; Yu et al., 2014) and therefore by merging on-grid affinity
purification with grid preparation the affinity cryo-EM approach has great potential to simplify
and speed up the cryo-EM sample preparation procedures (Glaeser and Han, 2017).
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Additionally, by bypassing the biochemical purification steps, the use of affinity grids could
also improve sample integrity and potentially overcome the need for chemical crosslinking,
thus enabling the structural studies of unstable and dynamic macromolecular complexes that
are sensitive to structural damages under standard purification conditions (Kelly et al., 2008;
Yu et al., 2016b; Kasinath et al., 2021).
Despite the ongoing advances, currently available affinity cryo-EM approaches have not been
widely used for high-resolution structure determination due to several disadvantages. One of
the main concerns is that tethering of particles via the affinity tags may introduce strong
orientation bias and thus it is important to ensure that linkage of the target sample to the affinity
grid provides sufficient flexibility to avoid or minimize preferential sample orientation problems
which could negatively affect structure determination (Kelly et al., 2010). Notably, the affinity
tags genetically fused to the target proteins at defined positions limit the potential orientations
that the particles can adopt on the affinity support (Lahiri et al., 2019; Glaeser, 2021). However,
this problem can be overcome by random tagging of macromolecules of interest with affinity
tags such as biotin which can bind to streptavidin affinity grids (Han et al., 2012; Darst et al.,
1991). Remarkably, this approach enabled a near-atomic resolution (∼3.9 Å) structure
determination of a E. coli 70S ribosome using cryo-EM (Han et al., 2016). Additionally, the use
of flexible linker could mitigate these issues by allowing the particles to adopt a wide range of
orientations (Glaeser, 2021).
Furthermore, due to extra affinity layer, the affinity grids introduce additional, unwanted
background noise to collected micrographs compared to conventionally used TEM grids and
this degrades image quality, complicates high-resolution reconstructions and limits the
attainable resolution (Yu et al., 2014; Yu et al., 2016a). To minimize the loss of image contrast
by the affinity support films, the freezing conditions could be optimized to achieve thinner
vitreous ice, but care must be taken to avoid ice thickness smaller than the size of the
macromolecule being studied as this would lead to the exposure of tethered particles to the
air/water interface (Taylor and Glaeser, 2008; Yu et al., 2014; Yu et al., 2016a; Yu et al., 2016b;
Glaeser et al., 2016; Weissenberger et al., 2021). Thus, it is important to ensure that the
aqueous layer is slightly thicker than the bound macromolecule of interest, but not too thick as
this would increase background noise in acquired micrographs, obscuring high-resolution
details (Yu et al., 2016a; Weissenberger et al., 2021).
Importantly, the achievable contrast in cryo-EM images could be improved by using ultra-thin
functionalized graphene or graphene oxide support films which have been shown to introduce
significantly less background noise compared to standardly used amorphous carbon films
(Pantelic et al., 2010; Pantelic et al., 2012; Liu et al., 2019; Wang et al., 2020a; Zheng et al.,
2020; D'Imprima and Kuhlbrandt, 2021; Glaeser, 2021). Indeed, functionalization of graphene
coated grids with Ni-NTA facilitated selective capture of His-tagged proteins and complexes
and enabled high-resolution cryo-EM structural analysis of 20S proteasome (Liu et al., 2019).
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However, the surface properties of graphene support films are still poorly characterized and it
is currently unknown whether the nonspecific interaction with graphene film surrounding the
Ni-NTA functional groups could adversely affect some macromolecular structures (Glaeser,
2018; Glaeser, 2021). Similar to the detrimental effects of adsorption to the air/water interface,
the nonspecific interaction of macromolecules with supporting films can also negatively impact
their structure, conformation and stability and even result in sample denaturation or preferred
orientation problems (Glaeser, 2021; D'Imprima and Kuhlbrandt, 2021).
Despite the promising advances, affinity grid techniques are still not widely used in single
particle cryo-EM primarily due to unwanted structural noise from the extra affinity layer which
can limit the resolution of cryo-EM reconstructions. Yet, increasing number of successful
applications of the affinity cryo-EM approaches for high-resolution structural analysis could
alleviate the resolution concerns and lead to a more widespread use of these techniques.
Recently, the streptavidin monolayer affinity grids have been successfully used to solve the
cryo-EM structure (3.5 Å) of a polycomb repressive complex 2 (PRC2) with cofactors AEBP2
and JARID2 bound to monoubiquitinated nucleosome (hereafter referred to as Ncl-ub–PRC2AJ) (Kasinath et al., 2021). Strikingly, while shielding the structure of the Ncl-ub–PRC2-AJ
complex from detrimental air/water interface effects, the use of streptavidin affinity grids also
overcame the need for stabilization of this multiprotein complex by chemical crosslinking and
thereby allowed high-resolution structure analysis of intact complex (Kasinath et al., 2021).
These results indicated that streptavidin affinity grids are suitable for high-resolution cryo-EM
studies of nucleosome complexes and thus it could potentially provide a viable method for
solving the structure of OCT4-Lin28B-nucleosome complex. However, the affinity cryo-EM
approach still faces some challenges in practical applications and hence further optimization
of available affinity grid techniques, better characterisation of affinity grids and testing with
macromolecules of different size, symmetry, stability and/or dynamics is necessary before the
full potential could be unleashed. For now, the use of conventional holey grids remains a
preferred method for high-resolution single-particle cryo-EM analysis. Nevertheless, if
previously discussed strategies for obtaining high concentration sample of pure and stable
OCT4-Lin28B-nucleosome complex have failed and/or particles suffer from severe preferential
orientation on conventionally prepared cryo-EM grids, the affinity cryo-EM approach such as
immobilization of biotinylated complex onto streptavidin monolayer affinity grids represents an
attractive alternative to standard cryo-EM methods.

6.3.6 Proposed workflow for high-resolution structure determination of
OCT4-Lin28B-nucleosome complex using cryo-EM
To date, the structure of native Lin28B-nucleosome bound by pioneer TF OCT4 has not been
solved and thus it remains a challenge for future research. Several promising strategies have
been discussed in the sections above that could help us overcome the problems encountered
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in this study and also other issues which may arise at later stages of structure determination
by cryo-EM. Based on the results presented in this thesis, careful examination of previously
published studies and currently available methods, a workflow from preparation of OCT4
proteins through complex formation, vitrification and cryo-EM imaging has been devised that
outline the potential routes towards high-resolution cryo-EM structure of OCT4-Lin28Bnucleosome complex. A flowchart summarizing all proposed steps is presented in Figure 6-1.
Initially, the bacterial expression vectors for His6-MBP-tagged human OCT4 WT, DBD and
D73 cysteine-to-serine mutants could be generated and following their expression in E. coli,
the recombinant proteins could be purified from whole cell extracts and refolded using
traditional chaotrope-based refolding technique. If this strategy fails to achieve high
concentrations of pure OCT4 proteins, further optimization of extraction, purification, refolding
and/or desalting conditions will be necessary. Particularly if the His 6-MBP-tagged mutant
versions of OCT4 proteins remain prone to aggregation, the hybrid HHP-based strategy,
combining high hydrostatic pressure and low chaotrope concentration, may provide a viable
route for obtaining OCT4 proteins in sufficiently high concentrations for OCT4-Lin28Bnucleosome complex formation for cryo-EM studies.
As soon as the problems with production of recombinant OCT4 proteins are solved, we would
be faced with yet another challenge – preparation of OCT4-Lin28B-nucleosome complex for
cryo-EM. Based on the protocol reported by Michael et al., the free Lin28B-nucleosomes could
be purified using a Superdex 200 Increase 3.2/300 or Mono Q 5/50 column to minimize the
sample contamination with free DNA and then desalted into buffer containing 20 mM HEPES
(pH 7.4) and 0.5 mM TCEP using a desalting spin column (Michael et al., 2020). In case the
OCT4-Lin28B-nucleosome complex is fragile and needs to be stabilized by chemical
crosslinking, the HEPES buffering agent is preferable since buffers containing the primary
amines such as Tris reacts with the aldehyde cross-linking agents (Stark, 2010).
Subsequently, preliminary EMSA experiments could be conducted to determine the
OCT4:nucleosome ratio at which majority of nucleosomes will be bound by OCT4 and to
identify the optimal buffer conditions for the complex formation. Once optimized, the Lin28Bnucleosomes could be incubated with estimated molar excess of OCT4 in the most effective
binding buffer to promote maximum binding of OCT4 to Lin28B-nucleosomes. Immediately
after assembly, the OCT4-Lin28B-nucleosome complex could be purified by size exclusion
chromatography using Superdex 200 Increase 3.2/300 or Superose 6 3.2/300 column into
buffer compatible with cryo-EM and following sample concentration directly analysed by cryoEM. Alternatively, if the resulting complex proves to be unstable, instead of on-column
purification, the OCT4-Lin28B-nucleosome complex could be stabilized and simultaneously
purified by using GraFix method. After removal of dense solution (glycerol or sucrose), the
crosslinked OCT4-Lin28B-nucleosome complex could be concentrated and analysed by cryoEM. However, if the structure of OCT4-bound Lin28B-nucleosome can only be solved following
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the chemical crosslinking, the physiological relevance of the resulting structure will have to be
carefully assessed. Notably, regardless of which route will be selected to obtain the OCT4Lin28B-nucleosome complex, the sample could be first assessed by NS-EM to determine
whether it is of sufficient quality for cryo-EM or further optimization of complex preparation is
necessary.
In practice, preparation of single-particle cryo-EM grids represents yet another challenge
primarily because the proteins have a strong tendency to adsorb at the air/water interface and
this often leads to sample denaturation or preferred orientation problems, which ultimately
complicate the image processing and high-resolution structure determination (Noble et al.,
2018; D'Imprima et al., 2019). Thus, there is also a high chance that the OCT4-Lin28Bnucleosome complex, whether directly purified or crosslinked, would be prone to adsorption
or denaturation at the air/water interface during cryo-EM grid preparation. In such case, the
OCT4-Lin28B-nucleosome complex could be protected from the detrimental air/water
interface effects by tethering of complex to the affinity grids. Indeed, the use of streptavidin
monolayer affinity grids has recently allowed the high-resolution cryo-EM structural analysis
of the PRC2 bound to a nucleosome which resisted the conventional cryo-EM grid preparation
techniques and on top of that this sample preparation strategy bypassed the need for
crosslinking (Kasinath et al., 2021). Based on these findings, the Lin28B-nucleosomes could
be first biotinylated, then incubated with molar excess of OCT4 to form OCT4-Lin28Bnucleosome complexes and once assembled the complexes could be selectively captured on
streptavidin affinity grids. Tethering OCT4-Lin28B-nucleosome complex to the affinity grid via
biotin affinity tag may facilitate on-grid affinity purification of tagged complexes from excess
OCT4 and simultaneous on-grid concentration of the complex. Consequently, by avoiding
OCT4-Lin28B-nucleosome complex purification by size exclusion chromatography and
subsequent concentration step, the proposed affinity cryo-EM approach may improve the
integrity of OCT4-Lin28B-nucleosome complex. As a result, this strategy may overcome the
need for crosslinking and thus provide more physiologically relevant structure of OCT4Lin28B-nucleosome complex. However, the OCT4-Lin28B-nucleosome complexes may be
too fragile and thus OCT4 may dissociate from Lin28B-nucleosomes during grid-washing
steps, causing the free biotinylated Lin28B-nucleosomes, rather than their complexes with
OCT4, to be primarily enriched on the streptavidin affinity grids. Importantly, to obtain the cryoEM structure of the Ncl-ub–PRC2-AJ complex the nucleosomes were reconstituted with
artificial 601-nucleosome positioning sequence (Kasinath et al., 2021), whereas in this study
nucleosomes were assembled on a native Lin28B-DNA sequence. Therefore, the complexes
containing native nucleosomes may be less stable and thus the affinity grid approach may not
be sufficient to purify, concentrate and stabilize the OCT4-Lin28B-nucleosome complexes for
high-resolution cryo-EM analysis. In such case, the stabilization of OCT4-Lin28B-nucleosome
complex by chemical crosslinking will be unavoidable.
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In conclusion, it is impossible to predict which, if any, of the discussed strategies will succeed
and thus different methods must be empirically tested, particularly when only very few studies
are using native nucleosomes, rather than artificial ones.

Figure 6-1. Overview of a proposed workflow for high-resolution structure determination of OCT4Lin28B-nucleosome complex using cryo-EM. Simplified diagram summarizes the main steps of the
recombinant human OCT4 WT, DBD and D73 preparation; OCT4-Lin28B-nucleosome complex
formation and sample analysis by NS-EM and cryo-EM. Briefly, to overcome the aggregation-related
issues, OCT4 proteins could be expressed, purified and refolded as His 6-MBP-tagged OCT4 cysteineto-serine mutants and then incubated with Lin28B-nucleosomes to create a complex. Subsequently,
depending on its stability, the resulting complex could be either directly purified or stabilized by chemical
crosslinking and subsequently concentrated and imaged using NS-EM to evaluate the sample quality
before progressing to cryo-EM. If the results of preliminary NS-EM are satisfactory the sample could be
vitrified and assessed by cryo-EM. If the cryo-EM grid shows sufficient quality, thickness and uniformity
of vitrified ice as well as optimal particle density, distribution, structural homogeneity and stability, a large
dataset could be collected and then processed to obtain the 3D structure. The workflow steps where
sample optimization is critical for success are highlighted in purple. This includes improving the
purification and refolding of OCT4 proteins, obtaining high concentration of pure and stable OCT4-
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Lin28B-nucleosome complex and/or finding optimal sample vitrification conditions. Each of these steps
requires a trial-and-error experimental optimization to ultimately enable high-resolution structure
determination of OCT4-Lin28B-nucleosome complex using single-particle cryo-EM. To optimize this
cryo-EM workflow the alternative strategies might be needed such as application of HHP to enhance the
solubility and overall recovery yield of OCT4 proteins and use of affinity grids to improve cryo-EM sample
preparation.

6.4 Proposed mechanisms of native nucleosome targeting by
pioneer TF OCT4
Obtaining cryo-EM map of Lin28B-nucleosome at 3.3 Å resolution allowed us to accurately
determine the position of three OCT4 DNA-binding sites within nucleosome, with one site
being at the entry/exit region of NCP (SHL-7), while the remaining two within the NCP (SHL4.5, SHL-1.5). In sites at the SHL-7 and SHL-1.5, the POUS half-site was solvent accessible
while POUHD half-site was inaccessible and in site at the SHL-4.5, the POUHD half-site was
only partially exposed. Based on molecular modelling, the end-positioned (SHL-7) and near
dyad-positioned (SHL-1.5) target sites appeared to be accessible to OCT4 MORE
configuration binding, where POUS DNA-binding domain binds its partial motif exposed on the
nucleosome surface, while POUHD domain interacts non-specifically close to same DNA gyre
(detailed in Chapter 5). This corroborates the partial motif recognition model previously
proposed by Soufi et al. (Soufi et al., 2015) that is also supported by recent OCT4-SOX2nucleosome cryo-EM structures (Michael et al., 2020), MD simulations and crosslinking mass
spectrometry (XL-MS) analysis (Echigoya et al., 2020).
Collectively, these findings suggested that OCT4 targets its partial DNA motif on the
nucleosome using POUS domain and exhibits edge and near dyad nucleosome binding
modes. Indeed, in the recent in vitro study, OCT4 preferentially bound to entry/exit site of the
Lin28B-nucleosome, but mutation that disrupted this target site did not completely abolish
OCT4 binding, indicating that OCT4 could also bind to site near the nucleosome dyad
(Echigoya et al., 2020). Arguably, OCT4 POUS binding at these Lin28B-nucleosome target
sites is likely mediated by increased local DNA flexibility (Huertas et al., 2020a). Consistent
with the previously published XL-MS data (Echigoya et al., 2020) and cryo-EM studies of
OCT4-SOX2-nucleosome complexes (Michael et al., 2020), OCT4 would be expected to
preferentially recognize and engage its binding motif peripherally positioned at the highly
flexible entry/exit region of the Lin28B-nucleosome. One of the mechanisms by which OCT4
could recognize and efficiently bind to this site may involve transient and spontaneous
dissociation of DNA end from the histone core due to process such as nucleosome breathing.
Given the high flexibility of the 5´ DNA end observed in our Lin28B-nucleosome cryo-EM map
and high amplitude of breathing and twisting motions in this region proposed by MD
simulations (Huertas et al., 2020a), it is highly likely that short-range detachment of endpositioned OCT4 target sequence from histone core increases the accessibility of OCT4
binding site and thus facilitates efficient binding of OCT4 to the nucleosome DNA entry/exit
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site. This would agree with previously reported preferential binding of POU-family TFs to
terminal nucleosomal DNA (Zhu et al., 2018). In the recently published cryo-EM analysis of
cooperative OCT4-SOX2 binding to nucleosomes, SOX2 was shown to displace the
nucleosomal DNA end away from the histone core and assist binding of OCT4 POUS domain
to its target DNA motif (Michael et al., 2020). Together with MD simulations (Huertas et al.,
2020a) and XL-MS analysis (Echigoya et al., 2020), these findings indicated that OCT4 may
indeed preferentially engage the end-positioned target nucleosomal DNA sequences which
are weakly associated with or uncoupled from the histone core.
Importantly, in the published cryo-EM structure of OCT4-SOX2-nucleosome, the OCT4 POUHD
domain and linker region were not resolved, and the authors suggested that POUHD domain is
dispensable for OCT4 binding to nucleosomes (Michael et al., 2020). However, mutagenesis
studies defining the functionally essential domains of OCT4 conducted in our laboratory
(detailed in Chapter 5), suggested that OCT4 POUHD is crucial for DNA and nucleosome
binding as POUHD mutants all failed to bind DNA and nucleosomes. Together with structural
modelling of OCT4 binding to Lin28B-nucleosome (Chapter 5), this indicated that POUHD
domain may bind non-specifically and provide affinity, while POUS domain recognizes
sequence-specifically its partial DNA motif. Furthermore, analysis of OCT4 mutants revealed
that not only POUHD, but also linker regions of OCT4 is important for its binding to free and
nucleosomal DNA. Thus, since both linker and POUHD were missing in the OCT4-SOX2nucleosome structure where the binding site was engineered to be at the entry/exit (Michael
et al., 2020), this OCT4-SOX2 cooperative binding mechanism may represent only one of
many modes of OCT4 binding to nucleosomes, especially when OCT4 is bound alone.
It is noteworthy that early work on POU family of TFs has established that both the POU S and
POUHD subdomains of OCT proteins can interact independently with DNA (Herr and Cleary,
1995), albeit with different affinities (Klemm and Pabo, 1996). The analysis of the free DNA
interactions of isolated domains of OCT4 homolog OCT1 showed that POU HD domain has 2.9
kcal/mol greater affinity for the human histone H2B promoter containing the consensus
octamer motif than the POUS domain (Klemm and Pabo, 1996). This is consistent with the MD
simulation studies which demonstrated that the affinity of the POU HD domain for the human
UTF1 enhancer sequence containing juxtaposed SOX-OCT DNA motif is greater by 1.8-2.2
kcal/mol than that of the POUS domain (Merino et al., 2015). Importantly, the study of the
binary OCT-DNA complex has identified two binding modes of the POU subdomains, one in
which both POU domains bind simultaneously to DNA and one in which only the higher affinity
POUHD domain interacts with DNA (Williams et al., 2004). Conversely, in the ternary OCTSOX-DNA complex, the low-affinity POUS domain was consistently interacting with the DNA
(Williams et al., 2004; Ng et al., 2012). This higher site-specific affinity of POUS domain for
DNA was due to direct interactions between the SOX2 HMG domain and the OCT POUS
domain, which lock the POUS domain on its specific DNA binding site (Williams et al., 2004;
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Chambers and Tomlinson, 2009). In agreement with this, several studies of the ternary OCT1SOX2-DNA complexes have reported that co-binding with SOX2 enhances the DNA-binding
affinity of the OCT1 POUS domain and fixes the POUS domain on its cognate DNA binding site
through direct interactions with SOX2 (Doucleff and Clore, 2008; Takayama and Clore, 2012;
Lian et al., 2010). This SOX2-mediated locking of POUS domain was also observed in the MD
simulations of the ternary OCT4-SOX2-UTF1 DNA complex (Merino et al., 2015). These MD
simulation-based analyses have demonstrated that the SOX2 presence increases the affinity
of POUS domain for the UTF1 sequence, while it reduces the affinity of the POU HD domain
beyond that of the POUS (Merino et al., 2015). Upon binding, SOX2 was shown to locally distort
DNA by inducing sharp DNA bending through its HMG domain (Remenyi et al., 2003). The
SOX2-induced alterations in DNA structure also propagate to the POU S binding region
immediately adjacent to the SOX2 binding site and this may be responsible for increase in the
POUS DNA-binding affinity observed when OCT4 co-binds with SOX2 (Merino et al., 2015).
Additionally, the binding of SOX2 propagates an allosteric signal through DNA which may
account for decrease in the POUHD DNA-binding affinity in the presence of SOX2 (Merino et
al., 2015). Overall, these findings indicated that pioneer factor SOX2 can affect the DNArecognition mechanism of the OCT4 and other POU factors by modulating the DNA-binding
affinity of the separate POU domains.
The genome-wide ChIP-seq-based studies in pluripotent ESCs have revealed that OCT4
targets its genomic sites and regulates an ESC-specific gene expression predominantly via a
cooperative binding with SOX2 to the composite SOX-OCT DNA motifs (Chen et al., 2008;
Merino et al., 2014; Aksoy et al., 2013; Loh et al., 2006). Furthermore, the analysis of the
binding sites showed that in pluripotent ESCs the POU S domain of OCT4 exhibited greater
DNA specificity than the POUHD domain (Chen et al., 2008). However, during the initial phase
of iPSC reprogramming the ChIP-seq experiments suggested that OCT4 and SOX2 each bind
extensively, alone, to DNA in closed chromatin and the analysis of specific DNA target sites
indicated that the POUHD domain contributes the most to the DNA binding specificity of OCT4
(Soufi et al., 2012). Overall, this implied that in different cellular and genomic context pioneer
factor OCT4 can employ either one of its POU domains to recognize DNA and the selection
between distinct DNA-binding modes may be modulated by the presence of other TFs such
as SOX2.
Although previous studies offered important insights into how OCT4 alone or in combination
with SOX2 recognizes and binds the free DNA, little is known about mechanism by which
OCT4 interacts with its DNA target sites on nucleosomes in closed chromatin and the effects
of OCT4 binding on nucleosome dynamics and chromatin structure. It was not until the year
2020 that the first experimentally determined structures of pioneer factors in complex with
nucleosomes have emerged, providing important insights into pioneer TF-nucleosome binding
mechanisms. First revealed that SOX2 as well as SOX11 can bind to nucleosome and induce
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local DNA distortion (Dodonova et al., 2020), while second illustrated how OCT4 and SOX2
cooperate to access nucleosomal DNA (Michael et al., 2020). Notably, the cryo-EM structures
of OCT4-SOX2 bound Widom 601-nucleosomes containing the canonical OCT4-SOX2 motif
have shown that in the presence of SOX2, OCT4 binds a partial DNA motif located near the
nucleosome entry/exit site (SHL±6) only through its POU S but not the POUHD subdomain
(Michael et al., 2020). This is consistent with earlier work on the cooperative binding of OCT
and SOX factors to free DNA which indicated that the POUS domain is locked on its binding
site in the presence of SOX2 (Williams et al., 2004; Doucleff and Clore, 2008; Lian et al., 2010;
Takayama and Clore, 2012; Merino et al., 2015). However, both studies relied on artificial
nucleosome positioning sequences and in the structures of OCT4-SOX2-nucleosomes the
POUHD and linker region of OCT4 were not resolved (Dodonova et al., 2020; Michael et al.,
2020). Nevertheless, these structures revealed a possible mechanism of nucleosome invasion
by pioneer factors which combines SOX2-triggered opening of nucleosomal DNA and the
POUS-driven binding of OCT4 to nucleosome (Dodonova et al., 2020; Michael et al., 2020).
Here, binding of SOX2 to the minor groove locally distorts the DNA and releases it from the
core histones, exposing otherwise-inaccessible target sites and enabling OCT4 POUS binding
(Dodonova et al., 2020; Michael et al., 2020). Overall, these structural analyses offered the
earliest evidence for a direct pioneer factor-mediated opening of the nucleosome and together
with previous in vitro and in vivo studies suggested that TFs exploit structural distortions of
nucleosomal DNA rather than histone rearrangement to access their target nucleosomeembedded motif. However, it remains unknown how pioneer TFs bind to native nucleosomes
and whether pioneer factor OCT4 alone can affect nucleosome structure in similar manner to
SOX2.
Based on the XL-MS analysis, the Echigoya et al. proposed that the entry/exit site of the native
Lin28B-nucleosome (SHL-7) is recognized by the POUS alone (Echigoya et al., 2020).
Additionally, this is in agreement with the cryo-EM and structural modelling presented in
Chapter 5, which indicated that the POU S domain drives the Lin28B-nucleosome binding
primarily to the entry/exit site (SHL-7), and also to the site located close to the nucleosome
dyad (SHL-1.5). Together, these findings implied that OCT4-nucleosome targeting is primarily
driven by POUS but not POUHD domain. However, in the MD simulations of the OCT4 binding
to the Lin28B-nucleosome conducted by Tan et al., OCT4 interacted with the site proposed by
Echigoya et al., but using the POUHD rather than the previously suggested POU S domain (Tan
and Takada, 2020). More recently, the combination of in vitro experiments and MD simulations
confirmed that OCT4 preferentially binds to the POUHD site positioned near the 5’ DNA end of
the Lin28B-nucleosome (SHL-7), while the POUS (SHL-4.5) and POUHD (SHL-1.5) binding
sites situated in the nucleosome core function as secondary binding sites (MacCarthy et al.,
2021; Soufi et al., 2015). This validated previously proposed recognition model in which OCT4
can target nucleosomal sites using either one of its POU domains (Soufi et al., 2015).
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Furthermore, the mutation of only the POUHD half-site located in the entry/exit region of Lin28Bnucleosome significantly diminished OCT4 binding, indicating that POU HD subdomain
mediates Lin28B-nucleosome binding at the SHL-7 (MacCarthy et al., 2021). In contrast, the
mutation of other target sites within Lin28B-nucleosome only moderately affected nucleosome
binding kinetics of OCT4 (MacCarthy et al., 2021). These results are in agreement with the
previous studies of the Lin28B-nucleosome binding by OCT4 and with the molecular modelling
analyses presented in Chapter 5 of this thesis which also showed that OCT4 favours binding
to the sites located near the DNA entry/exit regions of the nucleosome (Soufi et al., 2015; Tan
and Takada, 2020; Echigoya et al., 2020). However, the recent findings published by
MacCarthy et al. implied that OCT4 targets Lin28B-nucleosome primarily via sequencespecific binding of the POUHD subdomain, rather than previously suggested POUS subdomain,
to the partial DNA motif at the nucleosome entry/exit site (MacCarthy et al., 2021). These data
are not consistent with the POUS-driven binding to the Lin28B-nucleosome entry/exit site
(SHL-7) observed in the modelled OCT4-Lin28B-nucleosome complexes presented in
Chapter 5. Nevertheless, these studies highlighted the adaptable binding patterns of pioneer
factor OCT4 which enable OCT4 to recognize multiple target sites on the Lin28B-nucleosome
through either the POUS or POUHD subdomain, rather than the POUS domain alone as
proposed earlier. Interestingly, unlike Lin28B-nucleosome, the native Esrrb-nucleosome has
only single partial binding site for the OCT4 POUS domain positioned near the 3’ DNA end
(SHL+5.5) and its mutation was shown to completely abolish OCT4 binding, indicating that
POUS subdomain mediates Esrrb-nucleosome binding at this site (MacCarthy et al., 2021).
Taken together, the currently available studies of the nucleosome targeting activities of pioneer
factor OCT4 suggested that the sequence-specific binding of the OCT4 to the native
nucleosomes at different positions is driven by either one of its POU domains.
The nucleosomes with native DNA sequences are considered to be more structurally flexible
and dynamic than those assembled with artificial nucleosome positioning sequences (EslamiMossallam et al., 2016; Culkin et al., 2017; Takizawa et al., 2018). Indeed, in the 1 µs MD
simulations of free native Lin28B-nucleosome and Esrrb-nucleosome a transient opening of
nucleosomes was observed in absence of OCT4, but not in the simulations of the artificial
Widom 601 nucleosome (Huertas et al., 2020a; Huertas et al., 2020b; MacCarthy et al., 2021).
Altogether, these results provided evidence that OCT4 may exploit the inherent flexibility of
the nucleosome structure to gain access to its DNA target sites on nucleosomes. Based on
the recently reported MD simulations, it has been proposed that OCT4 can bind to its primary
target site (SHL-7) only if the Lin28B-nucleosome is partially open on the 5’ DNA end, thus
avoiding steric clashes between the OCT4 POUHD subdomain and other DNA gyre (MacCarthy
et al., 2021). Furthermore, these simulations showed that when the POU HD subdomain
interacted sequence-specifically with the SHL-7 target site, it was positioned between the
histone core and DNA end in such manner that it prevented nucleosome closing and stabilized
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the partially open nucleosome conformation (MacCarthy et al., 2021). In contrast, the POUS
subdomain made extensive non-specific contacts with the nearby gyres of the Lin28B-DNA
without impacting nucleosome breathing (MacCarthy et al., 2021). Therefore, the OCT4
binding could affect the spontaneous breathing motions of the nucleosome by shifting the
conformational equilibrium toward partially open nucleosome states and this could provide a
potential mechanism by which OCT4 modulates the dynamics of nucleosome and chromatin
fibres. However, it is currently unknown whether such mechanism could eventually allow
OCT4 to mediate further opening of the Lin28B-nucleosome. Notably, unlike the interaction
with the primary binding site, the OCT4 binding to the secondary sites situated in the
nucleosome core (SHL-4.5 and SHL1.5) had no detectable impact on the Lin28B-nucleosome
dynamics, indicating that the position of its target site determines the effect of OCT4 binding
on nucleosome dynamics (MacCarthy et al., 2021). Remarkably, these MD simulations also
revealed that OCT4 binding to the Lin28B-nucleosome as well as Esrrb-nucleosome leads to
an increase in the number of stable contacts between DNA and histone H4 tail (MacCarthy et
al., 2021). Given that H4 tails play a critical role in mediating inter-nucleosome interactions
that drive chromatin folding (Collepardo-Guevara et al., 2015; Saurabh et al., 2016; Ishida and
Kono, 2017), the interaction of OCT4 with nucleosomes may affect the local and higher-order
chromatin structures. The mechanistic link between histone tails and TF binding was also
recognized in the nucleosome-bound SOX2 and SOX11 cryo-EM structures, where the SOXfactors binding induced repositioning of the H4 N-terminal tail and this displacement was
believed to interfere with higher-order nucleosome stacking (Dodonova et al., 2020).
In conclusion, the OCT4 subdomains appear to have different functions in nucleosome binding
and dynamics. Here, one of its domains could enable sequence-specific recognition of
nucleosomal DNA, while the other domain could mediate non-specific DNA exploration.
Furthermore, whether sequence-specific or non-specific, binding of either one of these
domains between the histone core and DNA end could stabilize nucleosome in partially open
conformation by blocking its closing. Thus, pioneer TFs possessing more than one DBD such
as OCT4 may use their domains not only to sequence-specifically recognize target DNA motifs
exposed on genomic nucleosomes, but also to provide impediments to nucleosome closing
and constraints on nucleosome stacking in chromatin fibres.
Partial detachment of DNA from the histone core surface could reduce the steric repulsion
between POU domains of OCT4 and histone octamer. However, if OCT4 target DNA
sequence is situated in nucleosome region in which the DNA is less flexible and tightly bound
to histone octamer, OCT4 binding may be inefficient or significantly suppressed. In cellular
context, nucleosomes exist in intricately folded repeating arrays where DNA sequence
containing OCT4 target motifs is completely wrapped around nucleosomes and stabilized by
interaction with linker histones and core histone tails. Therefore, under such circumstances,
OCT4 target site might not be accessible to OCT4 binding without nucleosome
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remodelling/repositioning through the action of other pioneer TFs (Michael et al., 2020) or
nucleosome-remodelling factors (de Dieuleveult et al., 2016). As suggested by cryo-EM
studies of cooperative binding of OCT4-SOX2 to nucleosomes, pioneer TF SOX2-induced
local detachment of nucleosomal DNA end from the histone core may be sufficient to induce
OCT4 binding to its target sites (Michael et al., 2020). Interestingly, the ability to promote DNA
detachment is not unique to SOX2 as another member of SOX-family, SOX11, has been found
to have this property (Dodonova et al., 2020). Together, these findings suggest that SOX
factors can initiate local nucleosome opening by detachment of terminal nucleosomal DNA
adjacent to OCT4 target site, and this mechanism could play an important role in enhancing
the OCT4 binding. Interestingly, another possible mechanism of cooperative OCT4-SOX2nucleosome binding has been recently proposed based on MD simulations (Tan and Takada,
2020). Here, it has been shown that binding of SOX2 to its pseudo motif on the Lin28Bnucleosome can change the rotational positioning of the nucleosomal Lin28B-DNA and this
can in turn alter the accessibility of distant OCT4 consensus motif (Tan and Takada, 2020).
Consequently, initial binding of SOX2 to nucleosome could regulate the binding of OCT4, not
only at the adjacent, but also at the distal OCT4 target sites. Overall, cooperative binding of at
least two pioneer TFs may be necessary to induce the accessibility of pluripotency-associated
genes during iPSC reprogramming (Chronis et al., 2017). Importantly, given that TF act as
pioneer factor when it binds nucleosome alone and not with other factors, these studies
provided valuable insights into cooperative binding of OCT4 in the presence of additional
pioneer TF, but not into the pioneer activity of OCT4 alone. Thus, OCT4 on its own may employ
nucleosome targeting mechanisms distinct to that underlying cooperative binding.
Recently, histone H1 has been shown to displace OCT4 associated with its target sequence
located at the 601-nucleosome entry/exit site and once bound to the nucleosome, it impeded
the binding of OCT4 (Echigoya et al., 2020). Presumably, the presence of linker histone H1
also obstructs the OCT4 binding at the site near nucleosome dyad (Bednar et al., 2017; Song
et al., 2014; Zhou et al., 2015; Ozturk et al., 2016). Indeed, linker histone interacts with core
DNA on or off the dyad and stabilizes linker DNA from both (Allan et al., 1980; Simpson, 1978;
Staynov and Cranerobinson, 1988; Syed et al., 2010) or just one (Brown et al., 2006; Pruss et
al., 1996; Zhou et al., 1998) side of the nucleosome, thereby establishing a compact, rigid
nucleosome state (Bednar et al., 2017). Thus, by restraining nucleosomal DNA dynamics via
core DNA binding and preferential interaction with linker DNA adjacent to the entry/exit OCT4
target site or simultaneous interaction with both DNA linkers, the linker histone may occlude
the OCT4 binding at both the end-positioned (SHL-7) and near dyad-positioned (SHL-1.5)
target sites (Zhou et al., 2015). In contrast, the paradigm pioneer TF FOXA has been found to
displace pre-bound linker histone H1 from both single nucleosome and nucleosome array
(Cirillo et al., 1998; Clark et al., 1993; Cirillo et al., 2002). The winged‐helix DNA‐binding
domain of FOXA closely resembles that of linker histone (Ramakrishnan et al., 1993), which
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allows this factor to compete with H1 for the same nucleosome sites (Clark et al., 1993;
Iwafuchi-Doi and Zaret, 2014; Zaret and Carroll, 2011). Importantly, the ability of pioneer
factors FOXA to evict linker histone is facilitated by the C-terminal core histone binding domain
separate from the DBD (Cirillo et al., 2002). Given the structural differences between OCT4
and FOXA factors, OCT4 may employ nucleosome-binding mode distinct to that of wingedhelix proteins, and consequently it may be displaced from nucleosomes once the cells start to
express the winged-helix DNA-binding proteins (Remenyi et al., 2003; Esch et al., 2013;
Echigoya et al., 2020). Based on models presented in this thesis, showing that OCT4 is
compatible with binding the Lin28B-nucleosome on the entry/exit and near dyad DNA sites,
both of which may be rendered inaccessible by linker histone H1-mediated nucleosome
compaction, together with findings published by Echigoya et al. (Echigoya et al., 2020), it is
highly likely that OCT4 competes with the linker histones for nucleosome binding.
Previous studies have indicated that OCT4 can be evicted from the nucleosomes by binding
of somatic linker histones, including H1, and this process may play a role in cellular
differentiation (Zhang et al., 2012; Izzo et al., 2017; Echigoya et al., 2020). Indeed, it has been
shown that in contrast to differentiated cells, in pluripotent cells such as ESCs, the H1
interaction with nucleosomes is weaker causing the chromatin structure to be looser and thus
more permissive to OCT4 binding (Meshorer et al., 2006; Christophorou et al., 2014; GasparMaia et al., 2011). However, during cell differentiation, higher levels of linker histones may
outcompete OCT4 for binding to nucleosomes leading to tighter chromatin compaction which
contributes to the epigenetic silencing of pluripotency-related genes such as Oct4 (Zhang et
al., 2012). In favour of this concept, loss of H1 subtypes has been shown to adversely affect
ESC differentiation, and H1-mediated displacement of OCT4 from nucleosomes has been
verified in vitro (Zhang et al., 2012; Echigoya et al., 2020). These findings suggested that
during somatic cell reprogramming, OCT4 may avoid binding to the linker histone H1-bound
nucleosomes. Thus, to facilitate OCT4 binding to its nucleosomal DNA target sites, it may be
necessary to first displace linker histone from the somatic chromatin, relieving the H1dependent nucleosome compaction. In living cells, histone H1 residing on chromatin is
undergoing rapid and continuous exchange between chromatin segments (Misteli et al., 2000;
Lever et al., 2000). This dynamic binding of H1 to chromatin may be promoted by posttranslational modifications of linker histones, such as citrullination (Christophorou et al., 2014),
and histone chaperones, like nucleosome assembly protein 1 (NAP1) (Machida et al., 2014),
which can displace or destabilize the H1 deposited onto nucleosomes. Recently, the SSRP1,
a subunit of chromatin remodeller complex FACT, has also been shown to stimulate the
eviction of histone H1 from somatic chromatin (Falbo et al., 2020). Nevertheless, how the
interplay between OCT4 and linker histones regulates genome-wide landscapes of chromatin
accessibility and how this process impacts the cell-fate decisions during somatic cell
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reprogramming is currently unknown and require further investigation. Solving the structure of
OCT4 with nucleosome in complex with a remodeller could help to answer these questions.
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6.5 Concluding remarks
In conclusion, the data detailed in this thesis offer one of the first insights into the structure of
native Lin28B- and Esrrb-nucleosomes and serve as a methodological framework for studying
the molecular mechanisms by which pioneer TF OCT4 recognizes and binds its target DNA
sequence on the nucleosomes using cryo-EM. Furthermore, my work provides a foundation
for devising new experiments that will contribute valuable information towards understanding
the structural and mechanistic bases by which OCT4 and other pioneer TFs engage closed
chromatin sites and elicit cell-fate changes. Ultimately, the detailed knowledge of these events
will help improve the reliability, efficiency and fidelity of transcription factor-based
reprogramming which holds a remarkable potential for both research and regenerative
medicine.

6.6 Future perspectives
In about 23 years since the atomic resolution structure of nucleosome was obtained, we
witnessed great advances in the field of structural biology which led to a number of distinct
high-resolution structures of nucleosomes and nucleosome-protein complexes. These
advancements provided important insights into nucleosome structure, stability, function as well
as dynamics and into the roles of posttranslational modifications, histone variants and
nucleosome-binding factors in the regulation of these nucleosome properties (Zhou et al.,
2021). Nevertheless, to date, there is no reported cryo-EM structure of intact sequencespecific pioneer TF in complex with native nucleosome, which is one of the major limitations
to understanding of the structural and mechanistic basis of a sequence-specific binding mode
of full-length pioneer TFs to nucleosomes. So far, the closest to achieving this were recently
published cryo-EM structures of pioneer TFs SOX2 and SOX11 bound to nucleosomes and
OCT4-SOX2 bound to artificial 601-nucleosome which have provided invaluable information
about individual and cooperative binding of pioneer TFs to nucleosomes (Dodonova et al.,
2020; Michael et al., 2020). However, the structure of pioneer TF in complex with nucleosome
containing natural DNA sequence has yet to be determined. In this thesis, I aimed to reveal
the structural and mechanistic details of pioneer TF OCT4 binding to native Lin28Bnucleosome, but the structure of this complex remained unsolved. However, our efforts will
certainly not be in vain because as you are reading this, ongoing structural studies that stem
from this work are being made and it is only matter of time before near-atomic resolution
structure of OCT4-Lin28B-nucleosome complex will be available. Once the structure of the
OCT4 in complex with native mononucleosome will be determined, it can provide a foundation
to expand the substrate to nucleosomal and chromatosomal arrays, which more closely mimic
physiological conditions and provide a means of studying nucleosome structural dynamics
mediated by OCT4 binding. Here, the 2-kb genomic region located downstream of Lin28B
poly(A) site containing 162 bp Lin28B sequence used for mononucleosomes reconstitution
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could be selected since it is packed with up to 5 nucleosomes in pre-induced fibroblasts as
determined by MNase-seq (Kelly et al., 2012) and targeted by OSKM factors at 48 hr postinduction as shown by ChIP-seq analysis (Figure 6-2) (Soufi et al., 2012; Soufi et al., 2015).
Thus, a 2033 bp sequence from Lin28B locus could be assembled into native nucleosome
arrays in vitro with the help of chaperones, allowing us to assess local and global
conformational changes in array induced by OCT4 binding (Soufi et al., 2015). Furthermore,
interplay between pioneer factor OCT4 and chromatin remodellers could be studied in this
model system, enabling us to gain important insights into the role of nucleosome remodelling
in pioneering activity of TFs. These studies could contribute to our structural and mechanistic
understanding of how OCT4 binds and alters local chromatin structure to activate silenced
genes during cellular reprogramming.

Figure 6-2. Nucleosome-enriched site in the fibroblast genome targeted by OCT4. The Lin28B
sequence identified by overlapping two datasets, the ChIP-seq determined OCT4-bound sites with
MNase nucleosome mapping. This region was packed with up to five nucleosomes in pre-induced
fibroblasts as measured by MNase-seq and targeted by OCT4 factor at 48 hr post-induction as shown
by ChIP-seq analysis. The Lin28B locus was also targeted by SOX2, KLF4 and c-MYC. The 2033 bp
Lin28B site outlined in red was selected for in vitro nucleosome array reconstitution.

Although nucleosome arrays are widely used as model systems for chromatin structural and
functional studies (Dorigo et al., 2003; Dorigo et al., 2004; Schalch et al., 2005; Robinson et
al., 2006; Shogren-Knaak et al., 2006; Poirier et al., 2008), they allow only a very simplified
examination of nucleosome conformational dynamics upon OCT4 binding. Since nucleosomes
exist in a dynamic site exposure equilibrium, spontaneous nucleosome unwrapping could
precede and allow the subsequent OCT4 binding to its target site on exposed nucleosomal
DNA (Li et al., 2005a; Tomschik et al., 2009). Thus, nucleosome dynamics within the OCT4bound array may be a result of intrinsic conformational dynamics rather than OCT4 binding.
The linker histones H1 associate with a great proportion of nucleosomes, further compact the
nucleosome array and participate in the organization of chromatin higher-order structures
(Widom, 1998; Bussiek et al., 2006). Spontaneous and transient nucleosome unwrapping is
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suppressed by histone H1 and this restriction of nucleosome mobility decreases DNA
accessibility to TFs binding (Bernier et al., 2015). Therefore, to investigate the mechanisms of
OCT4-mediated chromatin remodelling in more details, H1-compacted nucleosome arrays
could be reconstituted in vitro and used to assess the effects of compaction on OCT4 pioneer
activity and to evaluate local and global conformational changes in these arrays triggered by
binding of single pioneer TF or cooperative binding of at least two reprogramming factors such
as OCT4-SOX2. Thus, by using nucleosomal and chromatosomal arrays, we could examine
how the interplay between reprogramming TFs and linker histones regulates chromatin
conformation and thus provide a deeper understanding of its impact on cell-fate decision
processes. Analysing structure and dynamics of nucleosomes in more physiologically relevant
conditions will help to uncover the fundamental molecular mechanisms that govern the
nucleosomes behaviour and recognition in nuclear environment.
In cells, chromatin folds hierarchically into more compact structures marked by H3K9me3
which has been shown to prevent the access of pioneer TFs (Becker et al., 2017; Soufi et al.,
2012). Consequently, studying structural dynamics within short nucleosome arrays upon
OCT4 binding would only be one aspect relevant to the control of gene accessibility in vivo.
Therefore, to study how compacting chromatin further can inhibit pioneer factors binding and
result in incomplete activation of genes involved in alternate cell-fate pathways (Becker et al.,
2017; Soufi et al., 2012), the heterochromatin regions enriched for H3K9me3 could be
assembled in vitro. In addition, by gaining further insights into the role of histone marks, DNA
modifications and chromatin-binding proteins in pioneer TF binding to chromatin, we could
considerably improve cellular reprogramming. Overall, these studies could help us understand
how the chromatin structures may guide or impede OCT4 binding and how OCT4 modulates
nucleosome dynamics and thus DNA accessibility during cellular reprogramming.
Importantly, reprogramming factors OCT4, SOX2, KLF4 and c-MYC contain different structural
classes of DBDs (Soufi et al., 2015). Yet, the structural and mechanistic details of how these
distinct DBDs interact with native nucleosomes remain scarce, limiting our understanding of
the mechanisms underlying OSKM-mediated processes early in reprogramming. Notably,
since Lin28B locus used in this study was found to be targeted by all four OSKM factors at 48
hr post-induction as determined by ChIP-seq analysis (Soufi et al., 2012; Soufi et al., 2015), it
would provide a viable target for structural studies of not only OCT4-nucleosome complex, but
also other reprogramming TFs-nucleosomes complexes. Interestingly, unlike Lin28B
sequence containing multiple TF binding sites, Esrrb sequence contains only single OCT4
site, thus comparing the two may facilitate studying cooperative versus lone binding of TFs to
nucleosomes. High-resolution structural analysis of both protein-histone and protein-DNA
interactions within these complexes will facilitate a better understanding of the specific
mechanisms by which reprogramming TFs target nucleosomes and will establish whether
such binding stabilizes or disrupts the structural features of nucleosomes to increase
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chromatin accessibility. However, not all reprogramming TFs have ability to engage
nucleosomes. For instance, c-MYC was unable to target closed chromatin sites on its own and
was shown to require the assistance of OCT4, SOX2 or KLF4 to bind nucleosomes both in
vivo and in vitro (Soufi et al., 2012; Soufi et al., 2015). Thus, it would be intriguing to examine
the structural mechanisms governing the cooperative binding of c-MYC and pioneer TFs such
as OCT4 to nucleosomes. Furthermore, as proposed earlier for OCT4, by extending the
substrate to native Lin28B nucleosome array (Figure 6-2), we could examine the
conformational dynamics of array upon binding of not only OCT4, but also other
reprogramming factors and their combinations. These further studies on pioneer and nonpioneer TF-nucleosome binding events will clarify how TFs initially target their sites in closed
chromatin and will uncover the molecular mechanisms driving reactivation of silenced genes
during cellular reprogramming. Eventually, the structural characterisation of various TFnucleosomes interactions together with mutational analyses could enable us to engineer
artificial factors that will provide greater efficiency and specificity in reprogramming than
natural TFs.
Collectively, future work will lead to a near-atomic resolution cryo-EM structures of the native
nucleosomes with not only OCT4, but also with ample of other pioneer TFs and eventually
complex assemblies of various DNA-binding proteins, chromatin modifier complexes and
transcriptional coregulators. Furthermore, these studies will not be limited to Lin28Bnucleosomes but will extend to nucleosome substrates containing other natural DNA
sequences, histone variants or posttranslational modifications and as a result, the structural
studies of nucleosomes and their complexes will no longer be dominated by artificial DNA
sequences such as Widom 601. But these developments will not stop here, and in no time
structural cryo-EM studies using nucleosomal, chromatosomal and heterochromatic arrays will
take a spotlight, providing unique insights into the dynamic landscape of the chromatin
interactome.
Finally, revealing the structure, function and dynamics of pioneer factor-nucleosome
complexes, deciphering how pioneer factors control nucleosome dynamics to alter local
chromatin conformation and studying the limits of their pioneer activity will provide important
insights into cell-fate reprogramming. Ultimately, these findings will help improve the reliability
and fidelity of cellular reprogramming which offers unprecedented opportunities for
regenerative medicine, disease modelling, drug discovery, toxicological studies as well as
basic biological research.
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Appendix A: Purification of components for nucleosome
reconstitutions

Figure A-1. Ni-affinity chromatography elution profiles of H2A (A), H2B (B), H3 (C) and H4 (D). Niaffinity purification removed the majority of bacterial contaminations. The histones were eluted by
increasing imidazole concentration (green line). The eluent was monitored by the absorbance at 280 nm,
and collected fractions were visualised by SDS-PAGE stained with Coomassie. The fractions highlighted
in green were pooled and concentrated, resulting in pure histone samples.
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Figure A-2. Gel filtration chromatography elution profiles of H2A/B dimers (A) and H3/4 tetramers
(B). The gel filtration chromatography after His 6-tags cleavage was used to remove protease, cleaved
His6-tags and undesirable protein complexes. The purification was monitored by SDS-PAGE stained with
Coomassie. The fractions highlighted in green containing H2A/B dimers (A) and H3/4 tetramers (B) were
pooled and concentrated, resulting in pure H2A/B and H3/4 samples.
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Figure A-3. Anion exchange chromatography elution profile of Lin28B-DNA. The 162bp human
genomic Lin28B-DNA sequence inserted into pUC19 vector was PCR amplified using unlabelled primers.
The Lin28B-DNA fragments were gel extracted from the 1% agarose gel and further purified by anion
exchange chromatography using a Mono Q 5/50 GL column. The Lin28B-DNA fragments were eluted
from an anionic exchange column by increasing NaCl concentration (green line). The eluent was
monitored by the absorbance at 254 nm. DNA eluted with a relatively homogenous peak.
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Figure A-4. Ni-affinity chromatography elution profiles of tlH2A (A) and tlH2B (B). Ni-affinity
purification removed the majority of bacterial contaminations. The tailless histones were eluted by
increasing imidazole concentration (green line). The eluent was monitored by the absorbance at 280 nm,
and collected fractions were visualised by SDS-PAGE stained with Coomassie. The fractions highlighted
in green were pooled and concentrated, resulting in pure tailless histone samples.

202

Figure A-5. Quantification of purified recombinant human tailless histones. After purification, the
concentration of tailless histones H2A and H2B was determined using the BCA Protein Assay. The
samples were diluted 1:2 and concentrations were extrapolated from the BSA standard curve (orange
line). The final concentration of tlH2A and tlH2B was approximately 2.99 and 3.36 mg/mL, respectively.
The yield of purified tailless histones was ~149.3 (tlH2A) and ~168.0 (tlH2B) mg per L cell culture.
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Appendix B: Overview of the NS- and cryo-EM data processing

Figure B-2. Flowchart of the NS-EM data processing. Diagram summarizing all processing
procedures for three NS-EM datasets: Lin28B-nucleosomes (black), Esrrb-nucleosomes (blue) and
Lin28B-nucleosomes with OCT4 D73 (red). A Tecnai F20 200 kV microscope was used to collect 246,
197 and 213 micrographs for Lin28B-nucleosomes, Esrrb-nucleosomes, and Lin28B-nucleosomes with
OCT4 D73, respectively. Particles were picked from the micrographs in the EMAN2 software package
(green outline), and all subsequent steps of image processing were performed using RELION3.1 (purple
outline). Particles extracted from CTF-corrected micrographs were subjected to 3-5 rounds of 2D
classification, and selected particles were subjected to initial 3D reconstitution. Classes denoted with
asterisks served as the low-resolution model for 3D classification. The particles selected in the final round
of 2D classification were averaged together with C2 symmetry imposed to obtain NS-EM 3D density
maps. A number of micrographs, classes as well as particles (p) used in each process are shown.
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Figure B-2. Flowchart of the cryo-EM data processing. Diagram summarizing all processing
procedures for two cryo-EM datasets: Lin28B-nucleosomes (black) and Esrrb-nucleosomes (blue). A
Tecnai F20 200 kV microscope was used to collect 333 and 172 micrographs for Lin28B-nucleosomes
and Esrrb-nucleosomes, respectively. All steps of image processing were performed using
cryoSPARCv2. Particles extracted from CTF-corrected micrographs were subjected to 3-5 rounds of 2D
classification to clean up particles before 3D classification. Low-resolution ab-initio classes denoted with
asterisks were refined to high resolution using homogenous refinement, and the resolution values of the
refined models were estimated based on the gold-standard Fourier shell correlation (GSFSC) curve at
0.143 criterion. Refinement led to a 17.22 Å and 9.58 Å resolution cryo-EM structure of Lin28Bnucleosome and Esrrb-nucleosome, respectively. Local resolution estimations were performed using
BlocRes. A number of micrographs, classes as well as particles (p) used in each process are shown.
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Appendix C: Purification of OCT4 WT, DBD and D73 proteins

Figure C-1. Purification of OCT4 WT, DBD and D73 from whole cell extracts. (A, C, E) Ni-affinity
chromatography elution profile of OCT4 WT (A), DBD (C) and D73 (E). The OCT4 proteins were eluted
by increasing imidazole concentration (green line). Ni-affinity purification removed the majority of
bacterial contaminations. (B, D, F) Gel filtration elution profile of OCT4 WT (B), DBD (D) and D73 (F).
The size exclusion chromatography removed contaminants and undesirable protein complexes. (A-F)
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The eluent was monitored by the absorbance at 280 nm, and collected fractions were visualised by SDSPAGE stained with Coomassie. The raw data were plotted in MATLAB. The fractions highlighted in green
were pooled and concentrated.
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Figure C-2. Purification of OCT4 WT from inclusion bodies. (A) Ni-affinity chromatography elution
profile of OCT4 WT. The OCT4 WT was eluted by increasing imidazole concentration (green line). The
eluent was monitored by the absorbance at 280 nm, and collected fractions were visualised by SDSPAGE stained with Coomassie. Ni-affinity purification removed the majority of bacterial contaminations.
The fractions highlighted in green were pooled and concentrated. (B) Coomassie-stained SDS-PAGE of
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the concentrated OCT4 WT following Ni-affinity purification. (C) Gel filtration elution profile of
concentrated OCT4 WT. The eluted fractions were monitored by SDS-PAGE. The size exclusion
chromatography removed contaminants and undesirable protein complexes. The fractions highlighted in
green were pooled and concentrated, resulting in pure OCT4 WT sample. (D) Coomassie-stained SDSPAGE of the concentrated OCT4 WT after size exclusion chromatography. (E) Quantification of OCT4
WT (black circle) using BCA Protein Assay. The OCT4 WT concentration was extrapolated from the BSA
standard curve (orange line). The final concentration of OCT4 WT was approx. 0.11 mg/mL.
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Appendix D: Structural modelling of OCT4 binding at Lin28Bnucleosome target sites

Figure D-1. Modelling interaction between OCT4 and Lin28B-nucleosome target sites. (A)
Structural modelling of OCT4 binding in the MORE configuration at site 1 (magenta), 2 (blue) and 3
(green). At each target site, OCT4 is shown in a surface representation to highlight the potential steric
clashes between the OCT4 and histone octamer. OCT4 MORE configuration is compatible with
nucleosome binding at site 1 and 3, but not at site 2 due to significant clash with the histone octamer.
(B) Model of OCT4 bound at site 1 of Lin28B-nucleosome built using the canonical configuration in which
POU domains are positioned on opposite sides of the DNA. The canonical configuration is incompatible
with the OCT4 binding to site 1 due to steric occlusion. The model is representative of steric constraints
impeding the OCT4 binding in this configuration to all Lin28B-nucleosome target sites. Modelling was
performed, and the figure was prepared by Dr Philip Robinson and his team (Institute of Structural and
Molecular Biology, Department of Biological Sciences, Birkbeck, University of London).
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