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Lay Summary
Bacteria are micro-organisms found almost everywhere in nature. They possess
the ability to stick to a surface, grow and rapidly colonise it. To many industries
such as: medical devices, agriculture and shipping this poses a problem as the
bacteria or established biofilm must then be removed which in turn will incur a
time and often financial cost. Often, the environments they colonise are dynamic
in nature, whether this be due to an external force acting on the surface, and
the bacteria, or the surface itself being changed in some manner. This thesis
is ultimately concerned with investigating the adhesion and growth of bacteria
when they are subjected to a mechanical perturbation. In one set of experiments
the perturbation is provided by an applied flow through a microfluidic channel.
In the other set of experiments the substrate on which they grow is vibrated
and undergoes an elastic deformation. In the flow experiments we investigate
the role that the various appendages to cell membrane and the substrate elastic
properties have on the adhesion of bacteria to the substrates. In the experiments
using vibrated substrates we try to understand the roles that the acceleration of
the surface and its elastic deformation play in altering the colony size and shape
of the colony perimeter. It is hoped that through our experiments a greater
understanding of these characteristics will be acquired that can then be applied
to real world situations where the bacteria and a dynamic environment coexist
in nature or industry.
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Abstract
This thesis presents investigations into the adhesion of E.coli cells and the growth
of such cells into colonies on substrates that are subject to external mechanical
perturbations. The first perturbation we introduce is in the form of an applied
flow through a microfluidic channel that contains adhered E.coli cells. We show
that when the types of appendages present at the cell membrane vary, the flow
rate at which the cells become dislodged changes, indicating a change in the
strength of the adhesion of the cells to the substrate. This allows for a maximum
drag force that cells can withstand before detaching for each E.coli strain to
be quantified. We also investigate how the elasticity of the substrate of the
microfluidic device plays a role in the adhesion of the cells to the surface. This
is achieved by altering the elastomer ratio of the device material, PDMS, and
comparing maximum drag forces of the cells for different ratios. This allows for
insight into how the stiffness of a surface affects the adhesion of cells, and we
ultimately show that a more deformable substrate favours prolonged attachment
of cells. The dependence on the cell’s orientation with respect to the direction of
flow is investigated and linked to the likelihood that a cell will remain attached
when exposed to an increasing applied flow rate. Using an agar microfluidic
device we further investigate, the role cell appendages play in surface adhesion
when bacteria are subjected to flow.
We next describe the design of an experiment in which an agar plate is periodically
deformed, at frequencies in the range 5-50 Hz, by coupling it to a loudspeaker
cone. Colonies grown on the deformed plates were found to exhibit two main
effects that differ from control colonies grown on static plates. These effects
were: an increase in colony perimeter roughness and an increase in the final
diameter of the colony after a fixed period of growth. It was shown that these
effects increased with increasing driving frequency. In addition to the acceleration
which accompanies the vibration, when the boundary of the plate is fixed there
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is an induced elastic strain field that varies across the plate. Work was carried
out to quantify the effect of the strain and acceleration on colony perimeter
roughness and final diameter and attempt to relate each one separately to the
observed effects. It was determined that the presence of the strain field was related
to the increase in diameter whilst the large increase in acceleration resulted in
rougher colonies forming. We hypothesise that both of these effects contribute to
a modification of the forces on the bacteria that allow cells at the perimeter of
the colony to switch their relative position and orientation which then leads to
an increase in colony perimeter roughness and diameter. When colonies formed
from two bacterial strains (fluorescent/non-fluorescent) it was observed that the
peak sector size remains the same but the distribution of sectors angular size
broadens, so that there is an increase in finding larger sectors. Finally, this thesis
closes by detailing the development of an in-situ microscope to directly observe
bacterial colonies on a deformed agar plate. The microscope was used to quantify
the velocity at which the colony perimeter advances and the width of the growing
layer. This work was expanded to measure these parameters on agar plates with
different elastic properties. It was shown that as the agar becomes stiffer, the
expansion velocity of the growing front decreases and with this the total roughness
of the colonies also decreases. This was explained as the increasing stiffness of
the agar results in a stronger polymer network being formed that offers greater
resistance to the applied deformation, reducing the strain field, which results in a
decrease in the radial expansion velocity. We also measured the height profiles of
colonies grown on static and deformed plates. The observed behaviour is found
to be consistent with a computational model in which decreasing the friction
coefficient between the cell and the substrate leads to an increase in the colony
diameter.
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Chapter 1
Introduction
This Chapter will outline and discuss some of the motivation behind why bacteria
are studied by physicists and what can be gained from these studies. The first
section introduces the idea of studying bacteria from a physicists point of view,
their abilities that make them interesting and showing both the beneficial and
detrimental effects of having growing bacteria present in an environment. The
second section discusses how microfluidics can be used to study bacterial adhesion
to a surface and how a shear stress and drag force can be calculated from
the applied flow. Finally, the chapter ends with a discussion explaining why
growing bacteria on a deforming surface, induced through vibration, is a useful
experimental setup to investigate the effect of a dynamic surface on the growth
of bacterial colonies.

1.1

Why do Bacteria Need to be Studied?

Bacteria are interesting to biological physicists due to their ability to grow, evolve
via mutations to their genetic code and form communities that experimental
and statistical analysis can be performed on. The ability of bacteria to exist
and colonise almost any environment has resulted in highly adaptive bacterial
strains evolving over time. These strains have become an issue especially to
the medical community due to their rapid ability to gain resistance to antibiotic
medications, which can develop in less than a day[7, 8]. It is predicted that
by the year 2050, antibiotic resistant bacteria and the infections they can cause
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will kill approximately 10 million people a year [9]. For this reason, antibiotic
resistant bacteria have been featured on the UK Risk Register for the last four
years and reports have been published [10]. Although the ability to develop
antibiotic resistance by bacteria is an example of a negative outcome, bacteria
can also be of benefit for example, bacteria exist in our intestines and help aid
the body in digestion. Bacteria possess the ability to form biofilms which are
bacterial communities bound to a surface and surrounded by some extracellular
matrix. These can either have a positive or negative impact in regards to the
surrounding environment. A plaque biofilm forming on the surface of teeth is an
example of a deleterious biofilm which is unwanted and difficult to remove however
biofilms have been found in waste-water treatment facilities that perform aerobic
nitrification, converting harmful ammonia ions into less harmful nitrates, and
other useful processes such as the conversion of dissolved carbon [11]. This is an
example of a positive acting biofilm where it serves a beneficial response to the
co-existing organisms and is often seen in waste removal in aqueous environments.
Therefore it is interesting to study bacteria and their interaction with their
environment whether this be the interaction with the surface of the substrate itself
or with other bacterial cells. Investigating these interactions can then yield results
that illuminate a greater understanding of factors that influence/affect bacterial
growth in different environments where adaption is key to survival. These factors
can include: the ability to remain adhered to a surface for prolonged periods of
time, the optimisation of nutrient uptake and adaption to surrounding toxins in
the environment to name a few.

1.2

What is Microfluidics and How Can it Help
Study Cell Adhesion?

This subsection is concerned with the growth and adhesion of bacterial cells in
environments where an external perturbation is present. One such environment
that is studied in Chapter 3 is that of a microfluidic channel where a flow is applied
and thus acts on the cells present. This section therefore will be structured in the
following way: first the basic theory behind microfluidics will be considered and
it will be explained why it is appropriate to use these devices when studying cells.
Then the nature of the flow present shall be defined through the dimensions of the
flow channel being used. As the applied flow acts on the cells in the channel, the
forces at play here which is a drag force will also be considered and an expression
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will be presented that relates the shear stress that acts on the cell’s body to the
experienced drag force.
Microfluidics is the study of systems involving liquid volumes that range from
pL to mL flowing through µm sized channels. It is a field of science that can
be exploited to study bacteria under applied flows by growing cells in channels
through which fluid flows at a well-defined flow rate. E.coli cells typically have
a length of 2 µm, a width of 1 µm and a cell volume of 0.7 µm3 [12]. Bacteria
live at low Reynolds number in which their movement is dominated by viscous
forces rather than intertia. The governing formula for the flow of a viscous
incompressible liquid is the Navier-Stokes equation, which was formulated in 1822,
and is stated below in its dimensionless form [13]
ρV0 L0 ˜
˜
˜ + ∇˜2 v.
[∂t ṽ + (ṽ · ∇)ṽ]
= −∇p̃
˜
η

(1.1)

In Equation 1.1 there is a fluid velocity, v, pressure, p and finally a density and
dynamic visocity symbolised by ρ and η respectively. Making the Navier-Stokes
equation dimensionless allows for analysis of when linear and non-linear terms
will dominate. To make terms dimensionless everything is expressed in terms of
a characteristic length, L0 or velocity, V0 . The multiplicative prefactor on the
left in Equation 1.1 gives the ratio between inertia and friction caused by the
viscosity: this factor is the Reynolds number and is useful when characterising
the nature of the flow [13, 14].
<=

ρV0 L0
.
η

(1.2)

˜
The other two important terms in the Navier-Stokes equation above are (ṽ · ∇)ṽ
and ∇˜2 ṽ which describe the inertial and viscosity contributions to the system
respectively. At low Reynolds number, < << 1, the non-linear inertial term can
be approximated to zero meaning the viscosity term dominates. At < << 1
the fluid flow through a device will be laminar. The fluid can be conceptualized
as a series of smooth layers that flow parallel to each other without mixing.
As the Reynolds number transitions to < >> 1, the flow will switch from
laminar to turbulent which is then characterised by a mixed, rough flow that
contains internal eddie currents [13, 15, 16]. The presence of turbulance makes
the system very unstable and unpredictable, where small changes in the system
results in large changes to parameters. Since flows are involved in this project it
is important to look at the velocity distribution that will be used to model the
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flow in the experiment as this will then allow for the drag forces to be calculated.
In the experiment described in Chapter 3, the flow is modelled as Poiseuille flow.
This is a correct assumption to make since the width of the channel is many
times greater than the dimensions of an E.coli cell (channel dimensions: h=150
µm and width=2000 µm). This, along with the assumption that the walls of the
channel act as parallel plates of infinite extent mean that the flow profile will
be well-described by Poiseuille flow [13]. In Poiseuille flow, a pressure change
between the inlet and outlet of the device drives the flow of liquid through the
device. Equation 1.3 shows the simplified Navier-Stokes expression used in the
setup of this problem
∂z2 vx (z) = −C.
(1.3)
The left hand side of Equation 1.3 represents the velocity profiles gradient and the
right side is a constant that captures the pressure difference set-up of Poiseuille
flow acting across some length. Solving this with two no-slip boundary conditons,
vx (0) = 0 and vx (h) = 0, yields a parabolic velocity profile [13].
vx (z) = C(h − z)z.

(1.4)

For practical convenience the mean flow velocity, v̄, can be related to the
volumetric flow rate, Q, and the cross section area, A, of the device channel:
Q
.
(1.5)
A
The area of the device used for the variable A in Equation 1.5 is calculated from
the channel width multiplied by the channel’s height. The strains of E.coli used in
v̄ =

Figure 1.1

False colour schematic of a single channel microfluidic device, with
an applied volumetric flow rate, Q, flowing from the left side to the
right. The 2D parabolic nature of the velocity profile is shown.

this project will be subjected to an applied flow and therefore drag forces must be
considered. In my experiments the maximum drag force cells can withstand will
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be calculated from a critical flow rate required to dislodge adhered bacteria from
the surface. To withstand greater flow velocities and therefore greater drag forces,
E.coli has developed methods by which the total drag force is reduced. Some of
these methods include changing fimbraie configuration and aligning flagella with
the direction of the fluid flow [14]. The usage of these appendages by E.coli to
reduce the effects of drag forces informs us that they cannot be treated as simple,
passive rods. The method that I will use to calculate drag forces is shown by the
following equations:
6Qη
Fdrag = σs A
σs =
.
(1.6)
wh2
Where σs is the shear stress created by the fluid flowing down the channel and
A is the cross-sectional area of the cell exposed to the flow [14]. w and h refer
to the width and height of the microfluidic channel and Q is the volumetric flow
rate. The derivation of the above equations is shown in Appendix A.1.

1.3

Why Study Bacteria on a Vibrationally
Deforming Surface?

The effect of surface vibration and deformation on bacterial colony growth is not
a widely studied or understood branch of biological physics however the effect of
vibration on bacterial growth in liquid media has been studied[17–20]. In liquid
cultures, shaking/vibration has two main effects: the first is that it promotes
oxygenation of the liquid itself which then in turn promotes a healthy growing
environment for the cells within the media (if they require oxygen to grow in the
first place). Secondly, without vibration or shaking, the cells will initally grow
for a period of time, eventually however they will consume all of the available
nutrients in their nearby environment. This then will result in the cells entering
a nutrient limited growth phase much earlier. By vibrating or shaking the media
this promotes the cells to be homogenously distributed throughout the whole of
the media volume allowing the whole of the space to be sampled for nutrients.
Another way to think of this is that vibration adds advection to the mass transfer
of nutrients in the system.
It is known that ultra-high frequency vibration can be used to clean surfaces
of contaminants and this is used in the sterilisation industry but what about
the effect of lower frequency vibration i.e <100 Hz? At these frequencies the
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vibrational deformation and amplitude of oscillation of the surface may not have
an entriely destructive effect on the cells present and could in fact help aid the
further colonisation of the surface through modifying the mechanical forces acting
on the colony, forming a more favourable environment for the bacteria to grow in.
Models exist already for bacterial colony growth that include nutrient diffusion
and the role of mechanical forces such as internal pressure which arises from
the colony growth itself and friction [6, 21–23]. By including low frequency
vibration with a constant amplitude (∼ 10’s Hz and ∼ 1-2 cm respectively) we can
investigate how the addition of an advection term through periodic deformation
and the modification of the mechanical forces present further influences the
growth of bacterial colonies. Advection of cells through applied flows, motility
and surface interactions have been shown to be key for the formation of bacterial
colony patterns and other morphologial characteristics through mechanical forces
transporting cells [24–26]. Therefore advection terms are important for capturing
the dynamic interactions between bacterial cells and their environments. Through
investigating this experimentally we can better inform models for colony growth
where surface deformation is present and provide insight into practical examples
where bacteria grow on deforming substrates such as elastic catheter tubing and
the hull of ships (biofouling). Therefore, much new knowledge can be gained from
the study of this interesting field and this is the motivation behind why we have
designed the experiments featured in the second half of this thesis. The process of
deforming a semi-solid surface that has been inoculated with bacteria, instead of
a liquid suspension, requires a new approach in thinking about what effects it will
have. The cells are now not free to move in any direction as they have adhered
to the surface and there will be contact forces present from cell-to-cell contact
and also cell-surface contact. As the surface is deformed the cell-surface forces
will change in magnitude depending on the size of the deformation caused by the
vibration. This effect, coupled with the pressure being generated by the cell-cell
contact of a growing colony could result in cells transitioning across the surface
easier than if there was no vibration present. This thought process and other
similar discussions lead to the vibrational experiment being designed in the way
it currently looks. Featured in Chapter 6 at the end of this thesis are some ways in
which the experiments I have performed could be further improved such as using
strains with different types of appendages to investigate if the appendage number
coupled with a surface deformation may further change the observed effects.
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Chapter 2
Bacteria: Structure, Adhesion and
Growth
The crucial components that make this project possible are bacteria, specifically
E.coli. This chapter will begin by outlining what bacteria are, where they fit
into the tree of life and how their cellular bodies are composed. The types of
appendages present on the cell body will also be detailed and how they aid
bacteria in adhering to a surface. The key characteristic of bacteria to grow
and consume nutrients will also be explained. As it is a major motivational
driver for this project, a detailed description of how bacteria adhere to a surface
and develop into a successful biofilm will be presented and bacterial colonies are
discussed due to their relevance to the second half of this PhD.

2.1

Bacterial Structure and Adhesion

Bacteria are prokaryotes, meaning they lack intracellular organelles such as a
nucleus or mitochondria [12, 27]. As there is no nucleus to contain the DNA such
as in eukaryotic cells, the bacterial DNA is located directly in the cytoplasm of the
cell, with the majority of the DNA present being found in the circularised bacterial
chromosome. The remaining DNA is found in plasmids which are DNA strands
that are also circularised but found separately to the bacterial chromosome. E.coli
is a gram-negative bacteria which means that it consists of an outer and inner
cell membrane separated by the periplasmic space, which is partially comprised
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of peptidoglycan, a polymer molecule composed of both amino acids and sugars
and arranged in a mesh-like structure. The outer cell membrane is often covered
in appendages that range in sizes from the sub-micron to tens of microns [15].
There are three main appendages found on the membrane of E.coli, they are:

Figure 2.1

Appendages located on the bacterial cell membrane. Adapted from
online source [2].

type IV pili, fimbraie and flagella. Type IV pili are thin, rod like appendages that
protrude outwards from the cell membrane and are found usually to have a length
ranging between 0.3-1.0 µm and a diameter of 5-8 nm [28]. They are comprised
of adhesive protein subunits and when these are in contact with the surface they
increase the probability of the cells successfully colonising the area and remaining
adhered [14]. Fimbraie are appendages that are very closely related to type IV pili
however there are usually more fimbraie present on a cell body than pili. Like pili,
fimbraie are also comprised of protein subunits and also contribute to the overall
cell adhesion. An interesting ability to note is that fimbraie are assembled from
the protein FimH, which is able to change its conformation when under tension
allowing for the attachment strength to be modulated [14]. The largest appendage
found on the bacterial body is the flagella. Flagella are highly sophisticated selfassembled structures that commonly adopt a helical configuration. The flagella
are comprised of three parts, which are:
1. The flagellar filament, this is the main part of the appendage and is mostly
comprised of a single protein called flagellin.
2. The hook component which has an average length of 80 nm and holds the
filament in place and attached to the cell.
8

3. The basal body structure which contains the crucial molecular motor that
drives the rotation of the flagella. This structure also hold the hook firmly
in the cell membrane and ensures that it does not become detached.

Filament
Hook

Basal Body

Figure 2.2

Structure of the flagella, showing the three distinct components
mentioned in the text. OM refers to the outer cell memebrane, P
is the periplasmic space comprised of peptidoglycan and CM is the
cytoplasmic (or inner) membrane. Figure adapted from [3].

The size of individual flagella can vary depending on the strain of bacteria being
used, however in the case of E.coli flagella can grow up to 10µm in length [27].
This is much larger in size when compared to the other two appendages and to
that of the cell length of E.coli. Just as the size of the flagella can vary so too
can the location of the appendages on the cell membrane body. This has lead
to four main classes of bacteria being identified: monotrichous (single flagellum),
lophotrichous (multiple flagella at same spot), amphitrichous (single flagellum
at each end of body) and finally peritrichous (flagella in all directions) [12]. It
is generally accepted that peritrichous bacteria, like E.coli, have the greatest
adhesion ability out of all the classifications which is attributed to their large
number of protruding flagella [29, 30]. To explore their environments, E.coli
move in a run-and-tumble motion in which they propel themselves forward for
a given time (run) and then after a period of time, on the order of seconds,
will switch direction (tumble) [31]. It is the flagella that enable the bacteria to
propel themselves forward. The flagella rotate in a counter clockwise fashion and
become in phase with one another [15]. For the bacteria to then change direction,
the flagella switch to a clockwise rotation which causes the in phase bundles to
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break apart hence bringing the bacteria to a halt. Although this movement may
seem initially to be random in nature, it can be shown to actually be classed as
a biased random walk, in which the bacteria sense a favourable gradient to move
up and this results in the runs increasing their duration. Examples of gradients
that bacteria may follow could be either chemical or illumination which refers to
chemotaxis and phototaxis respectively [15].
Now that the importance of bacterial appendages has been outlined, I will now
discuss how bacteria adhere onto a surface. It is generally thought that the
bacterial appendages discussed previously (flagella, pili, fimbraie) play a key role
in cells adhering to a surface[32]. Lipopolysaccharide molecules (LPS), located on
the surface of the appendages and more generally the outer membrane of the cell
body are thought to interact with the surface, resulting in the cell adhering to it.
These bonds form over a period of time ranging from 1 second to 1 minute and
once formed are difficult to break[33, 34]. Attractive and repulsive forces start
to play increasingly important roles once the bacteria come into contact with
the surface [35]. Elimelech et al [36] showed experimentally that LPS molecules
are not the only method by which cells adhered to a surface and that changes
to the surface can also play a key role in this process. Attractive forces include
the van der Waals force and hydrophobic interactions with the substrate [14, 37].
The short-range nature of van der Waals interactions, mean that the intersurface
separation needs to be <1 nm for it to make a significant contribution. Repulsive
forces can include the hydrophilicity of the substrate, the normal force acting
on the bacterial cell due to the substrate and also the double layer electrostatic
forces present from ions in the sample. Bacterial surface adhesion can broadly
be split into three distinct stages [38]. The first stage, or primary adhesion,
is a reversible process and depends greatly on the sum of the attractive and
repulsive forces present. If the attractive force outweighs the repulsive then the
cell will be able to initiate prolonged contact with the surface. At this stage
the bacteria switch from being motile to becoming sessile through sensing the
surface via physiochemical changes and appendage immobilization. This can
sometimes then result in biofilm-forming genes being up-regulated [39]. The cells
begin the second stage of adhesion once attached to the surface. This stage is
known as surface conditioning and is a crucial step in order to favour prolonged
adhesion. The cells that initially adhered to the surface begin to produce adhesin
proteins that encourage stronger attachment. These proteins are located on the
appendages of the bacteria such as the pili and fimbraie and alongwith proteins
that coat the outer cell membrane will contribute to the overall cell to surface
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adhesion. Finally after the surface has been conditioned, the final stage which is
called secondary adhesion can progress. This stage is irreversible and the bacteria
can only be dislodged from the surface via some external applied force. Biofilm
forming bacteria then start to produce an extracellular matrix (ECM) which forms
a structural scaffold for the bacteria to support themselves with. The matrix is
mostly comprised of exopolysaccharisdes (EPS) but also contains proteins, nucleic
acids and lipids. EPS is important for the successful establishment of a long-term
biofilm and the polymer molecules produced can also act as an osmolyte, pulling
water into the colonies through osmotic gradients [40, 41]. This influx of water
brings with it nutrients and aids the biofilm in growing and colonising the surface.
The bacteria are also able to intertwine their flagella together with other cells and
this creates strong aggregates which are able to withstand a variety of applied
forces. At this stage E.coli cease to act as individual cells and now become part
of a wider biofilm that has successfully colonised the surface it has attached to.
It was mentioned in the previous paragraph that once bacterial cells have
progressed to the secondary adhesion stage they become irreversibly attached to
the surface and can only be dislodged via an external force being applied. There
are many different methods used to probe the exact nature and value of E.coli’s
adhesion force to a surface and this has lead to a range of adhesion forces being
measured. Some of the common methods used include: Atomic Force Microscopy
(AFM), optical laser traps involving glass beads and an applied shear flow. All of
these methods lead to a different adhesion force value being measured for E.coli,
depending on the strain being studied and the surface in which the cells are
attaching themselves to. Some of the values are summarised in the table below
in which one can clearly see the variety in adhesion force values for E.coli. From
Method
Adhesion Force (nN)
Strain
AFM
2.1
JM109
AFM
9
HB101-pDC1
Optical Trap
12
K12-D21
Optical Trap
0.05-0.1
Unspecified
Shear Flow
0.1
B/r
Shear Flow
0.09
K12-MG1655

Surface
AFM Tip
Uroepithelial cells
Gl
Ga
OGl
SiCO:H

Ref
[34]
[42]
[43]
[44]
[45]
[46]

Table 2.1 Adhesion forces for E.coli various strains and surfaces. One can
observe that for similar methods used, the adhesion force changes each
time. Abbrivations in surface column are as follows: Gl (Glass), Ga
(Galabiose), OGl (octadecyl treated glass (hydrophobic)) and SiCO:H
(polymerised hexamethyldisiloxane film)

.
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the values in Table 2.1, one can see that the first optical trap method reports
an adhesion force value that is 120 times greater than the value measured in the
first shear flow experiment. This illustrates the wide variety of values that can be
measured depending on the strain, the experimental method used and also the
surface being adhered to. On a more general scale this table illustrates an issue
that may arise if one is looking to assign a certain adhesion value to E.coli cells
on a surface as both the experimental measuring method and the nature of the
surface appears to have some influence on the value that is obtained.

2.2

Bacterial Growth

Investigating bacterial growth is also a key feature of this project, since once
bacteria attach to a surface the next step they take is to grow and further
colonise it. Bacterial growth is a critical step in the colonisation of a surface and
therefore understanding how bacteria grow in an environment is crucial. A key
trait required of bacteria to grow and survive is the ability to consume nutrients
from the surrounding environment. Nutrients are consumed and converted into
components required by the cell to survive. Consumption of nutrients allows for
the bacteria to divide and for E.coli in laboratory conditions and at 37◦ C, division
occurs every 20 mins [47]. Cells in a liquid culture or on a plate continue to grow
until all available nutrients are consumed.
A standard method of tracking the growth in a bacterial culture is to measure the
optical density (OD) as a function of time. As the number of bacteria increases
a greater proportion of an incident beam of light will be scattered, increasing the
optical density of the culture. To measure this one uses a spectrophotometer and
sets the incident wavelength at 600nm. For clarity reasons the optical density is
often read as a semi-log scale as this results in a straight line plot where the growth
rate can be calculated from the gradient. As the bacteria grow in the media their
number increases exponentially according to N = N0 ebt where b is the growth
rate, t is time elapsed and N0 is the initial number of cells. The graph of OD
as a function of time then shows several clear phases. The first phase is the lag
phase and this corresponds to the bacteria acclimatising themselves to the media.
The second phase is the exponential phase where the cells divide according to the
expression previously stated. The next phase is saturation where the cells have
consumed most of the available nutrients and therefore do not have the available
components required to continue to grow. Finally the cells reach the death phase
12
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Figure 2.3

A theoretical OD600 plot with the four main phases marked: 1. Lag
phase, 2. Exponential growth phase, 3. Saturation phase and 4.
Death phase.

where they no longer grow and either die or enter a dormant stage. We show a
standard OD600 plot in Figure 2.3 with the 4 main phases clearly marked. To
take death into consideration we simply have to add another term to our number
of living cells expression: N = N0 e(b−d)t where the new term d is a death rate.
It is important to note though that measuring the OD600 does not distinguish
between living and dead cells, it is a measure of the total biomass present in a
given media solution. To convert the OD600 value into cells/mL one must use
a conversion factor which is often non-universal and must be first determined
by plating and counting colony forming units (CFU) from the suspension being
studied. So by using this method and conversion, one can take a culture that
has been growing for some time and then convert it to a number of cells present.
This is very useful for when growing colonies and wanting to trace back to the
number of bacteria present at inoculation.
One material widely used in experimental work for growing bacteria on is
agarose. Agarose is a hydrogel which is non-toxic and is comprised of cross-linked
polysaccharide molecules which form a network of pores containing water. These
water containing pores vary in size depending on the concentration of agarose
used in the preparation of the gel. The agarose molecules can be mixed with a
liquid nutrient source such as LB (Luria Broth) which then forms a nutrient rich
hydrogel that can be poured into semi-solid plates and bacteria can be inoculated
13

and grow on. From the mechanical view point, agarose is accepted to be a linear
elastic material meaning that as the applied strain to the material increases so
does the stress in the system. This characteristic of agarose will prove to be a
crucial component for the work carried out in Chapter 4 which required an elastic,
deformable substrate to grow bacteria on.

2.3

Biofilms

It has now been established that when (some) bacteria adsorb, or adhere, onto
a surface they move from being motile to becoming sessile and establish a
bacterial community [38, 48, 49]. This transformation, facilitated initially by
excess EPS production is a defining characteristic of biofilm formation. As this
project is concerned with bacterial adhesion and colonisation, biofilms will also
be discussed. Biofilms are found in all environments, from inside industrial pipes,
the hull of ships, medical devices and prosthetics. Commonly, the growth of a
biofilm is a deleterious process concomitant with infection, disruption of flow
or contamination however this is not always the case and some biofilms can
cause positive effects as mentioned earlier. Biofilms are not restricted to growth
only on solid surfaces, with some bacteria actually being able to colonise airliquid interfaces such as in sewage pipes [37, 50, 51]. Research has shown that
EPS production is crucial for the formation of bacterial biofilms as it provides
structural integrity and also provides nutrients to the cells within. EPS is also
able to protect cells within the biofilm from threats such as bacteriophages as it
has been shown that EPS prevents phages from penetrating deep into biofilms and
causing cell lysis through direct binding to the cell wall [52]. In the case of E.coli,
colanic acid is the crucial EPS that is required to allow bacteria to develop into
3D biofilms [53]. Bacteria once adhered to a surface conditioned substrate enter
into a stage of excess-EPS production. Four signalling processes are involved
in triggering this stage. First there is quorum sensing between neighbouring
bacteria facilitated by autoinducer molecules being released and detected. Upon
releasing these molecules, nearby bacterial cells sense their presence and this
upregulates EPS production. Therefore, quorum sensing allows bacteria to probe
their surrounding community for nearby bacteria and this contributes to the
production of the EPS matrix [54, 55]. The second signalling process is flagella
immobilization either by the surface or from direct interaction with the drag
torque associated with it turning in a viscous environment [4]. The viscosity will
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disrupt the flagella rotation and the bacteria will no longer move as easily causing
EPS production to increase through the upregulation of genes. This upregulation
of certain genes has been shown to be a consequence of the bacteria sensing the
increased viscous environment through appendage interactions [39]. A change in
osmotic pressure between the intra and extra-cellular environments also influences
the rate of EPS production with higher osmotic pressures leading to an increase
in EPS [40]. The authors showed that bacterial communities exposed to low
osmotic pressure environments struggle to expand and colonise a surface, whilst
this is not the case for the high pressure situation. Finally the direct adhesion of
bacteria onto a surface leads to increased gene expression which in turn lead to
increased EPS production [4]. Three of these cases of increased EPS production
are shown in Figure 2.4. As the biofilm expands the bacteria form a 3D structure
that colonises outwards in all directions. Eventually the bacteria at the periphery
of the EPS matrix will disperse and detach. This allows for the bacteria to move
onwards and colonise a new surface, either nearby or further afield. This dispersal
event varies in nature depending on the strain of bacteria under study. For E.coli,
cells at the edge of the biofilm are more motile than ones deeper embedded. This
eventually allows for bacteria to completely break away and move off into another

Figure 2.4

Three of the signalling processes leading to increased EPS
production. The individual stages within the cell are the chemical
processes or gene regulation which lead to the increased EPS
production as discussed. Image adapated from [4]
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area [48].
Bacteria within well-established biofilms exhibit an increased antibiotic tolerance
that is drastically different to their motile counterparts. This increase in antibiotic
tolerance is thought to be an accumulative effect with both the environment and
the biofilm contributing. As the bacteria become stable in an environment and
form a strong biofilm, their ability to tolerate greater antibiotic concentrations
increases. In some cases it has been observed experimentally that four times the
concentration of antibiotic is required to successfully sterilise the biofilm when
compared to single, motile bacteria of the same strain [56]. As this project is
concerned with bacterial adhesion and therefore eventually biofilm growth, it
would be interesting to include antibiotics perhaps at a later date. For this
reason a brief discussion of antibiotics and specifically their relation to biofilm
structure is included in this thesis. In general, antibiotics act as a stressor on
bacteria and this alters the cell’s activity. The key to the increased resistance is
thought to lie with the ECM which is only present with biofilm-forming sessile
bacteria. Farber et al showed that when ECM from S.epidermidis was added
to broth, the minimum inhibitory concentration (MIC) of applied antibiotics
increased by a factor of five [57]. Similarly, Dunne et al observed that the ECM
can act as a barrier that prevents antibiotics reaching their cellular target sites,
and thus prevents sterilisation of sites via an applied drug [58]. Finally, Hoyle et
al used biofilms established on dialysis membranes to show that some antibiotics
can be retarded by the ECM and with the addition of ions, such as Ca2+ , can
be rendered completely inert due to an ECM being formed that has become
structurally altered and no longer allows for diffusion across the biofilm-bearing
membrane [59]. The age of the biofilm also plays a strong role in the effectiveness
of antibiotics with Awar et al showing that tobramycin reduced the viable cell
count of 4 day old biofilms however had a much smaller effect on 13 day old
films [60]. They hypothesise that the older biofilm would have a much reduced
metabolic activity than compared to the younger community and therefore would
interact with the antibiotic less, this is true for some antibiotics but not all.
Therefore it can be seen that the antibiotic susceptibility of a biofilm is dependant
on many factors including age and ECM production.
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2.4

Bacterial Colonies, Sectors and HGT

It is a well established and observed phenomena that growing a mixture of two
strains of bacteria, one being labelled with a fluorescent protein leads to bacterial
sectors forming within the colony [61]. An example of fluorescent colony sectors is
shown in Figure 2.5. This formation of sectors can be used as a powerful research
tool to study bacterial mutation, genetic drift, selective advantages and growth
mechanics [62–64]. The sectors can arise for a variety of reasons including one of
the strains having an advantage on the surface, allowing them to grow over and
colonise an area faster. This then results in the advantagous strain outcompeting
the other and therefore dominating the sectors formed. The other strain will
still form sectors however they will be smaller and often will be unsuccessful at
proliferating right to the edge of the growing colony. This is because the faster
growing strain will engulf the other strain’s sector by approaching from both sides
and eventually meeting to create one large sector and thus stopping the other

Figure 2.5

An E.coli colony with clear sectors present. The dark regions are the
unlabelled cells whilst the fluorescent regions are labelled with GFP.
One can also see the speckled region at the centre which is the well
mixed initial inoculum droplet.
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sector from growing. Another reason for the sectors forming is due to the genetic
drift that occurs at the advancing edge of the colony[62, 64]. This genetic drift can
lead to fixation or deletion of genes that are useful or not to growth, thus resulting
in the bacteria becoming more suited for growing in whatever environment they
find themselves in. Normally in well mixed populations, random genetic drift
is minimised by the large number of cells present however in colony growth on
a surface the effect is not cancelled out and often is enhanced. This is because
in colony growth on a surface, only a small proportion of the colony is in the
growing layer, located in the nutrient rich region at the edge of the colony. As only
the small proportion in the growing layer are able to reproduce this means that
quickly the population fixes and segregates into these observed sectors throughout
the area of the colony as it expands radially. Initially when an inoculation droplet
is placed onto an agar surface and observed using a UV lamp a speckle pattern
is seen allowing for the fluorescent and unlabelled bacteria to be distinguished.
The population at this point is well mixed and the water contained in the droplet
evaporates. It is only after a period of radial growth that the sectors begin
to form and fix the population. Bacterial sectors are useful for observing and
identifying when mutations have occurred. The interface between two bacterial
sectors created by different strains is a hotspot for mutation via the exchange of
genetic material between the cells. This transfer of genetic material is represented
by the umbrella term:“Horizontal Gene Transfer”
Horizontal Gene Transfer, HGT, is the main method in which bacteria gain
new genetic material that allows the cells to adapt to new hostile environments
or stressors such as antibiotics. In a single transfer bacteria can gain large
sequences of DNA which may increase their chances of mutations. This method
of exchanging genetic material is most commonly facilitated in bacteria via
conjugation. Conjugation is the process in which material is exchanged between
a donor and a recipient cell via a sex pilus. The sex pilus bonds to the recipient
bacteria and creates a channel in which genetic material can travel along. HGT
and conjugation is highly dependant on several factors including: the contact time
between the cells, the shear forces present in the environment and the stiffness
of the sex pilus [65]. If the two cells that are exchanging genetic material move
apart too soon after establishing a channel then the successful transfer of genetic
material will be impeded and unsuccessful. This connection time for successful
transfer is thought to be on the order of approximately 6 minutes (0.1 hour)
[65]. Also if the shear forces present in the environment are too large then
this also will affect the rate of HGT as this will cause the cells to be displaced
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apart from another as they are unlikely to be able to offer enough resistance to
oppose the shear force. It has been shown that if one uses the Stokes formula to
calculate what shear rate would be present in a microfluidic device with E.coli
cells present within, assuming a Stokes’ drag force of 10 nN, one calculates a
shear rate value of γ̇ = 1.3 × 105 s−1 [65]. This shear rate is very large and
would only be expected close to the surface boundary. This means that biofilms
subjected to flow, which are comprised mostly of sessile bacteria, would be most
likely to be exposed to these high shear rates and therefore would be expected
to exhibit a much decreased rate of HGT when compared to bacteria/biofilms
in environments with no flow present. Finally it was noted that the rate of
conjugation may be a function of the stiffness of the sex pilus[65, 66]. This can
be thought of as an expansion of the first factor by which conjugation is only
successful if the bacterium are connected for a minimum time. If the sex pilus
acts as a spring then the stiffer it is, the more likely it is at holding the cells
together and therefore mitigating genetic transfer. A weaker spring is going to be
more easily detached especially if the bacteria are subjected to a stress within the
environment. Conjugation, although the most common, is not the only method by
which bacterial cells can gain new genetic material. There are two other methods
by which this can occur. These are: transformation - in which DNA that is
released by one cell for example during lysis is then taken up by another nearby
cell and also transduction - which occurs when a virus, such as a bacteriophage,
injects new DNA directly into the bacterial cell. We have now presented three
methods by which bacteria can obtain new genetic material and therefore gain
valuable advantages to adapt to a changing environment.
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Chapter 3
Bacterial Adhesion in Microfluidic
Devices
In this chapter, the effect of flow in a microfluidic channel on bacterial adhesion
is studied and results are presented. We first outline the protocol to build PDMS
microfluidic devices and then move on to characterising the devices and their flow
velocity profiles. We present the main results of this work which was to quantify
the maximum drag force that E.coli strains with differing surface appendages
can withstand before detaching from PDMS substrates with different elastic
properties. Microfluidic devices have also been constructed from agar and this
chapter details the work carried out to use these devices to further measure the
adhesive properties of an appendage-less strain of E.coli. The work carried out
with the agar microfluidic device was published in [1].

3.1

Device Preparation Protocol and Spin-coating
Investigation

3.1.1

Device Materials and Preparation Protocol

The following protocol was followed to create microfludic devices from the
material polydimethylsiloxane, or PDMS, which is a two component material
consisting of an elastomer and crosslinker and when these componets are mixed
and heated the PDMS solidifies.
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1. A negative mask is created on a cleaned microscope slide by applying 3
layers of sticky tape (thickness per layer = 50 µm) and using a scalpel to
create the channel design[67]. A negative mask is shown in Figure 3.1.

Figure 3.1

A negative mask created by slicing tape on a microscope slide
as detailed in step 1. Normally clear tape is used however for
illustrative purposes, opaque tape has been used in this case.

2. The PDMS mixture (source: Farnell) is prepared in a plastic beaker with
the elastomer and crosslinker being mixed together in the desired ratio i.e
5:1, 10:1, 20:1 (elastomer:crosslinker).
3. The elastomer-crosslinker mixture is then transferred to a vaccuum chamber
where it is de-gassed to remove any air bubbles and to guarantee a smooth
mixture. This process takes approximately 15 minutes.
4. The now degassed mixture is poured over the negative mask which has been
placed in a glass Petri dish lined with aluminium foil for ease of removal.
5. The glass Petri dish is then transferred to a Binder oven set at 90◦ C for 1.5
hours to cure the mixture until it transitions from a liquid to solid.
6. The device is then cut out of the glass dish using a new scalpel and when
removed from the negative mask the microfluidic channels should be visible.
7. Using a biopsy puncher, inlet and outlet holes are punched through the top
of the device into the channel. Glass capillaries (diameter = 1 mm) are
inserted and the edges of the punched holes are sealed using epoxy resin.
8. The underside of the PDMS device and a PDMS-coated coverslip are treated
in an oxygen plasma to facilitate the formation of a good bond when they
are pressed together.
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Figure 3.2

Schematic showing completed PDMS microfluidic device design.

When making devices using PDMS it is necessary to plasma etch both the PDMS
part and glass coverslip that is used to seal the device. This seals the channel on
the coverslip and prevents the device becoming detached when a flow is passed
through it due to the pressure created. The plasma etching is carried out using
oxygen plasma. This replaces the methyl groups on the silicon of PDMS with
hydroxyl groups which are much more reactive. The glass coverslip also gains
reactive sites in the form of hydroxyl groups. When pressed together the PDMS
and glass bond. PDMS is ideally suited to fabricate microfluidic devices for
numerous reasons which include:
1. It is a transparent material which allows for flows to be visualised. This
is an advantage for experimental work especially on complicated devices
where the flow may need to be tracked.
2. PDMS is initially a liquid and if exposed to heat, after adding crosslinker,
it polymerizes. This means that it is very easy to pour the liquid PDMS
onto a mask to generate a device with almost any ridge or trench based
design.
3. Lastly, PDMS is both relatively biocompatible and permeable to oxygen.

3.1.2

Investigating the Effect of PDMS Viscosity on the
Spin-Coating Process

In these microfluidic devices the bacteria grow on a glass coverslip that has been
spin-coated with PDMS, the thickness of the spincoated PDMS layer has been
characterised across the centre of the coverslip. 4g of the PDMS elastomer was
mixed with varying weights of the crosslinker to create mixtures of PDMS whose
elastic properties are different. By increasing the volume of crosslinker added,
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the Youngs modulus of the spin-coated film will increase. 5:1 PDMS has a large
Young’s Modulus of 2.6 ± 0.2 MPa whilst changing to 40:1 results in the modulus
decreasing to 0.1 ± 0.02 MPa providing a softer substrate for bacterial growth
[68]. Four PDMS ratios were investigated, these were 40:1, 20:1, 10:1 and 5:1.
Each mixture was used on 4 coverslips so that an average layer thickness could
be calculated. A vertical red line was drawn in the centre of each coverslip and
then 0.2 mL of the PDMS mixture was pipetted onto the centre of the slide.
This was then spin-coated keeping the spin time and speed constant at 15 s
and 26,000 rpm, respectively. Once dry, a horizontal blue line was drawn on
top of the PDMS allowing for the overlap of the two lines to be imaged. The
difference in microscope stage height corresponding to the red and blue lines
being in focus allowed the film thickness to be measured. It was found that as
the volume of crosslinker used in the PDMS increased, the thickness of the spincoated layer decreased as shown in Figure 3.3. The average maximum thickness
was recorded as 59.42 ± 9.75 µm and the minimum was 31.30 ± 15.96 µm.
During experimental setup it was noted that the PDMS mixture that contained
the smallest weight of crosslinker appeared much more viscous than the sample
with the most crosslinker added. From spincoating literature it was determined
that the viscosity of the mixture is a key parameter, as more viscous samples
have a greater resistance to flow, and so spread out to a lesser extent at a given
spin speed and duration[69]. The dependence of layer thickness on fraction of
cross-linker needs to be considered, as whilst the cross-linker fraction is being
varied to vary the elastic properties of the substrate, we do not want the layer to
become so thick that it affects the optical imaging.

3.2

Flow Devices

As microfluidics was to be used to investigate the adhesion of E.coli cells on
PDMS substrates with different elastic properties, this section will describe the
design of the flow device used. The device was designed as shown in Figure 3.4
and the appropriate negative mask was created using tape on a microscope slide.
The device was designed to create regions of high (central channel), low (inlet and
outlet regions) and intermediate impedance to flow (observing region). Varying
the flow velocity between the regions of the device allowed us to ensure that cell
adhesion was restricted to the observation region, in which flow velocity is low.
The central channel has a width of 2 mm, a length of 1.5 cm and the height of
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the whole device is 150 µm.
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Figure 3.3

Plot of average thickness of spin-coated PDMS layer on coverslip as
a function of crosslinker weight.

Figure 3.4

Top view of the channel in the flow device used to study bacterial
adhesion under applied flow.
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3.2.1

Characterisation the Flow Velocity Through the Device

With the flow device designed the various regions present were now to be
characterised in terms of their flow velocity for an injected flow rate, Q. For this
characterisation a very small flow rate of 4 µL/min was selected using a syringe
pump and used along with the area of each of the channel regions (height × width)
to calculate a mean-flow velocity, v̄, using Equation 1.5. This work is simply to
confirm that the central channel will have a different, and greater, velocity value
when compared to the other regions. Figure 3.5 shows that the velocity in the
central channel, equal to 222 µm/s, is much greater than the velocity in the
observing region which means that bacteria are more likely to, and did, adhere in
the observing region. It should be noted that the observing region extends over
an axial distance along the device of 5 mm, so the decrease in velocity is fairly
rapid. After this region, the device has a constant width which will then result
in the velocity being at a constant value of 28.33 µm/s. Finally before using the
device for any experimental work, colloids were used to experimentally measure
the flow velocity in both the central channel and the observing region. This
was achieved using particle tracking velocimetry, in which flowing colloids were
imaged every second and the distance travelled could be directly measured using
a scale bar detemined by the known size of the colloids. Spherical polystyrene
colloids, of radius 1.3 µm, were chosen due to their density match with water. 10
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Plot showing the changing mean-flow velocity as a fluid moves
through the microfluidic device.
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µL of a suspension of colloidal particles at 1x1011 particles/mL were diluted in 6
mL of LB and flowed through the device. This allowed for individual colloids to
be easily tracked by eye using ImageJ software since the colloid particle density
in the field of view was sufficiently low enough. A 20× objective determined that
in the central channel the colloids moved with an average x-direction velocity
of 130 ± 0.05 µm/s and in the observing region they moved with an average xdirection velocity of 70.07 ± 0.05 µm/s. These values do not exactly match those
quoted from the flow device characterisation work detailed above as they do not
contain the contributions to velocity from the y and z directions. The values are
of the same order of magnitude though as quoted by the previous characterisation
work and therefore we believe that the colloids give a good approximation to the
flow velocity in these regions. A 100× oil immersion objective allowed a z-stack
to be created in which the focal plane was scanned through the central channel in
26 µm steps. This allowed a velocity profile as a function of height in the channel
to be constructed, as shown in Figure 3.6, where the maximum velocity can be
seen at h2 (75 µm). At a height of 5 µm above the bottom of the channel, the
velocity is measured to be 8.00 ± 0.05 µm/s. The flow velocity at this height is
relevant since this is the approximate height at which the cells will interact with
the flow in the channel since the width of a cell is 1 µm and the appendages will
extend further into the flow, with the flagella extending the furthest.

3.2.2

Cell Adhesion and Growth Under an Applied Flow

The adhesion under flow of 3 different strains was now measured. The strains
were: MG1655 which is a laboratory strain, with minimal genetic manipulation
and serves as a good approximation to wild type K-12 E.coli, AD26 which is a
strain that lacks flagella and AD104 which is a strain that lacks both flagella and
fimbriae appendages on the cell body (referred to as a shaved strain). For each
device that was prepared in an identical way the following protocol was followed
to carry out the experiment.
1. For the strain being used, an overnight culture was grown in LB the night
before the experiment.
2. 100 µL of the overnight culture was mixed with 10 mL of fresh LB the
following morning and placed to the side ready to inoculate the device
with.
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Plot showing the measured velocity of colloidal particles as a function
of their height in the channel.

3. The assembled microfluidic device, fabricated using the particular ratio of
elastomer to crosslinker being studied in that experiment, was inoculated
with the bacterial suspension using a 1 mL syringe and mounted on the
optical microscope which was at 37◦ C.
4. Elastic tubing was used to connect the device to a 50 mL syringe, filled
with fresh LB, mounted in a syringe pump (Model no: AL-300-220).
5. A 40x dry objective was used to observe cells in the observing region of the
device that were attached to the elastomer-coated slide at the base of the
device. The region was searched until an area was found with at least 5
cells adhered to the surface.
6. The Micromanager microscope control software was used to capture a
timelapse of images of the attached cells every 10 s for 2 minutes.
7. The syringe pump was used to flow LB through the device at 5 µL/s. Once
fluid motion was observed in the field of view with the adhered cells the
timelapse was started. An inital flow rate of 5 µL/s was sufficiently high
to remove unattached cells from the field of view, and to provide a suitable
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starting point and step-size for the ramp in flow rate, such that the initially
attached cells detach as the flow rate is increased.
8. After the 2 minute timelapse at that flow rate was completed, the flow rate
was increased by 5 µL/s and another 2 minute timeplapse measured. This
process was repeated until all or a significant fraction (minimum 30%) of the
adhered cells had detached from the underlying elastomer-coated surface.
The images were used to monitor the number of attached cells as a function of
time (and hence applied flow rate) and thus identify the time point and critical
flow rate at which detachment of the cells occured. Using ImageJ the 12 images
captured during each 2 minute timelapse were placed into a stack in chronological
order. Then an average image was produced from the stack. The average image is
useful as it removes any free bacteria that are only observed in one of the frames.
Only those cells that adhere to the elastomer coating at the base of the device
remain visible in the averaged image, since they are in the same position in each
frame, and they can then be counted using the cell counter plugin in ImageJ. An
example of transforming a timelapse into an averaged image is shown in Appendix
Figures A.2 and A.3. Figure 3.7 shows an example of the type of averaged image
produced using this protocol. Dividing cells could be identified by the presence of
a newly-formed septum. In Figure 3.7, such dividing cells are marked by two red
dots (one for the mother and one for the daughter cell). The number of cells N
present for the duration of each 2 minute step at a specific flow rate, normalized
by the number of cells N0 present at the start of the experiment is shown in
Figure 3.8. N0 ranges from a minimum of 5 initially adhered cells to a maximum
of 74 cells. The flow rate being ramped up every two minutes is also shown on
these plots in the form of an increasing step trendline (shown in red). Figure 3.8
contains these plots for each PDMS elastomer to cross-linker ratio used: 5:1, 10:1
and 20:1. Each graph contains three sets of data which correspond to the three
different strains used in these experiments. For each plot, cells were counted from
a single averaged field of view for each strain, at each flow rate value, meaning
Figure 3.8 represents a total of 18 different experiments. If we take the data
presented from the plots in Figure 3.8, we can perform the following calculations.
The critical flow rate at which each strain detached from the surface was noted
and then an average critical flow rate value was determined for each strain on
each type of PDMS ratio. These average flow values are presented in Table 3.1
and were used to calculate a shear stress value, using Equation 1.6, which was
generated by the fluid flowing through the microfluidic device. For Equation 1.6,
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Figure 3.7

Pre (top) and post (bottom) detachment event average images. The
number of adhered cells, marked by a red dot, has decreased between
averaged images.

the width and height used for the calculation was the dimensions of the flow
device (w=2000 µm and h=150 µm). The calculated shear stress was found to
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Experiment run 1

Figure 3.8

Experiment run 2

Number of cells attached to surface of flow device as a function
of time (and flow rate, Q). The three strains (MG1655, AD26
and AD104) are denoted by blue, yellow and green trendlines
resepectivley. To avoid crowding the plots, the colour legend is only
provided in the top right plot. The red trace shows the flow-rate ramp
used in each measurement. Vertical lines denote mass detachment
event of cells at a given time point and Q value.
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vary between a minimum of 9 Pa and a maximum of 60 Pa. The drag force
was calculated by multiplying the shear stress value, for each critical flow rate,
with the bacterial cell cross sectional area. For these calculations we assumed
that the cell is fully parallel to the PDMS surface and perpendicular to the
direction of flow. The cross sectional area is then the projection of the area that
will intersect the flow streamlines and for an E.coli cell the perpendicular cross
sectional area was calculated to be: A=2.79 µm2 . Figure 3.9 shows a schematic
which illustrates a cell in the perpendicular orientation inside the flow device
channel. The calculated drag force values are shown in Table 3.2 and have been
rounded to 2 significant figures.

w

Q
h
Acell

Figure 3.9

Illustration (not to scale) of cell in flow device channel used to
calculate shear stress and drag force. Fluid is flowing out of the
page and the cell will maximise intersection of flow streamlines by
being in perpendicular orientation.

PDMS Ratio
5:1
10:1
20:1

Bacterial Strain
MG1655
AD26
AD104
42.5±3.0
25.0±2.0
12.5±2.0
70.0±0
35.0±2.0
27.5±2.0
85.0±4.0
40.0±2.0
30.0±0

Table 3.1 Average critical flow rate values with standard error for which large
scale cellular detachment was observed from averaged images. Values
are in µL/s.

Once the critical flow values had been used to calculate the drag force values
shown in Table 3.2 and the values rounded, it can be observed that the force
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PDMS Ratio
5:1
10:1
20:1

Bacterial Strain
MG1655
AD26
AD104
85
50
25
140
70
55
170
80
60

Table 3.2 Drag force values corresponding to detachment of cells. Values are in
pN.

values are of the order of magnitude of 10’s of pN. We have rounded the values
due to the fact that the calculation that we perform will not be numerically
accurate. Stokes’ law only gives an approximation of the drag force and we have
also assumed a perpendicular orientation for the cell and used the corresponding
cross sectional area for this particular orientation. Since these factors are present
then we are only able to comment on the order of magnitude for the drag force
as to quote any more accuracy would be a misrepresentation of the results and
calculation. From the 10:1 row in Table 3.2 if one compares MG1655 and AD26
it can be commented that since these strains only differ by the presence of the
flagella it suggests that the flagella doubles the maximum drag force that cells can
withstand before detaching from the surface. This of course is a coarse treatment
of the flagella and it is not taking into consideration that each bacterium may
have a different number of flagella present or the interaction between flagella of
adjacent cells on the surface. Factors such as these can explain why the plots
shown in Figure 3.8 for PDMS of equal elastomer ratios do not match exactly.
One can also observe that as the PDMS becomes softer, the maximum drag force
that a cell can withstand before detaching also increases. This could be a result
of the cell body deforming the softer 20:1 PDMS and explained using JohnsonKendall-Roberts (JKR) contact mechanics [70]. As the cell deforms the 20:1
PDMS substrate, it will increase the contact area that the cell body makes with
the surface. This increase in contact area will then result in a larger proportion of
the cell being able to interact with the surface and this ultimatley means that a
larger drag force will be required to remove the cell from the PDMS. Conversely,
on the 5:1 PDMS the cell is unable to deform the rigid surface which means that
the contact area formed by the cell-surface interaction will be much smaller, and
can be represented as Hertzian contact where no appreciable deformation takes
place. This reduction in contact area then results in a smaller drag force being
required to remove the cells. It is also suggested that in the softer PDMS there
will be larger pores present, due to less crosslinker being added. These pores can
then interact with the cell appendages and membrane proteins present on the
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cell body via entangling. This increases the interaction between the cells and the
substrate and the entangled appendages in the pores act as anchors, increasing
the drag force required to remove the cells from the surface. Another reason
for the increase in maximum drag force would be that there are more binding
sites available in the softer PDMS since less crosslinker has been added. This
then could lead to an increase in interaction between the cell body (and present
surface proteins) and these binding sites which in turn leads to the cells forming
a more stable attachment to the surface.

3.2.3

Investigating the Effect of Cell Orientation on
Adhesion

Another question that was investigated from the averaged images taken during the
timelapse of the flow experiments outlined was: how does the cell’s orientation
with respect to the flow direction affect prolonged attachment? In these flow
experiments any reorientation of attached cells is driven by the exposed area to
the flow which creates a drag force. Cell orientation is a parameter considered for
the work detailed later in this thesis regarding colony growth on an agar substrate
and it is known from literature that orientation of cells at the colony periphery
plays a role in determining the transition into 3D space of a colony [71]. Therefore
studying cell orientation under a flow for cells attached to substrates of differing
elastic properties will be an illuminating study to do. Through this work we shall
see that as the substrate becomes softer, orientation appears to become a less
important factor in determining if the cells will remain adhered. Conversely, if
one reduces the number of appendages on the cell body, for cells adhered to a
specific PDMS ratio then the cell’s angle to the flow becomes more important in
determining prolonged attachment. We can therefore establish the importance of
substrate stiffness and lay the foundations for some of the analysis work detailed
in the following chapters, where the stiffness of the agar is changed. To investigate
the influence of cell orientation, the angle between the axis of the cell and the
flow direction was measured and used to produce several histograms showing the
distribution of cell angles before and after the detachment events. Finally, the
data produced through plotting these histograms was used to calculate a rate of
detachment term with respect to the angle, which we have given φ the symbol
for.
From the averaged images it was possible to identify the direction of the flow
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through the device and then using this to measure the angle between the cell
axis and the flow direction. This measurement was taken using the angle tool in
ImageJ. We define an angle θ between the direction of the flow and the cell body,
as shown in Figure 3.10. An angle of θ = 180◦ corresponds to the bacterial cell
body being aligned parallel to the direction of flow, whilst θ = 90◦ corresponds
to an orthogonal alignment. θ = 0◦ was not counted for parallel alignment as
θ = 180◦ already captures this orientation. Once an angle had been measured
for each cell, the comparison of cells pre and post detachment event could take
place. A reminder that the detachment event is the critical flow rate value at
which a proportion of the adhered cells present, at least 30%, in the field of view
are detached by the applied shear stress. Cell angles, for each strain on each
PDMS ratio, were noted before and after the detachment event had occurred
in the timelapses recorded. This then allowed for 9 histograms to be plotted,
which are shown in Figure 3.11, that represent the distributions of cell angles
both pre and post detachment events. Interestingly, one can observe from these
histograms that as the number of appendages that the cell possess decreases, the
percentage of remaining cells for a specific PDMS ratio also decreases, with the
distribution narrowing and the majority of remaining cells being in a parallel,
θ = 180, alignment. As the PDMS becomes softer through less crosslinker being
added, the percentage of remaining cells increases however the distributions still
retain the peak at θ = 180. This suggests that the angle the cell makes to the
direction of flow, and resisting detachment by the drag force, is important when

Figure 3.10

Figure of a cell with some angle, θ, with respect to the direction of
the applied flow, Q. The red line denotes the cell axis.
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Figure 3.11

Histograms showing the anglular distributions for number of
attached cells, for each strain, pre and post detachment events on
different PDMS ratios.

related to the appendages the cell possess however it is a less important factor as
the PDMS becomes softer as shown by the distributions widening as the amount
of crosslinker added is reduced. The most important message from this work is
that cells that are parallel to the flow are most likely to remain attached to the
surface even at the critical flow value for that device. This is confirmed by the
prominent 180◦ peak remaining in the plotted histograms. This can be explained
by converting the angle into the cross-sectional area that is exposed to the applied
flow. When a cell is attached to the surface of a microfluidic channel, the cell
experiences a drag force (already discussed) and this can be used to calculate
force values. If the cell is orthogonal to the direction of flow then the area that
experiences a drag force is a spherocylinder cross-section, whilst if the cell is
completely parallel then the cross-section is reduced to that of a circle with a
radius that is half the cell width. We show in Figure 3.12 the transition between
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Figure 3.12

Figure showing rotation of cell through a total of 180◦ . The right
side shows that as this rotation from parallel to orthogonal occurs
the cross-sectional area increases as expected.

these two areas as a cell rotates from parallel, to orthogonal and back to parallel
again. With these histograms plotted it was possible to define an expression for
the rate of detachment by first assuming that cells detach from the surface, in the
presence of an applied flow, in a Poissonian manner. This allowed for Equation
3.1 to be written:
Nf (θ) = Ni (θ)e−φt .
(3.1)
Where Nf (θ) is the number of final cells after the detachment event, as a function
of their angle to the flow, Ni (θ) is the inital number of cells before the detachment
event. The exponential term reduces the number of adhered cells and in our flow
experiments this decay is due to cells being detached from the surface via a drag
force. Both the inital and final number of cells can be read easily from the
frequency values of each bin in the histograms plotted in Figure 3.11. φ is some
rate of detachment we are interested in and t is the time period in which the
detachment may occur, in our case this was 2 minutes. One can then rearrange
this expression and take the absolute value of it to get an expression for φ. The
rearranged expression is shown next:
N (θ)

|φ| =

ln( Nfi (θ) )
t

.

(3.2)

First the detachment rate was calculated for all of the histogram data shown in
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Figure 3.13

Plot showing φ (rate of detachment) as a function of cell angle
with respect to direction of an applied flow for all PDMS types and
bacterial strains.

Figure 3.11 binned into one plot. This one plot does not differentiate between
strain type or PDMS ratio. When φ is calculated for the range 90◦ < θ < 180◦
one can observe a steady decrease in the detachment rate as cells adhere to
the substrate at a variety of angles, ranging from a perpendicular to parallel
orientation. This plot is shown in Figure 3.13 and the histogram of all the
binned data is shown overlaid on the plot also. This plot shows that as the
cell decreases its exposed cross sectional area to the flow streamlines, the rate of
detachment decreases, as laid out in the arguments of this section. Next we used
the separated histograms shown in Figure 3.11 to investigate the detachment rate.
The maximum value of φ was calculated as 1.09 min−1 and this value corresponded
to the 60◦ -75◦ angle bin i.e almost the completely perpendicular orientation for
MG1655 on 5:1 PDMS. The minimum value of φ was calculated to be 0.08
min−1 , this value corresponds to the 165◦ -180◦ bin which is the parallel alignment
and this minimum detachment rate was calculated on 20:1 PDMS for MG1655.
Due to the distributions plotted in Figure 3.10 not being continuous, it was not
possible to define a detachment rate for all values of θ for each strain/PDMS type
and therefore we restrict our discussion to the maximum and minimum values
calculated for φ. Therefore from calculating these rates of detachment we can say
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that the orientation of the cell does play a role in determining if the cell will be
removed from the substrate by an applied flow, and this dependence on angle is
most important when cells have reduced number of appendages to aid in adhesion
to the surface. AD104 cells have no appendages and it has been shown that the
cells must be in a parallel alignment, with a minimum exposed cross sectional
area to the flow in order to maintain attachment to the surface. We also were
able to comment on the fact that as the substrate becomes softer, the dependence
on angle decreases, shown by the widening of the histogram distributions, and
this is most likely to be due to the increased contact area interactions as set out
in the end of the last section.

3.3

Agar Microfluidic Device

The work outlined in the previous section investigated how E.coli cells with
differing types of cellular appendages adhered to PDMS with different elastic
properties. One strain used was AD104 and it has previously been observed,
from a Masters student project, that AD104 possesses a selective advantage when
growing on agar plates as its colonies grow more rapidly than those of the WT
strain. This increase in colonisation area was hypothesised to be a result of the
cell being able to surf across the agar surface more easily due to the cell’s lack of
appendages. Cell surfing is defined as a cell being able to maintain its position at
the front of the colony growing layer and therefore gaining a selective advantage
in relation to access to nutrients and surface expansion [63]. Here I describe an
investigation of the adhesion of AD104 to agar under flow. In this section, I
investigate whether there is a dependence of the adhesion to agar on the type of
appendages expressed by the bacterium that can be measured using a microfluidic
flow cell. The results have been published in [1]. To address this question, it was
first necessary to fabricate a microfluidic device in which bacteria grow on an agar
substrate. Spin coating agar directly onto a glass slide in the manner adopted for
PDMS in Section 3.1 was not a feasible approach as the solidification of agar on
cooling results in uneven layers, and plasma etching does not create a strong bond
between agar and agar, or agar and PDMS, meaning that a different approach
was required to create a sealed chamber.
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3.3.1

Prepartion for Agarose Microfluidic Device

1. Figure 3.14 shows a schematic of the principle components of the agar-based
microfluidic device.
2. PDMS frames around glass coverslips (5 cm x 2.3 cm) were created by
pouring a 10:1 elastomer/cross-linker mixture into an aluminium foil-lined
Petri dish containing two coverslips. This was then baked at 90◦ C for 1.5
hours, until solid. A scalpel was then used to cut out a patch of the PDMS
encasing the coverslip, and an area of 4.7x2 cm was excised from above the
coverslip with any PDMS also being removed from the base of the coverslip,
before cleaning using an air duster. This resulted in the frame depicted in
the lower panel of Figure 3.14.
3. An agar microfluidic device was created using the same approach as used
in Section 3.1.1 for the PDMS device. Tape was again used to create the
mask, and in this case molten agar was poured onto the mask. A biopsy
punch was again used to create the inlet and outlet holes.
4. The device was sealed using a PDMS lid, created using the 10:1 mixture
and baking at 90◦ C.
5. The device was assembled as depicted in the assembly schematic shown in
Figure 3.14.

3.3.2

Agar Device:Growth/Inoculation Protocol and Initial
Observations

E. coli strains RJA002 (WT labelled with YFP) and AD104 (shaved strain
labelled with GFP) were grown in separate 5 mL bottles of LB for 8 hours
in a 37◦ C orbital shaker. After 8 hours had passed, 10 µL of each strain was
pipetted into a 25 mL conical flask which contained 10 mL of fresh LB to create
a 1:1000 dilution culture. The diluted culture was allowed to grow in the orbital
shaker for a further hour to allow for the bacteria to grow and resume exponential
growth. Whilst the diluted culture was in the orbital shaker, the agar device was
placed on the microscope in an incubator at 37◦ C and the inlet of the device
was connected to a syringe pump. After an hour had passed, the culture was
removed from the orbital shaker and bacteria were injected into the device using
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A.

C.
PDMS lid with capillaries.

B.

Exposed glass
coverslip.

Agar microfluidic device
with capillary holes
leading to channel.

PDMS frame with
coverslip marked in blue.

Remaining
PDMS
frame.

Figure 3.14

Preparation of an agar microfluidic device. A. Coverslip (blue
region) in a PDMS filled Petri dish. The orange region is first
excised with a scalpel to remove the coverslip and then the red region
is removed to expose the coverslip and provide a space for the agar
device to be placed. B. The PDMS-coverslip frame as fabricated
in the lab. C. Stack showing the individual preapartion steps of
the full agar microfluidic device. Blue corresponds to the exposed
coverslip in a PDMS frame (protocol step 2). Green is the agar
device itself created using a negative mask (protocol step 3). Red is
the PDMS lid, which is attached to the PDMS frame to seal in the
agar device (protocol step 4).

a 1 mL syringe. Cells were then imaged on the agar ceiling of the device in both
brightfield and GFP channels using a Nikon 20x objective (NA=0.5) allowing
the shaved bacterial strain to be distinguished from the GFP-labelled WT strain.
Once the adhering cells had been identified, the syringe pump was used to flow
LB through the device at 5 µL/s to remove unattached bacteria, whilst recording
a timelapse of images every second for 10 minutes, at which point the flow was
stopped. This flow rate was chosen due to the agar device being unable to function
correctly at very high flow rates, like those used in the previous section. Testing
the device when first manufactured, it was noted that at very high flow rates the
agar device would detach from the coverslip and this would render the device
useless. In order to maintain the device’s functionality a flow rate of 5 µL/s was
chosen as it was observed that this rate did not cause the agar to disconnect from
the coverslip. Clusters of AD104 were observed to flow through the imaged area,
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as these were not attached to the agar they were termed floating clusters. For such
clusters, it appears that the cohesion between the shaved bacteria is stronger than
the interactions between the cluster and the agar. A possible explanation for this
behaviour is that the lack of appendages, allows for a closer approach between the
membranes of neighbouring bacteria. This then allows for interactions between
the AG43 protein that is located at the septa, and has previously been proposed
to play a role in aggregation of E.coli [72]. By forming aggregates, the AD104
cells increase the drag force they experience due to an increase in the area exposed
to the flow and this contributes to the cells being removed. Also, given that the
cells do not posess flagella, the ability for the clusters to interact and anchor to
the surface in order to resist detachment by the drag force is further impaired
leading to removal from the surface. In comparison, there were more RJA002
cells that had remained adhered to the agar ceiling throughout the time lapses
when compared to the remaining AD104 cells. Once the time lapse had ended,
a new agar device was mounted onto the stage and another area was imaged
using time lapses. The same trend was noted which showed RJA002 colonies
remaining adhered whilst AD104 colonies were detached and passed down the
device, through the field of view.

3.3.3

Agar Device: Data Collection and Image Analysis

In total, 10 different areas were sampled and all areas were imaged in both
brightfield and GFP channels. Figure 3.15 shows the typical brightfield and
GFP channel images that were used alongside the cell counter plugin to count
the number of RJA002 and AD104 cells. This was achieved by first counting
the total number of cells in the brightfield image and then subtracting from this
value the number of AD104 cells present in the GFP image to calculate the total
number of RJA002 cells. From these full field of view images, 4 quadrants were
defined by dividing the total field of view into four equal areas and the number of
RJA002 and AD104 cells were counted in each quadrant. By dividing the field of
view in this manner, the quadrants are still sufficiently large enough to observe a
change in cell number and we are able to resample the data in order to maximise
the number of measurements we can extract from the images. The quadrants are
also shown in Figure 3.15 and the total number of quadrants analysed was n=40
(10 separate experiments, each producing a field of view like in Figure 3.15 that
can then be split into quadrants). Using the data gathered from counting the cells
in each quadrant, histograms were plotted that showed the number of cells per
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Figure 3.15

Images taken before and after application of flow of RJA002 (nonfluorescing) and AD104 cells (fluorescing). Left column shows
brightfield images pre and post flow, right column is GFP channel
only. Cells are counted using cell counter plugin and marked with
blue counters.

quadrants before and after application of flow. With these plots the susceptibilty
of AD104 to being dislodged by an applied flow can be observed. Figure 3.16
shows two histograms for number of adhered cells before and after the applied
flow. The orange data which corresponds to AD104 initially can be observed
to have a wide distribution, with a varied number of cells being present in the
identified quadrants. However after the 10 minute flow period the distribution
has narrowed significantly and shifted to the left showing that a change in number
of adhered cells to the agar ceiling has occurred and the shift direction shows that
this is a decrease in number of cells. Conversely, RJA002 is represented by the
purple data and its distrbutions remains wide and does not show a decrease in cell
number per quadrant. The large decrease in recorded cell quadrant number for
AD104 reflect this strain’s reduced ability to remain adhered to the agar surface
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Histograms showing the frequency of cells per quadrant before and
after applied flow. The dark brown data is where there is an overlap
between the purple and orange data.

in the presence of an applied flow, whilst RJA002 is able to and this is attributed
to the appendages present on this strain’s cell body. The experimental data was
also displayed in an alternative way in which the number of adhered cells across
a 10 minute time lapse was tracked in multiple areas. Adhered cells were then
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Graph showing decrease in AD104 (yellow) and increase in RJA002
(blue) cells on ceiling of agar microfluidic device with a flow rate of
5 µL/s. Each line corresponds to a different area where the number
of adhered cells were tracked as a function of time.

counted every 30 seconds to observe if their number remained constant, increased
or decreased, whilst a flow passed through the device. It was observed that the
number of AD104 cells decreased across the 10 minutes whilst the RJA002 strain’s
number of cells remained either relatively constant or increased as a result of
attachment of dislodged cells from upstream in the device. Figure 3.17 shows
the plot produced from this analysis for multiple areas. This method of analysis
further confirms that the lack of bacterial appendages hampers the ability for
cells to remain adhered to an agar substrate in a environment with an applied
flow.

3.4

Discussion

It has been shown in this thesis chapter that E.coli cells, with different types of
cellular appendages, are able to withstand different maximum drag forces being
exerted on their bodies by an applied flow. As we modify the strains to have
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fewer cellular appendages, the maximum drag force that the cell can withstand
before detaching from the PDMS substrate occurs also decreases. This sensitivity
to appendages is greatest for the stiffest PDMS (5:1). We attribute this change
in force values not only due to the role of appendages in cellular attachment to
a surface but also as a function between the interaction of cell and the elasticity
of the surface being attached to. This is partially driven by the fact that two of
the strains used in our experiments, AD26 and AD104, have mutations in their
genetic code such that they lack flagella (or other appendages) on their surface.
The cell body being able to deform a softer substrate must play a role also in
aiding the cells to withstand increasing drag forces acting on the body. In JKR
contact mechanics this would be expressed as the bacterial cell deforming the
elastic substrate and increasing the contact area that it makes with the surface.
This then further minimises the potential energy of the cell-substrate system and
results in more force being required to detach the cell from the surface [70]. By
the cell body being able to deform the substrate more and the PDMS having a
lower elasticity, the cells are not so rigidly attached to the substrate at a single
point. On stiff PDMS, it is much less deformable and so the cell attachment
is more likely to be at a single point (Hertzian contact) and it is easier for the
cell to be removed by the flow due to the decreased cell-surface contact area.
Another consequence of adding less crosslinker to the PDMS is that we are
increasing the size of the pores present in the material. These pores are then
able to interact with the cell appendages and other macromolecules present on
the cell’s surface via entanglement with each other. This is another reason that
lends to the explanation of why strain MG1655 (WT E.coli ) is able to withstand
the largest flow rates on the softest PDMS trialled, as it possess the most types
of appendages, including the flagella, which can then become entangled in the
large pores. Also, the surface of the PDMS substrate in the microfluidic device
will be decorated with an increasing amount of uncrosslinked polymer chains
as one transitions from 5:1 to 20:1 PDMS [73]. This will then increase the
probability of entanglement with macromolecules/appendages which further adds
to the adhesion energy. We found that as the stiffness of the PDMS is decreased,
the maximum drag force that cells of a single strain can withstand increases.
From literature this could be explained partly by a stronger hydrodynamic
interaction between the fluid flowing through the microfludic channel and the
PDMS substrate, which may manifest itself as a higher interfacial viscosity [73].
The preference for bacteria to attach to softer PDMS when compared to stiffer is a
phenomena already seen in experiments carried out with Pseudomonas[74–76]. In
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these experiments they observe that more cells attached to the softer PDMS. This
was attributed to the cells sensing the stiffness of the surface with their flagella
and [74] actually hypothesise that E.coli will be better at this than Pseudomonas
as each E.coli cell has multiple flagella. Flagella are able to sense surface stiffness
by detecting a change in the viscosity of the material they are adhering to [74].
For PDMS, as less crosslinker is added and the material becomes softer, there is
a larger contribution from the viscous component of its viscoelastic nature. This
results in cells decreasing their run time as they move over the surface, due to an
increase in the mechanical load on the flagella, which increases the time available
to form an adhesive bond when the cells become stationary [75, 76]. Therefore,
this observation lends itself to our measurement of an increasing maximum drag
force for a decreasing PDMS substrate stiffness as the flagella detect the softer
substrate and interact over a longer period of time with it. We have also shown
in this chapter that a cell’s orientation with respect to the direction of flow is an
important parameter in determining if the cell will be likely to withstand larger
drag forces from the applied flow. We showed through plotting histograms of cell
angles to the direction of flow before and after detachment events that cells which
are parallel to the flow direction are the cells most likely to remain adhered to
the surface. Conversely, analysis showed that when cells are orthogonal to the
direction of flow then the cells are much less likely to remain adhered to the
surface. The parallel alignment of cells minimises the torque, and therefore the
drag force, that is exerted on the cell’s body. The orientation of the cells to
the flow direction becomes less important as the substrate becomes softer and
more important as cells possess fewer appendages. This was supported by the
widening and narrowing of the histograms plotted earlier (see Figure 3.11). As
the PDMS becomes softer, the JKR interactions previously explained dominate,
making the orientation less important as the cells are able to deform the substrate
more. As the number of appendages present on the cell membrane is reduced,
the orientation becomes more important again as this controls the magnitude
of the torque created by the cell’s cross-sectional area interacting with the flow
streamlines. The work detailed with the agar device showed that shaved cells of
the strain AD104 when inoculated into an agar microfluidic device are easily
removed by a low flow rate and often are observed clumped together. This
aggregation was explained to be caused by the lack of appendages removing steric
repulsion which then allows for AD104 cells to achieve a closer contact. The closer
approach will mean that an increase in non-specific interactions, such as DLVO,
will also occur and contribute to the clumping observed. The accumulation of
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the protein AG43 at the poles of the cells is then able to interact to a larger
extent and it is known that the interaction of this protein between cells plays a
contributing role in aggregation [72]. It was shown in comparison, that WT E.coli
can adhere, and remain so, to an agar ceiling in the presence of low flow rates.
The easy removal of AD104 cells from the agar substrate of the channel can be
attributed to the fact that on agar plates AD104 surfs over the agar easier due to
not having appendages and one can say that these have a lower friction coefficient
between the cells and the agar than cells with flagella do [1]. In conclusion, this
chapter has shown that flow devices, fabricated from PDMS or agar, can be used
to study bacterial surface adhesion and the critical flow rate that removes cells is
a function of not only the cell appendages but also the surface elasticity.
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Chapter 4
The Effect of Mechanical Vibration
on Bacterial Growth and Adhesion

4.1

Outline of Experimental Idea and Method

Bacteria possess the ability to grow and colonise many different surfaces. Key
factors, aside from growth, that influence how fast a colony expands over a surface
are cell-substrate interactions (friction and adhesion). We have already observed
in the previous chapter that a softer, more deformable substrate allows for cells
to adhere more strongly than on a rigid surface. This chapter will introduce a
new method by which the role of cell-substrate interactions can be investigated
in relation to colony growth whilst the cells are exposed to a perturbation in
the form of vibrational surface deformation. Surface deformation exists in many
different environments such a plant leaves bending in the wind, the stretching of
elastic medical tubing, such as found in catheters and the vibration of a ship’s hull
due to the engine operating. Although the timescales and elastic properties of
these surfaces will differ, they are all substrates that can be colonised by bacteria.
It is not well understood whether surface deformation may influence the adhesion
of cells which in turn will modify the ability of bacteria to spread as the colony
grows. The following experiment outlines a way in which this was investigated
in the lab. When a surface is vibrated at specific frequencies, resonance can be
achieved where standing waves are produced across the surface. This results in
a distinctive resonance pattern forming. These patterns are highly dependant on
what frequency is driving the plate and it has been shown experimentally that
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bacteria can react to these patterns, growing in the regions of minimal surface
displacement [17]. On a wider scale, surface vibration has been used as a means
to create active granular matter [77, 78] and also to investigate the influence
of vibration on the rheology of granular suspensions [79, 80]. This then poses
the question: how does vibrational surface deformation, affect the growth of a
bacterial colony?
To create a vibrating surface, a 10 cm diameter LB-agar disk (created by filling
a Petri-dish with 25 mL of LB-agar, then removing once solid) was mounted
on top of a loudspeaker cone (Company: Visaton, model and article number:
FR10, 2021) and deformed using a 3D-printed coupling column. This coupling
column then generates an additional stress on the agar that causes it to compress
and decompress periodically. Figure 4.1 shows the designed experimental setup.
The signal generator was set to generate an alternating sine wave output. The
vibration generator is a simple spring-coil that creates a magnetic field when an
AC current is passed through it. This causes it to compress and decompress in a
manner that can be changed via the signal generator. The coupling column was
designed first in autoCAD and then 3D printed using the facilities at Edinburgh
University. The column is formed of octagonal frames with diameter 3.8 cm,
height 2 mm and width 1 mm. Multiple frames were stacked and glued together
to build the column to the correct height using epoxy resin so that the column
was level with the edges of the speaker. It was found that the minimum required
number of frames that would ensure direct contact with the agar disk was 3, or

Figure 4.1

LB agar disk mounted on speaker setup to create a vibrating surface.
Red denotes saran wrap regions on Petri-dish frame. Coupling
column is 3D printed and formed of 1 mm thick octagonal frames
with a diameter of 3.8 cm and a height of 2 mm.
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a height of 6 mm. The column was glued to the central cone and aligned to
be level with the speaker’s edges. Polyethylene saran wrap (brand: Sarogold )
is used as the membrane supporting the LB-agar disk (represented as the lower
red line in Figure 4.1). Saran warp is highly malleable, so will oscillate with the
coupling column as it oscillates with the speaker and also has low permeability
to gas/moisture. The agar disk, after being placed onto a saran wrap layer and
inoculated is then capped with an inverted Petri dish frame that has had its base
cut out and replaced with saran wrap also (represented as the top red line in
Figure 4.1). This frame surrounds the edges of the mounted LB-agar disk and
the saran wrap ceiling seals the agar disk in our setup but still can be easily
imaged through. The edges of the frame, once placed over the agar disk, are then
coated in epoxy resin to create an air tight seal that is crucial to prevent the agar
from drying out. A sealed agar disk mounted onto the speaker is shown in Figure
4.2. As the Petri dish frame is glued to the edges of the speaker, these areas act
as fixed boundary conditions meaning we can describe the edges of the agar disk
as being stationary for all times and the remaining surface is free to deform under
the oscillations of the coupling column. The shape that the plate makes when
undergoing deformation is also shown in Figure 4.3 for clarity. To ensure that
evaporation was not occuring over the period of the colony growth experiments,
the agar-saran wrap setup was weighed both before and after the experiment was
carried out. It was observed that the values for the agar plate’s weight before
and after 24 hours in the incubator were very similar. The average change in
plate weight with standard error is shown in Table 4.1 for control and vibrated

Figure 4.2

Agar plate inside Petri dish/saran wrap frame and mounted onto
acoustic speaker setup.
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Figure 4.3

Schematic, not to scale, showing the deformation of the agar plate
by the coupling column. The red dotted line shows the agar when
under no strain. Upon deformation the plate moves upwards and
the edges remain fixed.

setups, calculated from 60 experiments. From the values presented in Table 4.1 it
Petri Dish Number
Control
Vibrated

Average change in plate’s weight
-0.04 ± 0.01 g
-0.03 ± 0.01 g

Table 4.1 Average change in weight for control and vibrated plates with standard
error. Values correspond to n = 60 measurements.

is clear that no large-scale evaporation has occured from the plate across the 24
hour experiment run time. This step of weighing the plates before and after the
experiment was then implemented into the prepartion from this point onwards.
A step-by-step summary of the experimental setup protocol is given in Appendix
section B.1 of this thesis for clarity. For this experiment, E.coli strains MG1655
and RJA002 were to be used. In the previous chapter we identified these strains
as to be identical (WT with minimal genetic modification) except that RJA002
produces YFP. By using both a labelled and unlabelled strain, we were able to
invesitgate the effect of surface vibration on the formation of bacterial colony
sectors.
The next step was to determine what frequency range should be used to vibrate
the agar plate. Considering previous studies have indicated a radial expansion
velocity, with an order of magnitude of approximately 100 µm/hr [6] which
corresponds to 50 body lengths/hr, then as long as the deformation frequency
exceeds 50 hr−1 it may have an effect on the colony expansion rate. Therefore by
following this reasoning, we decided to use the frequency range 5-50 Hz for our
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experiments. We also grew colonies on static plates i.e 0 Hz to act as a control for
comparison. A full derivation of this working and reasoning is given in Appendix
B.2.

4.2

Colony Morphology is Affected by Vibrational
Deformation

It was observed that when E.coli colonies were grown on vibrationally deformed
agar plates they exhibited an increase in the colony’s perimeter roughness and
in the final diameter when compared to colonies grown on a static plate. This
section details the work performed to quantify the increase of these variables
on agar plates with different elastic properties and deformed at different driving
frequencies. It was also discussed how various imaging processing techniques were
used to collect and analyze the data.

4.2.1

Driving Frequency Affects Perimeter Roughness

It was observed that when colonies were grown on a vibrationally deformed agar
plate, they exhibited an increase in the perimeter roughness of the colony. To
image the colony perimeters and quantify the change in roughness, a brightfield
microscope was used and colonies were imaged on the agar plate. Using a 4x
objective, the whole colony was imaged in sections, moving around the perimeter
in a clockwise direction. An initial investigation of the perimeter roughness was
carried out using the FIJI plugin, Jfilament, to analyze sections of the colony
image as shown in Figure 4.4. Sections correspond to a region of interest (1392
px × 1040 px) of a composite image. Composite images of colonies were created
by using the FIJI plugin stitching to combine the sectional images which were
captured first [81]. More details about the workings of the stitching plugin are
provided in Appendix B.3. Jfilament is used to draw a snake that follows the
exact morphology of the colony perimeter in the section being analyzed; a further
description of the use of snakes in Jfilament is provided in Appendix B.3 [82, 83].
24 colonies were used for analysis, 12 from control and 12 from deformed plates.
The snake can then be saved after finishing tracing the perimeter and the data
was inputted into a Mathematica algorithm, written by Dr.Waclaw, to calculate
the perimeter’s sectional roughness. This is calculated by overlapping the snake,
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Figure 4.4

Composite colony created in FIJI software (left). The section
identified for analysis in Jfilament has also been highlighted (right).

which is comprised of many individual points, with a parabola (approximating
the shape of a short arc which is the shape of the colony sectional perimeter) of an
equal number of points. The full code used to calculate the sectional roughness is
shown in Appendix B.4 and Figure 4.5 illustrates the overlap of a parabola and a
snake. A magnified region of the overlap is also shown in the figure from which the
individual points that comprise the parabola and snake can be viewed. The value
for the roughness is then extracted from the overlapped curves by calculating the
standard deviation between equal points along the two curves and is shown in

Magnified region
Parabola
Jfilament snake

Figure 4.5

Illustration of overlap of parabola section and Jfilament snake. The
individual points that make up each line are visible in the magnified
region.

53

Equation 4.1:
s
σ=

Pi=N
i=0

(Ri − r)2
.
N

(4.1)

Where Ri is the distance of point i on the snake from the centre of the circular
contour, which has radius r, that the short arc is part of. N is the total number
of defined points on the contour. The roughness can then be plotted for snakes
produced from control (static) plates and deformed ones. The graph shown in
Figure 4.6 plots the roughness for a variety of snakes as a function of the window
length, which gives the width of the section being analysed. From the figure, it
is clear that at all the length scales analyzed, the colonies grown on deformed
agar plates have a greater perimeter roughness than the control colonies grown
on static plates under the same environmental conditions. As the analysis size
of the window length increases, both trends increase in roughness value but at
different rates depending on if the plate has been deformed or not.
It was mentioned earlier in this section that composite images of full colonies

Sectional Perimeter Roughness
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Sectional roughness plot of 18.5 Hz deformed plate (red) and static
(blue) colonies. Total number of snakes analyzed for each colour
is 12. Black plots indicate average trends for deformed and static
colonies.
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could be produced using the stitching software in FIJI to combine the sectional
images initially captured. The ability to do this provides two advantages: the
first is that the whole colony is then able to be viewed and compared to others,
the second being that the whole roughness of the colony can also be calculated
from the composite images. This means that the increased roughness effect
can then be viewed on the macroscale as opposed to individual sections, which
makes comparison harder. In Figure 4.7 we can see composite images of colonies
produced from different plates driven at different frequencies. The figure shows

Figure 4.7

Comparison of whole colonies and their morphology. Here is shown
colonies from plates: A. 0 Hz, B. 5 Hz, C. 18.5 Hz, D. 30 Hz and
E. 40 Hz

comparisons of whole colonies and allows us to compare their morphologies. The
control colony (A) exhibits a smooth perimeter and minimal protusions extruding
outwards from the perimeter. Moving to a 5 Hz plate (B), we can observe that
the perimeter of this colony has become unstable and protusions can be seen
around certain points of the edge showing that the continuous curvature of the
boundary has been disturbed. Once the plate is being driven at 18.5 Hz (C)
the morphology of the colony now does not resemble the control colony at all,
with the perimeter now being very rough and displaying many protrusions. This
effect is increased further for colonies grown on the 30 Hz (D) and 40 Hz (E)
plates, with the circular shape of the colony now being distorted. Note: each
driving frequency value is a separate experiment and it is after 24 hours that the
colonies are then compared to each other. As the frequency at which the plate is
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being driven increases so does the roughness of the perimeter and therefore the
morphology of the colony is subject to change.
A Mathematica code was written by Dr. Waclaw (also shown in Appendix B.4)
to allow for the comparison of the roughness of whole colonies as opposed to the
sectional comparisons that have been made up to this point. This code, similar to
the sectional roughness, overlaps the contour outline of the colony with a centred
smooth circle contour shape and calculates the standard deviation of each point
along the colony contour. We still define the whole colony roughness in the same
manner, using Equation 4.1, however in the case of whole colony roughness we
overlapped a full circle with the whole colony outlined contour instead of a short
arc. This overlap is shown in Figure 4.8. Upon finishing running this code, two

Figure 4.8

Whole colony contour overlapped with smooth circle and colony
outline shown overlapped on actual colony.

numerical outputs are produced: the roughness and the diameter of the colony
and this allows us to make a comparison of these parameters for whole colonies
from plates driven at different frequencies. The data produced from the roughness
comparison is presented as a scatter plot that shows the general grouping of
roughness values for each plate frequency being measured. Also calculated was
the mean value for each data set and the standard error, which was the standard
deviation from the mean. This data was plotted and is shown in Figure 4.9.
We can observe from the plot that the total roughness value for colonies changes
depending on the frequency chosen to drive the plate. What is also observed is
that the roughness value increases for the colonies as the driving frequency also
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Colony Roughness vs Driving Frequency
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Figure 4.9
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Colony roughness values as a function of frequency. Colours
represent replicate experiments at the same frequency. The black
trendline indicates the mean values for each data set, with standard
errors.

increases. The increase at higher frequencies is most likely underestimated in
the data presented in Figure 4.9. This is because at greater frequencies (f > 30
Hz) the colonies become more deformed, as shown in Figure 4.7. This eventually
makes overlapping the colony outlines with a smooth circle either very difficult or
sometimes even impossible. Therefore we are occasionally limited in the volume
of data we can produce to use for comparisons of higher and lower frequency
plates. One potential solution to this issue would be to have the Mathematica
code improved so that very deformed colony outlines can be overlapped with an
elipse for example, to evaluate the roughness.
Colony perimeter roughness was also measured for substrates fabricated from
different concentrations of agar, resulting in substrates with different elastic
moduli. The substrates tested ranged from 1%wt up to 5%wt increasing in
integer %wt steps. This allowed for softer and stiffer substrates to be investigated
alongside the standard 2%wt agar that was used. The variation in agar elastic
modulus with concentration, C%wt , has been quantified in [84] as:
Eagar (kPa) = 216C%wt − 176.

(4.2)

This relationship can be used to determine the elastic moduli of the substrates
used in these studies and the calculated values are shown in Table 4.2. The
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Table 4.2 Agar elastic modulus as a function of %wt

Agar %wt

Elastic Modulus (kPa)

1
2
3
4
5

40
256
472
688
904

experiment was setup identically to previously described and the plates were
vibrated at 20 Hz. The colonies were imaged to create composite images and
the perimeter roughness was evaluated by the Mathematica code. Figure 4.10
shows the composite images taken and Figure 4.11 shows a plot of the perimeter
roughness value as a function of agar %wt. As one increases the elastic modulus

Figure 4.10

Comparison of colonies grown on agar substrates with different
elastic properties. As the agar becomes stiffer, the colony’s
perimeter roughness decreases.

of the agar substrate, and therefore increases the stiffness one can observe that
the colonies transition from being rough, with many protrusions around the
perimeter, to becoming smooth and resembling that of a circular colony grown
on a static plate. The plot shows this transition where the roughness of a 1%wt
colony is calculated as 111 µm and for a 5%wt colony it is 47 µm. If we compare
these values with Figure 4.9 we can see that the 5%wt roughness value corresponds
to the roughness of a control, static plate and the value of 111 µm for the 1%wt
is what we would expect for a 16-18.5 Hz plate. Therefore one can see that as one
decreases the stiffness of the agar, the roughness of the colony will increase more
rapidly with an increasing deformation frequency. The reason for this dependence
on substrate elastic properties is discussed in Section 4.7.
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Total Colony Roughness as Function of Agar %wt vibrated at 20 Hz
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Plot produced from inputting composite colony images into
roughness algorithm and plotting the output as function of %wt.

Colony Diameter is Affected by Vibrational
Deformation

It is also observed that colonies grown on the periodically deformed substrates
grow to a larger final diameter and as a consequence display an increase in
transparency (which is addressed in Section 4.4.2). Furthermore the increase
in colony diameter increases with increasing vibration frequency. For the
measurements presented in this chapter, the colony diameter was measured with
a ruler at the end of the experiment, and so provided a coarse measurement of the
effect of vibration on the overall colony size. Chapter 5 presents the development
of an in-situ microscope to enable the growing front to be monitored in realtime. For each plate driven at a specific frequency, the data was plotted in
a scatterplot along with the average diameter value and standard error shown
via the black trendline. Figure 4.12 displays the scatterplot. The scatterplot
shows that as the driving frequency of the plate increases, the range of recorded
colony diameters also increase correspondingly. The control plate records an
average colony diameter of 0.6 ± 0.08 cm whilst for the 50 Hz plate the value has
increased to 1.72 ± 0.31 cm. This plot therefore shows that there is an increase
in final colony diameter for colonies grown on plates deformed by an increasing
driving frequency. We shall see in Chapter 5 that using a radial growth model,
best fit values can be obtained for the model parameters that then allow for the
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Colony Diameter as Function of Frequency
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Average final colony diameter after 24 hours of growth varies as a
function of frequency. Black trendline represents average diameter
for given frequency.

velocity of expansion to be calculated for colonies grown on differently driven
plates. It is here that I think an explanation should be made in terms of what
is meant by growing to a larger final diameter. The frequencies being used here
to drive the plates are small in magnitude, with the highest being trialled at 50
Hz. This means that we can confidently say that these frequencies will not be
having an effect at the ribosomal level of the bacterial cells and hence it’s unlikely
that the average division time of approximately 20 minutes is being changed.
Much higher frequencies are required to alter the growth rate of cells, with the
frequency requiring to be in the 100’s of kHz range [20]. It is likely that the
cells within the colony are having their relative position and orientation on the
agar substrate changed through interaction with the applied mechanical forces
generated through the vibrational deformation. The width of the growing front,
from where radial expansion takes place, also is shown to be increased by the
deformation. Literature has shown that radial expansion is driven by the cellular
division within an annular region at the growing front and the expansion velocity
has been shown to increase with the width of this region [23]. This would result in
larger colonies as more cells will be in the growing layer and experiencing optimal
growing conditions. For the width of the growing front to increase either there
must be more cells present or a decrease in the density of cells in the layer. As
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already stated, it is unlikely that there are more cells present due to an decrease
in the division time, however if cells are having their relative position changed on
the agar substrate then this could lead to a decrease in the density of cells in the
growing front. This question regarding the cell density of the growing front will
be addressed at the end of this chapter, through analysis of confocal images of
colony perimeters. Morphological changes in the colony structure such as these
are what we mean when we refer to the colonies growing to a larger final diameter
in the 24 hour growth period.

4.3

Measuring Oxygen Availability and
Temperature

4.3.1

Oxygen Availability in the Sealed Vibrating Plate Setup

The simplest factor that was identified to be potentially contributing to the
formation of these rougher colonies was the volume of oxygen available to the
bacteria in the setup. In mounting agar plates in the manner described in Section
4.1, the bacteria are sealed into an environment containing a finite volume of
oxygen. This results in the cells having a finite volume of oxygen available for
aerobic respiration. Using an electronic oxygen probe (brand: Firesting) the
oxygen concentration in the sealed, vibrated setup was measured at the start and
end of the experiment. It was recorded that the O2 concentration had decreased
from 20% to 5% after 24 hours. E.coli is a faculative organism so even without
oxygen present the cells are still able to respire via fermentation. This means the
colonies would still grow however the cell density would be different for colonies
grown in oxic and anoxic environments. Essentially a lack of oxygen results
in E.coli utilising different metabolic pathways and expressing alternative genes
to facilitate growth [85]. A switch from oxic to anoxic conditions might exert
an effect on the colony morphology, so it was necessary to determine whether
depletion of the fixed volume of oxygen in the sealed sample environment could be
triggering a change to anaerobic metabolism, which in turn might be contributing
to the colony morphology. Therefore, we devised two basic experiments to test the
effect of oxygen availability on colony morphology. The first experiment involved
placing the innoculated plate in a normal, atmospheric oxygen environment and
growing the colonies whilst the plate remained static. The second experiment
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Oxygen Concentration at Plate Surface (%)
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Oxygen probe plot. The transition from an aeorbic to near
anaeorbic environment is clearly visible.

investigated an almost anoxic environment. This was created by placing the
plate in a tupperware container that had an inlet and an outlet drilled in the
sides. The box was then sealed and nitrogen was used to flush out the remaining
oxygen in the box. This was monitored using the electronic oxygen probe. The
inital reading before flushing was approximately 20% O2 however after 5 minutes
of flushing with nitrogen the O2 reading was below 1%. This is shown in the plot
in Figure 4.13. This < 1% level was then maintained by periodically flushing
more nitrogen into the system every few hours and keeping the box sealed unless
otherwise. If it was a lack of oxygen that was driving the increase in the roughness
of the colony, one would expect the colonies grown in this anoxic environment
to exhibit the roughened perimeter effect, even without vibrational deformation
being present. The colonies were then left to grow for the standard 24 hour period
before being viewed under a microscope.
When compared, it was found that the colonies from the normal oxygen environment matched very closely to the colonies from the nitrogen rich environment in
appearance. This suggests that the transition from oxygen rich to a near anoxic
environment was not playing a crucial role in the manifestation of the increased
roughness that was observed. It was observed that the colonies grown in the near
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anoxic conditions grew to much smalller diameters over 24 hours. This is due
to the lack of oxygen affecting the cell density of E.coli colonies, and has been
documented throughly for bulk media cultures [18, 86, 87].
Comparison images are shown in Figure 4.14, where the perimeter of both the
oxygen rich and deprived colony appears very similar, with an overall smooth
perimeter. Using sectional images such as those shown in Figure 4.14, 8 snakes
were generated for both the oxygen and nitrogen grown colonies. The sectional
perimeter roughness was then calculated as detailed in Section 4.2.1 and the plot
is shown in Figure 4.15. From Figure 4.15, one can observe that both the orange
and green data sets follow the approximate same trend and this means that we
can conclude that the presence, or lack there of, of oxygen does not play a role in
the formation of rough colony perimeters. The average data sets, shown in black,
on Figure 4.15 also follow the same approximate trend which again informs us
that there is no significant difference in roughness between colonies grown in
the oxygen and nitrogen environments. Any significant differences in roughness,
like those observed in Section 4.2, must be related to the surface conditions of
the agar plate instead i.e the plate’s acceleration and the generated strain from
deformation.

4.3.2

Surface Temperature of the Vibrating Agar Plate

The Firesting probe used to measure the oxygen concentration level in the sealed
plate environment also could function as a temperature probe as well. This was
beneficial as it allowed for the temperature at the surface of the plate to be
measured as a function of time to ensure that the temperature did not drop
below the optimal growing temperature for E.coli, 37◦ C. Figure 4.16 was then
produced from the measurements taken with the temperature probe and one can
observe that the temperature at the surface of the agar takes approximately 1
hour to reach a recorded constant value of 35.5◦ C. Once it reached this value, the
temperature then remained constant. This was an important task to carry out
as it allows us to confidently say that the temperature at the plate’s surface is
not only constant but it is also close enough to the optimal growing temperature
of E.coli that we can say that the growth of the cells is not being impacted by
some large scale deviation in temperature whilst the experiment is taking place.
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Figure 4.14

A. Colony grown in oxygen rich environment B. Colony grown in
nitrogen rich environment. Both exhibit very similar perimeter
morphologies with low roughness.
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Sectional Perimeter Roughness
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Sectional perimeter roughness evaluated from 8 snakes for colonies
grown in oxygen rich (orange) and nitrogen (green) environments
on static plates. Average roughness trends for oxygen and nitrogen
experiments are shown also via black plots. Since the average
trends follow the approximate same trend it was concluded that
there was no significant difference between the nitrogen and oxygen
rich colony roughness.

Elasticity and Induced Deformation Strain

It has now been established in this chapter that by defoming an agar plate, the
observed colony final diameter and perimeter roughness are increased. Bending
of the agar plate by means of the coupling column will result in a strain field
across the surface of the plate and the acceleration/deceleration of the plate.
This section of the thesis will discuss the theory of linear elasticity as it relates to
our experimental setup. The variation in colony perimeter roughness with colony
position on the agar plate has been correlated to a model for the spatial variation
in strain simulated using COMSOL.
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Temperature at the surface of an agar plate

36

Temperature ( C)

34
32
30
28
26
0
Figure 4.16

4.4.1

5000

10000
15000
Time (seconds)

20000

25000

Plot showing the temperature value at agar plate’s surface as
function of time. Black vertical line denotes experiment starting
time.

Theory of Elasticity

In this experiment, the agar plate is vibrationally deformed by the vertical
oscillation of the coupling column. The deformation results in a strain field being
generated across the plate’s surface which may be interacting with the bacterial
cells adhered and this results in a change in the colony perimeter roughness and
final diameter. Agar is a hydrogel comprised of polysaccharide chains linked by
hydrogen bonds which also results in pores being formed which contain water
molecules. It is also accepted that agar is a linear elastic material up to some
yield strain value. The elastic properties of agar arise from the balance between
entropic effects, resulting from the crosslinked polymer chains stretching which
increases/decreases the separation between their ends and swelling effects driven
by osmosis due to the hydrated environment the polymers are located in. Agar
deforms under minimal applied strains due to the weak bonding present and
literature is available regarding the quantification of the mechanical properties
and pore sizes of agar hydrogels of varying concentrations [88, 89]. For example,
Zheng et al show that as the weight concentration increases, the fracturing and
yield stress of the agar hydrogel increases linearly [90]. This is a direct result of
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higher weight concentration hyrdogels being composed of a denser polysaccharide
network which in turn results in a stronger mesh network being formed making it
more difficult to fracture the hydrogel under an applied stress. In the linear elastic
region, which is where our deformation lies, the deformation can be described in
the form of Hooke’s law which can then be further modifed so that it relates two
more interesting quantities: the stress, σ, and strain, , of the system to each
other. These quantities are also related to another important quantity which
is the Young’s Modulus, E. The Young’s Modulus describes the stiffness of a
material and is related to both the stress being applied to the material and the
strain by the following relationship:
σ = E.
This relationship is linear, however this is only true for small deformations as
assumed in our experiments. Beyond small deformations the relationship becomes
non-linear as the material begins to crack and fracture. The true nature of a
material for all applied strains can be observed in a typical stress-strain plot,
which shows both the linear region at the lower end of the strain axis and the
non-linear behaviour at higher applied strains. We show a typical stress-strain
plot in Figure 4.17. In this plot, it can be observed that the stress increases
linearly for a range of strain values before the response switches to non-linear
behaviour. Eventually the material will break and this point is noted as the
fracture. For our experiment though we assume that the strain induced is well
below the fracturing strain value and therefore we can assume a linear elasticity
relationship. In the situation of a beam of length l being compressed at one end
by a force that causes the length to decrease by ∆l, the strain induced in the
beam can be defined as the following expression
=

∆l
l

Therefore one can always define a strain if the change in whatever dimension is
known. To simulate the strain field across the agar surface, COMSOL physics
simulation software was used and is detailed in subsection 4.4.3. The simulation
will show that the maximum strain generated across the agar plate in our
experiment is approximately 3.5%.
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Figure 4.17

4.4.2

Stress-strain plot showing the linear region at low strains and nonlinear behaviour at high strain values. Reproduced from [5]

Influence of Elastic Strain Field on Colony Perimeter
Roughness

As the octagonal coupling column frame only contacts certain regions of the
agar, it was to be investigated if the perimeter roughness of colonies exhibited a
dependance on the inoculum position on the plate. If this was true then we argue
that the colonies that surround the plate’s centre would be the roughest since they
are inoculated directly above the mechanical contact region between the plate and
the coupling column. This means that they will experience the largest mechanical
forces which could then cause the roughness of the perimeter to increase. To
investigate this, a deformed plate was set up that contained 17 colonies. Sectional
perimeter roughnesses were measured for 17 colonies distributed across a plate
as illustrated in the schematic shown in Panel B of Figure 4.18. The plate was
was periodically deformed at 18.5 Hz for 24 hours and Panel B also shows the
contact region, in black, that the coupling coloumn makes with the agar plate.
The roughness as a function of window length is shown in Panel A of Figure 4.18
with the the lines colour-coded according to the position of the colony, as shown

68

in Panel B. From Panel A in Figure 4.18 it can be observed that two of the blue
plots, corresponding to positions [1,1] and [-1,1], exhibit the greatest roughness
and these lie above the coupling column region, the third roughest plot is purple in
colour which again lies in the contact region, position [0,1]. These results suggest
that the sectional roughness of colonies grown on a deformed agar plate does have
a dependence on where exactly the colony is inoculated on the agar. What is also
apparent from Panel A in Figure 4.18 is that the roughnesses measured for the
control plates, shown in grey, covers a narrower band and show no correlation
with position of the colony on the plate. The same colony inoculation grid used
for deformed plates is also used for the static/control plates. This increases our
confidence that the strain field plays an important role in the emergence of the
increased colony perimeter roughness. For the colonies that grow in the region

Figure 4.18

A. Sectional roughness coloured coded to represent different
postions on the plate. The grey lines show the sectional roughness
measured from control plates. B. Colony grid layout schematic with
postions labelled and colour coded.
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of maximum substrate strain (inoculated above the coupling column) it is also
observed that the colony shape is anisotropic, indicating a preferred direction
of growth towards the centre of the plate. Figure 4.19 shows an example of a
20 Hz plate showing this directionality in colony growth (Panel A). The imprint
from the octagonal coupling column can also be seen on the underside of the agar
in the top image. In Panel A of Figure 4.19, one can observe that the centre

Figure 4.19

A. Colonies grown on a 20 Hz plate, note that the centre colony
grew equally in all directions whilst the surrounding colonies show a
bias for growing towards the centre of the plate. B. Control colonies
grown on a static plate, no directionality is present and colonies are
much more opaque.
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colony has no preferred direction of growth since it has been inoculated in region
where the strain in rotationally symmetric. The surrounding 8 colonies do show a
preferred direction and this preferred direction is towards the centre of the plate.
The colony is extended more on the side facing the centre than on the opposite
side. This anisotropy suggests that the strain field on the centre facing side of
the colony creates a preferred direction of growth. What further confims that
this is related to the strain field is that the bottom left colony was purposely
inoculated a distance further from the mechancial contact region. This colony
did not display growth directionality to as large an extent as the other did nor
grow to as large a final diameter. Finally, it is evident that the colonies grown
on the periodically deformed plate are more transparent than those grown on
the control plates (Panel B). The striking difference in the transparency of the
colonies on the vibrated plate when compared to the static plate is a very clear
indication of the different behaviour observed for the colony growth dynamics
and further images of directionality are shown in Appendix B.5. We explore this
more in the discussion section of this chapter and we investigate the 3D profiles
of the colonies in more detail in Section 5.3. Therefore, the positional dependence
of the perimeter roughness, and the directionality of the colony growth, suggest
that the roughness and the overall colony shape are being influenced by the strain
field produced by the deformation of the plate.

4.4.3

COMSOL simulations

To model the strain field in our experiments, the experimental setup had to be
first created in the COMSOL software. It was determined that the easiest way
to model the setup was to use to discs, one representing the large agar plate and
the other being the small coupling column that contacts the plate and results
in the deformation. This representation of the experimental setup is shown in
Figure 4.20. This setup was designed and the correct dimensions for each disc were
inputted. The smaller disc acting as the coupling column needed to move upwards
in the z-direction by a perscribed displacement to initiate the deformation of the
larger disc, the value inputted for the displacement was 2 mm and this was
determined by measuring the ampltitude of displacement from the plate-speaker
setup (see Section 4.5). Fixed boundary points were assigned to the agar disc so
that only the centre of the plate could move and the edges remained stationary.
Different values must be assigned to each disc for properties such as the Young’s
modulus as each component of the setup will behave differently when coming into
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Figure 4.20

Bottom and side view of agar and coupling column setup as built
in COMSOL. The larger and smaller disc represents the agar plate
and coupling column respectivley.

contact with each other. The agar disc was assigned a Young’s modulus of 60 kPa
and the smaller disc 3.2 GPa. Finally the mesh was built under the fine setting
and the simulation was run. The output from the simulation, for the agar disc
is shown in Figure 4.21. From Figure 4.21 it can be seen that there are peaks
in the strain field at a radial distance of 1.9 cm from the centre of the plate.
As was seen in Figure 4.18, the colonies with the highest positional roughness
are those that grow at the point on the agar surface, under which the coupling
column sits, which we can now see corresponds to a region of maximum strain.
A plot that shows how the strain increases and then decreases as one moves out
from the centre of the plate was also produced from the simulation. The graph
is of particular interest as it allows for the point of maximum strain on the agar
plate to be identified and thus it is then possible to place a colony in this region
exactly. The plot shows that the strain begins to increase approximately 1.25 cm
from the centre moving out radially and the peak strain value of 0.034 is reached
approximately 2 cm from the centre. Also taking the full-width-half-maximum
of the strain peak curve for the coupling column contact region shows that the
region of increased strain is around 8 mm wide. This is important to note as the
colonies when inoculated on the plate are usually no more than 4 mm in diameter
meaning that if placed directly in the centre of the strain region, the whole colony
will grow on a strained agar substrate. Another interesting point noted from the
plot is that the centre of the agar plate exhibits a non-zero value for the strain.
By the centre of the plate having a non-zero value of strain, but also being a
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Figure 4.21

COMSOL simulation of strain field induced by deforming the agar
plate. The lower plot shows how the value of strain changes as one
translates outwards from the centre of the plate.

rotationally symmetric region, this perhaps explains why the centre colony still
exhibits an increase in perimeter roughness but to a lesser extent as the cells
are exposed to an isotropic strain field in this area. Alternatively, the vertical
acceleration at the plate’s surface (see next section) will be at a maximum at the
centre of the plate and this important parameter may also explain why the centre
colony still exhibits a change in roughness when compared to a static plate even
when the strain is close to a zero value.
Figure 4.22 relates the position of the colony on the agar plate to the value of
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Figure 4.22

Positional roughness of colonies is related to the strain value at the
inoculation position. Colours in the graph correspond to certain
inoculation positions on the agar plate, denoted by x’s in the
Figure’s COMSOL plot. One can see that the two roughest colonies
(in blue) lie in the anulus of maximum strain on the COMSOL plot.
Conversely, the least rough (marked in yellow) lies outside of the
maximum strain region. Grey lines correspond to the calculated
roughness for colonies on a static plate.

strain induced in that particular area of the agar. When we do this we can
see that the colonies that exhibit some of the highest perimeter roughness also
lie directly in the regions with maximum strain i.e the inner annulus. We also
illustrate this in Figure 4.22, where the colony’s position is denoted by a colour
legend and these colours are then marked on the strain profile. One can observe
that the roughest colonies correlate to being in the ring of maximum strain.
The blue colonies for example lie directly on the inner circle and at least half
of their colonies are the roughest. This therefore suggests that by generating a
non-homegeneous strain field across the surface of our agar, colonies located in
different postions are exposed to a different magnitude of strain and this then in
turn results in the roughness of the colony changing as a function of position on
the plate.
It has now been shown that the act of deforming the agar plate via the coupling
column causes a strain field to be generated across the surface of the plate as
particular regions accelerate upwards and stretch the agar mesh. One can then ask
if we can decouple the increased perimeter roughness and colony diameter to be
attributed to either acceleration or strain. The vertical acceleration/deceleration
of the plate means that the colonies will be subject to an additional mechanical
(inertial) force, due to the acceleration. To decouple any effect due to acceleration
from the deformation that has been discussed above, we performed another
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series of experiments in which the strain was eliminated by mounting an agar
plate in a Petri dish which was then attached to the coupling column by glue.
Now all regions of the plate would experience an uniform acceleration and
since deformation has been removed, no strain field would be generated. From
this experiment, it was observed that all the colonies grown exhibited a rough
perimeter, regardless of their position. Figure 4.23 shows colonies grown on a
static control (no acceleration or deformation) and a connected plate (acceleration
but no deformation) and from this figure it is clear that the control plate colonies
grew with smooth perimeters whilst the connected plate’s colonies grew with
perimeters that are rougher in comparison. This result informs us that the
acceleration of the plate is sufficient to increase the colony perimeter roughness
because there is no deformation present. What was also not observed from the
connected plate setup was that the colonies did not exhibit an increase in their
diameter. The lack of this effect being present further suggests that the strain
field must be present in order for the colonies to grow to a larger diameter when
compared to the control plate. No directionality in the colony shape was observed
for connected plates, confirming that interaction between the colony and the
strain field is necessary to observe this effect. Using Figure 4.21, one can observe
that the gradient of the strain field is greatest in the direction moving outwards
from the centre. This could suggest that the strain field is driving an advective
flow of the colony towards the centre which then results in the directionality
previously discussed. We will further explore the idea of flow-induced effects in
the discussion section of Chapter 5. Therefore, by analysing experiments where
the plate is either vibrationally deformed or directly connected to the coupling
column we can gain a stronger understanding of the role that acceleration and
strain play in relation to the increased perimeter roughness and final diameter
effects.

4.5

Acceleration at the Surface of the Plate

Not only is a strain field being generated on the surface of our plate as it is
being deformed but the plate is also undergoing acceleration as it oscillates in
the vertical direction. We have now presented work that strongly suggests that
the plate’s acceleration, combined with the generated strain field, plays a key
role in the manifestation of the observed effects. This section is concerned with
the methods used to measure the acceleration at the agar plates surface. This
75

was achieved by first assuming that the oscillation can be described by simple
harmonic motion, allowing the acceleration to be calculated from a measurement
of the amplitude of the oscillation. This was followed up by a direct measurement
using an accelerometer chip.

A.

B.

Figure 4.23

A. Control, static plate. The 17 colonies are smooth and exhibit
no rough perimeters. B. The 17 colonies grown on the connected
plate vibrated at 18.5 Hz. Note that all the colonies grow to the
same approximate diameter with the absence of a strain field.
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4.5.1

SHM Estimation of Acceleration

Assuming the motion of the centre of the plate can be described as a simple
harmonic motion, we can write:
y(t) = Asin(ωt).

(4.3)

Where ω = 2πf and f is the driving frequency of the plate set by the signal
generator. Hence we can write the acceleration of the plate out fully as:
a(t) = 4π 2 f 2 y(t).

(4.4)

To measure the amplitude of the oscillation, an automated XYZ stage (taken
from the CNC milling machine used to form the basis of the in-situ microscope
described in Chapter 5) was used to position a 20 mL syringe filled with methylene
blue a distance of 10 mm above the plate. At each frequency, the oscillation of the
plate was then started and the syringe was lowered in 0.1 mm increments until
the dye was observed to transfer to the plate. This new distance then subtracted
from the initial syringe height gives the plate’s amplitude of displacement. We
illustrate the experimental setup in Figure 4.24. Table 4.3 summarises the data
gathered for calculating the acceleration using the SHM equation. The final
column gives the ratio of the calculated acceleration to gravity which was taken
as 9.81ms−2 .
Frequency (Hz)

Amplitude (mm)

Acceleration (ms−2 )

a
g

0
5
10
15
* 18.5
30
35
40
50
70
100

0
0.6
0.7
0.9
1.5
2.4
2.2
1.4
0.8
0.6
0.4

0±0
0.59 ± 0.10
2.76 ± 0.39
7.99 ± 0.89
20.27 ± 1.35
85.27 ± 3.58
106.39 ± 4.87
88.43 ± 6.36
78.96 ± 9.93
116.07 ± 19.47
157.91 ± 39.73

0±0
0.06 ± 0.01
0.28 ± 0.04
0.81 ± 0.09
2.07 ± 0.14
8.69 ± 0.36
10.86 ± 0.49
9.01 ± 0.65
8.05 ± 1.01
11.83 ± 1.98
16.09 ± 4.04

Table 4.3 Table showing acceleration calculated using SHM theory. * denotes
first frequency where the plate’s acceleration is greater than gravity.
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Methylblue filled syringe

x0

x
𝐴𝑚𝑝𝑙𝑖𝑡𝑢𝑑𝑒 = 𝑥0 − 𝑥

Agar

Speaker frame

Figure 4.24

Setup for measuring amplitude of oscillation. x0 and x corresponds
to the initial syringe height and the height at which dye transfers
to the deforming plate respectively.

From the data shown in Table 4.3, one can see that the maximum acceleration
exceeds that due to gravity for the frequencies ≥ 18.5 Hz used in our experiments.
This agrees with the experimental observations as rougher colonies are observed
as the frequency is increased and extensive measurements have been taken of
colonies grown on a 18.5 Hz plate which lies above the threshold frequency.
The data from Table 4.3 is shown plotted in Figure 4.25 and 4.26. From Figure
4.25 it can be observed that the amplitude of displacement increases for a range
of frequency values up to 30 Hz and then decreases again beyond this value. It
should also be noted that the two lower lines on the displacement plot correspond
to a region 2 cm from the centre of the plate whilst the prominent peak trends
correspond to the centre of the plate, position [0,0]. With the fixed boundary
conditions we expect the largest displacement to be recorded at the centre of
the agar plate and this plot confirms that this is true. In Figure 4.26 (plotted
also using the data from Table 4.3) it can be observed that there is a strong
increase in acceleration when increasing from relatively low frequencies, <5 Hz.
This method for measuring the acceleration however has a disadvantage as it
requires an amplitude of displacement to be known for every frequency that is
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Agar Displacement Vs Frequency

Agar Vertical Displacement (mm)

2.5

centre
centre
2cm from centre
2cm from centre

2.0
1.5
1.0
0.5
0.0
0

Figure 4.25

20

40

60
80
100
Frequency (Hz)

120

140

Plot of amplitude of displacement vs frequency. Blue and orange
data is for the centre of the plate whilst the red and green data is
for a location 2 cm from the centre.

to be investigated. A much better and direct method is to use an accelerometer
which only requires an oscilloscope to determine the acceleration of a plate.
The accelerometer model that we used was the ADXL377 3-axis accelerometer
which allows for the direct measurement of acceleration in any of the three
cartesian coordinates. The accelerometer chip contains parallel plate capacitors
for which the plate separation is determined by the balance of the electrostatic
force and any inertial forces. The voltage signal from the accelerometer can
be observed using an oscilloscope. If one knows the magnitude of voltage that
correseponds to 1g then one can read the output signal and convert this into
an acceleration by recording the amplitude. Shown in Figure 4.27 is a typical
oscilloscope signal produced from the accelerometer being placed on a defomed
plate’s surface. In order to calibrate the accelerometer chip, the output DC
voltage signal was read off the oscilloscope when the accelerometer was placed
flat on the laboratory table. The accelerometer was then flipped upside down
thus going through a 2g change in acceleration and the change in signal voltage
value was recorded. The voltage signal that corresponded to an acceleration of
1g was then determined to be 6 mV.
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Acceleration vs Frequency
20.0
Plate Acceleration/Gravity

17.5
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7.5
5.0
2.5
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20
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60
Frequency (Hz)

80

100

Figure 4.26

Plot of acceleration vs frequency. The y-axis is expressed as the
ratio between the plate’s acceleration and gravity. The green line
represents this ratio=1.

Figure 4.27

Averaged output signal produced from the accelerometer when
placed on a deformed plate.
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4.5.2

Measuring the Acceleration for Deformed and
Connected Plates

With the accelerometer now calibrated one can measure the surface acceleration
for both a deformed plate (with strain) and a connected plate (no strain). To
measure the acceleration for the connected plate, the accelerometer was placed
directly onto the centre of the plate and made to be as level as possible. The
accelerometer was powered using the signal generator and the output voltage
signal was measured using the oscilloscope display, with the amplitude magnitude
corresponding to the magnitude of acceleration experienced at the surface of the
plate. For a connected plate, one that is bonded directly to the coupling column,
the orange line shown in Figure 4.28 was obtained by measuring the amplitude
of the signal at various frequencies and then converting to an acceleration. One
can see that the connected plate reaches a peak acceleration of approximately
8g at 40 Hz and then decreases beyond this point. This is interesting when
compared to the trend observed for the plate being deformed by the motion
shown in blue. The acceleration of the deformable plate was also measured using
the accelerometer and placing it as close to the centre of the plate as possible. The

Deformed Plate Acceleration Vs Frequency
Deformed Plate Acceleration
Connected Plate Acceleration

Plate Acceleration/Gravity

12
10
8
6
4
2
0
0
Figure 4.28

20

40
60
Frequency (Hz)

80

100

Plot showing the acceleration of a connected and a deformed plate’s
surface at various vibrational frequencies.
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deformed plate, shown in the blue line of Figure 4.28, reaches a greater maximum
acceleration of 13g and this peak is shifted to 60 Hz. This shift, and increase in
maximum acceleration value, is a result of the reduction of mass in the setup of
a deformed plate as the agar does not need to remain in a Petri-dish as it does
for the connected plate setup. With this completed then a comparison could
then be made between all three accelerations i.e: the SHM model, a connected
plate and a deformed plate. Figure 4.29 shows that the 3 trends plotted for
the three different accelerations are not that dissimmilar from each other. At
low frequencies, f < 40Hz, the trends appear to match strongly and follow
the same trend. This suggests that modelling the behaviour of the plate as
simple harmonic motion is correct. Beyond the 40 Hz mark the trends deviate
from each other however each ones behaviour can be explained. For SHM, as
it varies with f 2 the trend continues to increase. Beyond the 50 Hz mark, the
amplitude of displacement term y remains small and unchanged so the frequency
term dominates. For the connected and deformed plates, their acceleration trends
are actually very similar in nature, the only difference is that the connected plate
reaches a maximum acceleration earlier and not to as great a magnitude as that
of the deformed plate. At a given power, the force from the loudspeaker coil will

Acceleration Vs Frequency
16

SHM
Connected Plate
Deformed Plate

Plate Acceleration/Gravity

14
12
10
8
6
4
2
0
0
Figure 4.29

20

40
60
Frequency (Hz)

80

100

Plots showing the comparison of all acceleration trendlines for
SHM, connected and a deformed plate setup.
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be constant. However the net force on the coupling column will differ between
the connected and deformed experimental geometries. Mainly this will be due to
the difference in mass (Magar < Magar + MP etri ). As this term will be frequency
independent, whereas the force from the coil will be frequency dependent, this is
what is responsible for the shift in the peak.
Now that the acceleration for a deformed plate has been measured with an
accelerometer and seen to closely match the SHM behaviour which was first
analyzed, we can now plot the roughness and diameter data presented in Section
4.2 for plates deformed at different driving frequencies, as a function of the
acceleration of the plate. When we did this, two main observations can be
seen. The first is that there is a sudden increase in the perimeter roughness
of the colonies as the plate’s acceleration becomes greater than gravity. This
suggests to us that the perimeter roughness of the colonies is more related to
the acceleration at the surface of the plate and it is necessary for a > g for the
roughness to exhibit a large increase. This further confirms what was identifed
from the observations from the connected plate setup where we obtained rougher
colonies with the agar plate being directly connected to the coupling column (i.e.
acceleration but no deformation). The second observation is that the diameter
of colonies grown on plates with different accelerations continues to increase in a
smooth fashion, even after the transition in which a > g and there is no sudden
increase. This observation informs us that the final diameter of the colonies is less
related to the acceleration of the plate, and this also further illuminates why for
the connected plate setup all the colonies grew to the same approximate diameter,
as we removed the strain field which the colony diameter more strongly depends
on. We show the two plots of colony roughness and diameter vs acceleration in
Figures 4.30 and 4.31 respectively.
One plausible explanation for the dependence of perimeter roughness on acceleration that can be made from the literature is that the vertical acceleration of the
plate is transferring kinetic energy, and momentum to the cells at the perimeter
which are horizontally orientated [77]. The transfer of momentum results in
cells converting the vertical motion of the oscillation into an in-plane motion
which allows for them to alter their relative position/orientation. This results
in increasing the instabilities at the colony perimeter and we observe this as an
increase in the colony’s overall roughness.
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Perimeter Roughness vs Plate Acceleration
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Plot showing average total colony roughness vs acceleration for a
the deformed plate. Note the sudden increase around a/g=1.

Colony Diameter vs Plate Acceleration

Colony Diameter (cm)
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Figure 4.31
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Average final colony diameter vs deformed plate acceleration. Line
increases constantly regardless of the acceleration value.
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4.6

Influence of Surface Vibration on Fluorescent
Bacterial Sectors

Bacterial sector experiments, utilising labelled strains, allow for the selective
advantage that one strain may possess over another to be determined. It also
allows for the influence of cell parameters such as length, orientation and the
effects of cell-substrate friction to be studied. Finally, the interface between two
sectors is a hotspot for the exchange of genetic material and through interfaces
such as these, bacteria can gain new genes which may lead to the development
of a selective advantage [63, 64]. Farrell et al showed that the probability of a
cell forming a successful sector partially depends on its position in the growing
front. We have presented work that shows that by accelerating a plate through
vibration, we perturb the system and the cells on the surface of the plate.
Through observing colonies growing with a preferred direction on vibrated plates,
the acceleration may be having an influence on the orientation/relative position of
cells allowing them to overcome friction through a modification of the mechanical
forces. Therefore it was identified that the presence of surface vibration could
also have an effect on the formation of sectors as the colony grows [63]. First a
brute comparison of the whole plates was carried out by using a UV light box to
cause the colonies to fluoresce. This allowed for the sectors formed in the colonies
on static and vibrated plates to be visualized and to then use this to motivate
how to analyse the plates at a closer depth. The whole plate comparison is shown
Figure 4.32. From Figure 4.32, one can immediately see that the sectors formed
on the control plate are smaller and much more compact than on the vibrated
plate. When bacterial sectors are formed in a colony they initially begin as thin
strips originating from the speckled inoculum region. As the colony continues to
grow, some sectors are successful and continue to deveop and grow in size whilst
others are unsuccessful and are stopped from growing by neighbouring sectors
expanding out infront of them. After a long period of growth, on the order of
days, the colony sectors will stabilise and this is when the final number of sectors
have become well established and no new sectors will form. We can define the
angular size of a bacterial sector as the ratio between the sector’s arc length and
the sides length of the sector. We illustrate this in Figure 4.33. It should be
noted though that this is an oversimplification of the sector size as it assumes the
sectors form straight edges. It is also assumed that there is no difference between
the growth rate of the bacterial strains used as if one strain divides many times
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Figure 4.32

Comparison image of bacterial sectors formed after 24 hours of
growth. A. Control plate. B. 18.5 Hz deformed plate.

Figure 4.33

Definition of angular sector size. The sine of the sector angle, θ,
can be expressed as the ratio of the arc length, α, to the sector
side’s length, r.

more than the other in the same time period then it is unlikely that the slower
growing strain will be able to form successful sectors. As the colony grows larger,
over a period of hours, the sector will fan out, resulting in a greater angular sector
size than at earlier time points. In our vibration experiment we are perturbing
the system and one of the main results is the observation that as the vibration is
increased, the rate at which colonisation occurs also increases, resulting in larger
final colony diameters in 24 hours. Therefore, vibrating the plate should lead to
larger sectors being formed which is what we observe in the comparison of plates
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Histogram of Colony Sector Angular Sizes
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Histogram showing distribution of angular sector size for a control
and deformed plate colonies.

shown in Figure 4.32. The angle function in ImageJ was used to measure θ and
then the sine of this angle was calculated to determine the angular size of the
sectors throughout the whole plate. The number of sectors for the colonies could
also be counted by eye. The frequency of the sector size is shown for deformed and
static plates in Figure 4.34. Both the control and deformed plate distributions
in Figure 4.34 have a peak sector angular size of 0.3 however the deformed plate
has a much wider distribution showing that sectors with larger angular sizes are
present. The control distribution is narrow and records only 3 sectors with an
angular size greater than the peak value of 0.3. A connection was then made
between the increased diameter effect and the angular size of the sectors. As the
deformed plate’s colonies are larger in diameter then the sectors present in these
colonies will be more established than in the control plate. This is because the
sectors are determined by the cells in the growing front and as the colony radially
expands the random walk nature of the sectors means that eventually cells become
trapped behind the front and frictional effects means it is unlikely that the strain
for that particular sector will be able to reposition itself in the growing front.
Eventually a diameter is reached where no new sectors will be produced and thus
the number of successful sectors will stabilise and these sectors will be larger.
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In the control plate, the sectors are not close to the stabilising point yet so the
sectors are small and numerous as seen in Figure 4.32. Therefore we can say that
by deforming the plate, bacterial colony sectors are affected and this is manifested
as an increase in their size. This effect is manifested through the increase in the
diameter of the colonies growing in the fixed period of time. The increase in
diameter, which we now believe to be mainly tied to the strain field produced
through deformation, essentially accelerates the sectors reaching the stabilising
point. Cells in the strain region are then able to colonise the plate at a faster rate
which leads to well defined, stable sectors forming earlier than on static plates
with no strain field. We shall see in the discussion section of this chapter that
this increased rate of expansion, which is often in a preferred direction, can be
explained by cells at the colony perimeter, in the growing layer, switching their
postional orientation due to the mechanical forces created by the deformation.
This hypothesis can then explain the differences we observe between sectors in
the deformed plate’s colonies when compared to the static, control colonies.

4.7

Discussion

This chapter has detailed the results and analysis from an experimental setup that
allows for the growth of bacterial colonies on a deformable, vibrating surface.
We have shown that by using a modified speaker, one is able to deform an
agarose plate and in doing so provide a substrate for growth that is perturbed
both by vertical acceleration and by an inhomogeneous elastic strain field. It is
observed that the colonies grown on this vibrating/deforming plate exhibit two
main effects: an increase in colony perimeter roughness and final colony diameter.
The plate acceleration was measured using an accelerometer and it was observed
that once a/g > 1 (corresponding to speaker driving frequency > 18.5 Hz) then
the perimeter roughness of the colonies exhibit a large increase, shown in Figure
4.30. By comparing these experimental observations, with those obtained for
a connected agar plate, for which there is no induced elastic strain but is still
subject to vertical acceleration, we see that acceleration alone is sufficient to
cause an increase in the perimeter roughness, however to observe the increase in
diameter there must be an elastic deformation present also. Using a Leica TS8
confocal microscope, images were captured at single cell resolution, of control
and deformed plate colony perimeters. From the confocal images shown in Figure
4.35 one can see largescale differences between the static control and deformed
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Figure 4.35

A. Control colony perimeter, showing smooth boundary with aligned
cells. B. Deformed plate colony perimeter showing discontinous
boundary with cells detached from marcocolony.

plate’s colony perimeter. In the control plate, Panel A, the colony’s perimeter
is smooth and cells are aligned with their nearest neighbour showing some long
range correlation. The perimeter is also tightly packed with the area surrounding
cells being fully occupied by other bacteria. The preference for E.coli cells to grow
in the manner shown in Panel A, with cell bodies aligned tangential to the colony
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perimeter is well documented in the literature and is a result of growth-induced
alignment [71, 91]. A velocity gradient created at the perimeter of colonies grown
on static substrates, creates a torque which acts on cells at the perimeter and realigns them to be orthogonal to the direction of radial growth, which then results
in a smooth perimeter forming [71]. For our experiments, using a deformed
plate shown in Panel B, the perimeter is no longer smooth, with some cells
now orientated perpendicular to the perimeter, some protruding out from the
perimeter and some detached from the main body of the colony. The long-ranged
correlation between cell alignment appears to have decreased and now cells are
less likely to be aligned with respect to their neighbours than for colonies grown
on static plates. Experiments conducted on simple granular materials have shown
that the acceleration of a supporting substrate is sufficient to decrease the net
normal force (in the case of granular materials this is simply gravity) to allow for
a change in the relative position and orientation [77, 80]. In our experiments on
cells (active matter), this decrease in the net normal force (which is now formed
mostly from adhesion) induced through vertical acceleration, allows the cells to
reorientate themselves at the colony perimeter. The stretching and compressing
of the agar will change the velocity gradient, likely decreasing it, which will then
reduce the effective torque used by [71] to explain the reorientation of the cells
at the perimeter. A possible explanation for the decrease of the velocity gradient
at the perimeter is that on elastically deformed colonies there is a change to
osmotically driven flow (see Chapter 5 discussion) which now extends beyond
the edge of the colony. The modification of the effective torque then means
that cells can grow in an orientation parallel to the direction of radial growth
which then explains why we observe cells in this orientation in Figure 4.35.
This then disturbs any long-ranged correlation between nearest neighbour cells
that keeps the colony tightly packed. The disturbance of correlation (directional
order) then causes the colonies to generate more points of discontinuity in their
perimeters, where one cell is orientated significantly different when compared to
its neighbour. These discontinuities are then propagated along the colony’s edge
as the cells continue to grow and this leads to the development of the rougher
perimeters as cells have their orientation switched and now face outwards from
the centre of the colony rather than being aligned tangential to the direction of
radial growth. The presence of isolated cells that are detached from the main
colony are also observed on the deformed plate’s confocal images (Panel B). By
recording multiple images from different plates (shown in Appendix B.6.) these
isolated bacteria were determined to not be a consequence of post-experiment
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handling as they are only ever present on the deformed plates and never on the
control, static ones. These images further inform us that it is possible for cells
to shift their relative position ahead of the macrocolony and establish isolated
islands which then experience a period of time where they can grow without
competing for nutrients with the main colony. When these islands are reabsorbed
into the colony they will contribute to the roughening of the colony’s perimeter.
The presence of these islands is one of the most drastic differences between the
control and deformed plates. Another interesting feature that one can see is only
present in the deformed plate’s perimeter image is the fact that distinct terraces
can be observed as one transitions from the growing layer and moves into the
colony. These terraces are a signature of colonies grown on deformed plates and
show that the growing monolayer of cells can spread further in 2D before the
internal stress due to growth increases to a point that cells transition to a 3D
layer. This could be a consequence of a decrease in the friction coefficient between
te cells and the agar substrate and is explored further in the discussion section of
Chapter 5. It should be noted though that in these experiments with acceleration
and/or elastic deformation it is not that adhesion is completley overcome and
the cells fully detach from the substrate. It should be thought of as the time
dependant application of the strain and acceleration causes momentary changes
to the mechanical forces experienced by the cells and this allows cells to shift their
relative position/orientation. These terraces observed in the confocal images also
show that as one transitions further into the colony from the perimeter, the image
very quickly becomes out of focus for the control plate but one can transition
further into the deformed plate colony before the cells drift out of focus. This
informs us that the control colonies must have a very rapid increase in height after
moving a few microns into the colony from the perimeter and in Chapter 5 we
go on to map the height profile for colonies grown on static and deformed plates.
The colonies grown on deformed plates have a wider, less packed growing layer
that enables the colony front to remain quasi-2D for a greater distance. Therefore
there are clear differences between colonies grown on the deformed plate when
compared to a static control one at the single cell level, and these differences
can account for the manifestation of the observed effects. In conclusion, we have
shown through this work that both the plate’s acceleration and the generated
strain field are crucial parameters that must both be present in order to observe
the increase in perimeter roughness and the final recorded colony diameter.
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Chapter 5
Measuring Growth Dynamics via an
in-situ Microscope for Static and
Vibrated Plates
The previous chapter has shown that bacterial colonies are affected by a
deformable vibrating agar surface whereby both the perimeter roughness and the
final diameter of the colonies increase. To gain more insight into the dynamics
of colony growth we developed a microscope setup that would enable real-time
imaging of colony growth on the vibrated plate. In addition to detailing the
steps involved in developing the setup, this chapter will report measurements of
the velocity and width of the propagating growth front of the colonies. This
chapter will also report colony height profiles measured ex-situ using the confocal
microscope that was used in Chapter 4 to determine changes in cell orientation
at the colony perimeter.

5.1

Basic Microscope Setup and Working Principle

As the agar plate on which the colonies grow is mounted on the modified
loudspeaker, to track the colony front roughness and velocity in-situ and in
real-time requires a microscope setup to be designed around these substrates.
The simplest method to build a microscope around the speaker was to have an
objective above the plate and a source of illumination below. The source of
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illumination needed to be relatively compact as it needed to fit in the small space
below the plate, thus a white LED was chosen. Due to the divergent nature of
the light emmited from the LED, only low magnification objectives could be used
and a Nikon 4x objective was selected, which provides sufficient resolution for the
purposes of imaging the colony perimeter and tracking the velocity in real-time.
To allow for imaging of the whole colony and indeed multiple colonies on one
plate, it was necessary to be able to vary the xy-position of the plate relative
to the objective, as well as the z−position to facilitate focussing. To facilitate
these relative translational motions a simple USB-controlled milling machine
was purchased from Hobbyking (model: T8 3-axis CNC milling machine). The
automatic stage, which could be moved in the xy directions, had an area drilled
out of it so that the speaker could be securely mounted and the mounting point
for the milling machine’s cutter was modified to support an optical tube carrying
an objective and a USB camera (Amscope model no: MD300). This allowed the
objective to be raised/lowered relative to the colony on the agar plate to enable
for images to be focussed and captured. Figure 5.1 shows this setup.
Automated imaging was enabled using an Arduino board and a custom op-amp
circuit built by Dr.Waclaw and is shown in Appendix C.1. The driving frequency
of the speaker is controlled via a potentiometer and there is another potentiometer
that controls the amplitude of oscillation. Unlike the previous setup where the
frequency was controlled and read off the signal generator, an oscilloscope is now
needed to be connected to the op-amp circuit in order to identify what frequency
is currently driving the plate. Using this combination of Arduino software and
circuitry, one is able to identify the correct focal plane for imaging the growing
colony via moving the objective vertically and postioning the plate underneath
correctly using the xy stage. The Arduino software then assigns this focal plane
a number between 0 and 255. One can then input whatever number has been
assigned to the optimal focal plane and as the experiment progresses, at each
timestep (interval = 2 minutes), the z-position of the objective is scanned through
±10 levels around the initial focal plane. The fact that the software takes images
both above and below the initially identified focal plane is an advantage as this
will allow any effects caused by mechanical drift due to the warm environment
or the agar surface not being perfectly horizontal to be minimised. One can then
select the optimal image for each timepoint that represents the best colony image
and produce a clear timelapse.
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Figure 5.1

5.2

In-situ microscope with a speaker and attached agar plate. The 4×
objective can also be seen postioned above the plate and above this is
the USB camera.

In-situ Imaging Results

The following subsections detail results and images taken on the in-situ microscope. First we look at the timelapse capability of the setup and then progress
onto quantative analysis with the velocity of the growing front and its width being
characterised for colonies grown on plates driven at different frequencies.

5.2.1

Timelapse Movies

A major advantage of having this in-situ microscope is the ability to image
colonies as they grow in real time on the agar substrate. In order to setup
the timelapse the plate is first inoculated with bacteria and then left to vibrate
continuously for 4 hours. After this period of time has elapsed, bacteria are
located by moving the xy stage and adjusting the height of the objective. Once
the bacteria have been identified, the timelapse was setup in the custom imaging
software. For our experiments the software captured images every 2 minutes,
pausing the vibration for 5 seconds whilst the image is captured, before resuming
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the vibration. In Figure 5.2, snapshots from such a movie are shown and the
full movie can be viewed here (Timelapse Movie). In Figure 5.2 one can see the
colony front moving forward between frames. We quantify this by measuring a
velocity of front propagation.

5.2.2

Velocity of Propagating Fronts

Now that the setup has been optimised, the velocity of the growth of the colony’s
front can be calculated. To do this the following protocol was utilised: First
the colony’s growth is imaged as described above to create a timelapse in FIJI.
Once this has been created, 12 tracking lines are manually drawn on the image
that intersect the front and are spaced approximately equal distances apart, as
shown in Figure 5.3. Then for each subsequent frame in the timelapse the lines
are extended so that the inital point that was intersecting the front, tracks it as
it propagates forward. At each point when the lines are extended, FIJI measures
the new lengths, and then this is recorded so that the length of the lines at each
point of the timelapse are tracked. The tracking lines should be drawn orthogonal
to the front however due to the rough, and ever changing nature of the front this
was difficult to ensure and implement when extending the lines. Therefore the
tracking lines do not always intersect the front exactly orthogonally and this will
contribute to the spread on velocity values stated in Table 5.2 however by using 12
tracking lines that sample the majority of the colony advancing front, an accurate
representation of the front velocity will still be achieved and it is likely that at each
timepoint at least one of the tracking lines will intersect the front orthogonally.
This tracking protocol is carried out for one hour of growth in total, where an
image is captured every 2 minutes. The one hour period is selected after the
colony has formed a single, confluent layer and is growing radially outwards. The
time taken for a confluent layer to form was found to be 4 hours after inoculation
and therefore this tracking analysis was carried out after this time had elapsed.
After recording all of the tracking line’s lengths for an hour, they can be plotted
as a function of time. These lines are then used to generate an average line length
for each timepoint and the gradient of this line plotted gives an instantaneous
velocity value in pixel/second. This gradient is then converted to µm/min via
a pixel conversion factor, this factor varies depending on the resolution used in
the imaging. Using a microscope calibration slide with known increments, the
conversion factor was determined for each resolution, and the values are shown in
Table 5.1. Figure 5.4 shows the evolution of the 12 tracking lines used to measure
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Figure 5.2

Timelapse movie snapshots over 2 hours showing a radially
propagating colony front advancing across the agar substrate. White
arrow denotes direction of growth. Black pixel circled in red can be
used as a static reference point in each frame.
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Resolution
640
1280
1600
2048

x
x
x
x

480
1024
1200
1536

Conversion Factor (µm/pix)
2.6
1.2
0.9
0.7

Table 5.1 Pixel to µm conversion factors for different mircoscope image
resolutions. Default resolution used is 1280 x 1024.

Figure 5.3

False colour image of colony front with 10 tracking lines overlayed
on image which are used to calculate the front velocity. Every 2
minutes the tracking lines are extended and the distance moved is
recorded.

the velocity of propagation of the colony front on a plate vibrated at 5 Hz. This
protocol was used to measure the propagating front velocity for plates vibrated
at the frequencies specified in Table 5.2. From Table 5.2 one can observe that the
velocity of the front is greater for the vibrated plates than the static control, and
increases with vibration frequency. This informs us that deforming the plate and
introducing vibration alters the velocity at which the colony spreads across the
agar and this is reflected as an increase in the final colony diameter after 24 hours
of growth as observed in subsection 4.2.2. Possible physical mechanisms driving
this increase in colony front propagation velocity with vibration frequency are
explored in the discussion section of this chapter.
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Colony Front Tracking Line Length vs Time
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Figure 5.4
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Example plot of length of tracking line as a function of time for 5
Hz plate, used to calculate averaged velocity of the front. Average
trendline shown in black. Tracking started approximately 4 hours
after inoculation.

Table 5.2 Velocities of growing colony front’s in µmmin−1 calculated from
gradient. Errors are standard deviation from the mean.

Plate Frequency (Hz)
0
5
16
18.5
30
50

Front Velocity (µm min−1 )
1.6
3.8
4.8
4.9
6.0
9.2

±
±
±
±
±
±

0.2
0.7
0.5
1.2
0.2
1.1

We now compare these directly measured colony front propagation velocities with
those that can be determined from a fit to a model for radial growth of a colony
in the linear phase [6]. The model is represented by the following equation:
R(t) = A + Bt + Cln(t).

(5.1)

In this model, A is related to the radius of the initial inoculum droplet, B is
a constant asymptomatic radial growth velocity and C is related to the width
of the growing front. The logarithmic correction reflects nutrient diffusion from
the agar substrate into an annulus of finite width at the colony front, in which
growth is occuring. The linear growth phase is entered when the colonies start
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to exhibit a clear radial expansion, which occurs approximately 5 hours after
inoculation. Using a Python script, the data from tracking the radial evolution
of colonies, R(t), in our timelapses could be fitted to the theoretical value from
Equation 5.1 over a time window that extends for 3 hours from the point at which
radial expansion of the colony starts (5 hours post inoculation). Measurements
were recorded every 15 minutes and the growth was plotted as a function of
time. This yielded values for the B and C coefficients that could then be used
to investigate the predicted growth velocity. The instantaneous velocity of the
front, v(t), is given by Equation 5.2 which is consistent with our experimental
observation that colony fronts reach a steady state propagation velocity before a
nutrient-limited phase of growth is entered.
C
dR(t)
= v(t) = B + .
dt
t

(5.2)

Figure 5.5 shows an example of a fit to colony radius expansion on a plate vibrated
at 5 Hz. One can observe that by using the optimised values for the parameters we
achieve a strong fit to the experimental data. The best fit values for B and C are
shown in Table 5.3 for different plate vibration frequencies. One can observe from
Table 5.3 that the value of B increases as the driving frequency becomes greater.
Using these values for the B and C model parameters, Figure 5.6 was generated

Tracked Growth of Colony vs Time

Colony Radius (mm)

2.1

Model
Data

2.0
1.9
1.8
1.7
1.6
2000

Figure 5.5

4000

6000
8000
Time (seconds)

10000

Example plot showing the fitting of the growth model to the
experimental data obtained through image analysis and tracking for
a 5 Hz plate. The data fitted to the model was collected 4 hours after
the plate was inoculated.
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Table 5.3 B and C parameter values produced from fitting to radial growth
model.

Plate Frequency (Hz) B (µm min−1 )
0
5
16
18.5
30
50

2.3
3.2
3.1
3.1
5.1
9.5

C (µm)
16.8
15.4
105.2
145.8
111.0
56.6

which shows the changing theoretical velocity values over a 5.25 hour period of
growth for plates driven at different frequencies. Although this does not extend
to the full 24 hours of growth, the clear behaviour of the velocity can be viewed in
this figure and the plot shows that the velocity initially decays before reaching a
steady state value. It is also interesting that as the frequency increases the inital
velocity increases. The apparent variation in initial velocity is a consequence of
the variation in C, which is an indication of the increase in the width of the
growing region (annulus) that we observe - see subsection 5.2.3. It is clear that

Velocity ( m/min)

Velocity Trendlines for Colonies Grown on Plates with Different Driving Frequencies
control
18.5 Hz
5 Hz
30 Hz
12
16 Hz
50 Hz
10
8
6
4
2

0

Figure 5.6

2500
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7500 10000 12500 15000 17500
time (s)

Colony front velocities extrapolated over a longer timescale calculated
using B and C coefficients.
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the average colony front propagation velocity increases with frequency, consistent
with the observations in subsection 4.2.2 of an increase in colony diameter after 24
hours of growth with increasing frequency. If one records the final velocity value
for each trendline, the following values are obtained and are shown in Table 5.4.
The terminal velocity of colony front propagation increases with frequency, which
Table 5.4 Velocities of growing colony front’s in µm min−1 calculated from
velocity model.

Plate Frequency (Hz)

Front Velocity (µm min−1 )

0
5
16
18.5
30
50

2.3
3.3
3.4
3.6
5.5
9.7

is similar to the trend observed for the instantaneous colony front propagation
measured at a fixed time point and reported in Table 5.2. We see that the
results from Table 5.4 differ slightly from the values obtained using a different
method (Table 5.2). The reason is that Table 5.2 shows instantaneous velocities
at a particular time point, t=18,900 s, whereas the velocities from Table 5.4 are
steady-state velocities in the long time limit based on the radial growth model.
The same approach was applied to growth timelaspes of colony fronts measured on
agar substrates formulated at different concentrations to have different stiffnesses
and vibrated at 20 Hz. This was motivated due to the fact that there is a decrease
in the roughness of colonies grown on stiffer agarose plates. Figure 5.7 shows the
predicted variation of colony front propagation velocity with time for colonies
grown on agar plates formulated at different concentrations and vibrated at 20
Hz. From Figure 5.7 one can see that as the stiffness of the agar plate is increased,
i.e we move to higher %wt agar, the velocity of the colony’s front decreases both in
its initial starting value and also the steady state velocity value which it stabilises
at. This can be explained as a result of the denser polymer networks present
in higher %wt agar plates resisting the deformation forces which results in the
colonies growing on the surface experiencing a decreased strain field. From the
work presented in Chapter 4, we know that the strain field is necessary for the
increase in diameter (and therefore increase in front velocity), and a reduction
of the strain field on stiffer agar plates would explain why the front velocity
decreases. This decrease in steady state velocity is plotted with the decreasing
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Colony front velocities for different agar %wt, control and frequency = 20 Hz
Legend
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Velocity trends for colony fronts grown on different %wt agars.
Dashed lines represent data from vibrated plates whilst the solid lines
are control/static plates.
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Velocity trends for colony fronts grown on different %wt agars. Front
velocity shown in blue and colony roughness in red.

roughness of the colonies and shown in Figure 5.8.
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5.2.3

Width of Propagating Fronts

From the timelapses captured using the in-situ microscope it was also observed
that the width of the growing front changes depending on the frequency at which
the plate was vibrated. This region is comprised of a single monolayer of cells,
which are in a nutrient rich region of the plate and is where the majority of growth
takes place that drives the radial expansion of the colony across the plate. Figure
4.35 shows the monolayer and the importance of this region has featured in many
experimental and modelling studies [6, 23, 63]. A schematic of the growing layer
is shown in Figure 5.9 where the bright green cells represent the growing layer in
which cells are aligned horizontal to the plate. The red cells represent cells that
form the upper layers and 3D structure of the colony. The width of the growing
front was quantified by using the FIJI image software to draw a polygon that
connects the perimeter of the colony’s growing front with the perimeter of the 3D
part of the colony, labelled A and B in Figure 5.10, and that spans a field of view,
labelled C as shown in Figure 5.10. The width of the growing front (outlined in
yellow in Figure 5.10) is then characterized as the ratio of the area of the polygon
to the horizontal dimension of the polygon. By using this method and analysing

Figure 5.9

Schematic showing XZ slice of a growing colony. Green cells are in
the growing front and the thin, annulus region can be observed at the
colony front. Red cells form the 3D structure of the upper layers of
the colony. Schematic taken from [6]
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Figure 5.10

Image showing polygon and length of front on 5 Hz plate being
defined. Using the area of the polygon and the length of the
front, the width can then be calculated. A=colony growing front
perimeter, B=perimeter of region of colony that has transitioned
into 3D, C=horizontal dimension of the polygon.

Table 5.5 Widths of propagating colony monolayer fronts (µm)

Plate Frequency (Hz)

Front Width (µm)

0
5
16
18.5
30
50

39 ± 1
134± 12
169 ± 55
171 ± 14
257 ± 10
320 ± 56

5 images per plate, an average width is produced along with a standard error
which is shown in Table 5.5. The table shows that the width of the monolayer
front appears to increase as the driving frequency of the plate is also increased.
One way to think of this is essentially that the agar is being deformed and then
on top of this is another layer that is the bacterial colony. The colony will have its
own mechanical response to the deformation and may even try to resist it in some
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way since the colony is comprised of active matter. Through the forces created
by the deformation of the agar substrate being exerted on the colony, the width
of the growing front is then extended, which leads to larger colonies growing in
the fixed 24 hours growth period when compared to colonies from static control
plates.

5.3

Measuring Colony Height Profiles

The information presented so far has concentrated on the 2D extent of the colonies
and on the colony perimeter roughness. The major limitation of this setup is
that it does not allow for 3D information to be determined, such as the height
profiles of colonies grown on different frequency plates. As a bacterial colony
grows, the internal pressure and forces acting on the cells that arise from division
eventually become large enough to overcome the effects of friction between the
cells and the substrate which then allows for cells to switch from a horizontal to
vertical orientation, which is referred to as buckling in the literature [92]. At this
point the growing colony has now transitioned from being 2D to 3D and cells
divide into all planes, not just in the horizontal direction which was illustrated
in Figure 5.9. From low magnification images shown previously, such as Figure
4.19, colonies grown on vibrated plates not only grew with increased diameter
and perimeter roughness but also displayed an increase in transparency. This
increase in transparency, along with the increase in diameter, suggests that there
is a change in the 3D structure as more light is successfully transmitting through
the colony. This is supported by the high resolution images presented in Figure
4.35. These images not only revealed a difference in the cell density in the growing
layer, but it is also evident that as one progresses back from the colony front, the
image measured from a colony that had been grown on a static plate becomes
out of focus more rapidly, than the image measured from the colony grown on the
plate that had been vibrated. This indicates a difference in the 3D morphology of
the colonies. In order to calculate the colony height profiles, a different imaging
system was utilised: a confocal microscope. This subsection will be concerned
with the images and analysis carried out using a Leica TS8 confocal microscope.
Images were taken that allowed for work to be carried out to measure the height
profiles for both static and deformed plate colonies. This then allows for a direct
comparison to be made between the height profiles for these two types of colonies
and the results can then be related back to the observed effects seen in the
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previous sections. By mapping the height profiles we can then also comment on
the colony volume and compare this with control, static plates. This will then
allow us to determine if the growth rate of colonies grown on the deformed plates
is changed through a conversion of the total colony volume into a number of cells.

5.3.1

Method to Measure Colony Height Profiles

To determine the height profiles of colonies grown on static and vibrated plates,
the confocal microscope was used to image an entire strip of each type of colony.
This meant that one could start at one edge of the colony and move to the
opposite edge whilst imaging the colony as the objective transitioned laterally
across in the xy plane. First the colony was excised from the agar plate using
a scalpel, placed onto a coverslip and mounted onto the confocal microscope
orientated with the top of the colony facing the objective and the agar substrate
facing the coverslip. At the colony edge, we focussed on the monolayer of cells
in the growth front as discussed in the previous section. The z-position of the
objective at this point provides a reference height, with respect to which the
colony height profile is measured. The objective was then scanned across the
colony in 300 µm steps. At each imaging position, the z-position of the objective
at which the image in the fluorescent channel was sharpest was measured. This
process is then repeated until the second edge of the colony is reached. Appendix
C.3 contains a figure which illustrates this protocol for completeness. As the
colony points towards the objective due to the inverted optics geometry of the
microscope, then as one scans across the colony it is expected that the z-height
of the objective will decrease towards the centre of the colony, before increasing
again as the objective is scanned towards the colony front on the other side of
the colony perimeter. Once all positions had been processed the height difference
was calculated by taking the reference z-height value and subtracting all other
position’s in-focus slice number from this. Figures 5.11 and 5.12 show examples of
height profiles for colonies grown on control and 20 Hz deformed plates (separate
experiments). The presence of the two peaks on either side of the colony’s centre
point allows us to describe the morphology of these colonies as crateroid. The
real difference between the control and deformed plates lies in the maximum
height of these profiles and their diameters. The blue lines correspond to the
control plates and the orange are the deformed. The control plates grow to a
greater overall colony height but their diameter is smaller when compared to the
deformed plates. The observation of larger colony diameter agrees with previous
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detailed results for deformed plates. However, we can now see that the increase
in colony diameter is accompanied by a decrease in the colony height. This is
consistent with the qualitative observations made for the transparancy of the low
resolution colony images and the focus of the high resolution confocal images
discussed in Section 4.7. Another observation made is that as one moves further
out from a selected peak, the height decreases but in a less steep manner in the
deformed plate’s profiles than that of the controls. This may be a consequence of
the many layers of bacteria being distrurbed due to the vibrating plate slightly
changing the position of each cell (as shown in Panel B of Figure 4.35) and this
generates the slower decrease in colony height as one moves outwards from the
centre. The control colony is tightly packed and when one moves a few 100 µm
from the edge, this then translates to the rapid increase in colony height that we
can see in the plot produced. This is also shown previously in Figure 4.35 where
the image in Panel A rapidly becomes out of focus when transitioning slightly
into the colony. This is a result of the focal plane quickly shifting upwards due
to the colony height rapdily increasing. Therefore, the act of growing the colony
on a vibrating, deforming surface may be causing a change in the packing of the
cells in the colony, and therefore height, at the edge of the growing front which
is supported by the confocal images. Also, as the first step in from the colony
perimeter is 300 µm, it is clear that we step over the annular growing front region
that was evident in the confocal images presented in Figures 4.35, which indicate
that on the vibrated plates, 3D morphology emerges through a number of terraces
that sequentially add an additional layer ontop of the growing layer.

5.3.2

Comparison of Cell Density between Static and
Vibrated Colonies

The height profiles previously plotted do show that the increase in height of
the colonies grown on vibrted plates is more gradual than on the static plates.
This suggests that the decrease in the cell density, and hence increase in relative
separation of the centres-of-mass of the cells observed in the 2D growing layer on
the vibrated plate might be propagated into 3D. The colony height profiles allow
us to try to learn something about the biomass present in the colony, by evaluating
the volume-of-revolution associated with the height profile. It is known that E.coli
cells grown on static agar plates exhibit a preference to maximise cell-cell contact
and minimise empty space within the colony however our our confocal images
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combined with the plotted height profiles suggest that this is no longer true on
vibrated plates [93]. The colony can be thought of as a granular suspension of
particles and one can then treat the volume of the colony being comprised of cells.
Using the height profile plots, the area under the graph can be calculated and
transformed into a volume assuming cylindrical symmetry. The volume under
the plots was calculated using the trapezium rule in Python where the height
values are summed and multiplied by the postional spacing used when imaging.
The rule must be modified in our case to take into account the radius of the
colony. We therefore add a weighting factor that represents the distance from
the centre of the colony to the position at which the height is being determined.
Another way to visulise this weighting factor is that it is the determinant of the
Jacobian matrix that must be added when moving from cartesian to polar coordinates. The modified trapezium rule used to calculate the volume is shown in
Equation 5.3:
N
−1
X

V olume = 2π∆x((

k=1

120

rN f (xN ) + r0 f (x0 )
).
2

(5.3)

Colony Height Profile for Control and 20 Hz Plates
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Figure 5.11

Colony height profiles for control and 20 Hz plate colonies.
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Colony Height Profile for Control and 20 Hz Plates
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Figure 5.12

Colony height profiles for control and 20 Hz plate colonies from a
different plate.

Where ∆x represents the width between imaging points on the strip, rk is the
radial distance to the imaging point on the strip and f (xk ) is the height of
the colony at position k. Using Equation 5.3, the corresponding volumes were
calculated for the plots shown in Figures 5.11 and 5.12. For the control plots
the average volume was calculated to be: 5.2 ± 0.4 x 109 µm3 and for the 20
Hz height plots the average volume was: 5.1 ± 0.4 x 109 µm3 1 . This shows that
the total colony volume does not increase when colonies are grown on a deformed
plate and this means that the increase in diameter is not likely to be due to
an increase in the total number of cells, but rather a reorganisation of the cells
already present in the colony. Using small, defined regions in confocal images such
as those shown in Figure 5.13, we were able to calculate the density of cells in the
growing front for static and deformed plates. The defined regions (average area:
115 µm2 ) were analysed using the FIJI threshold function and then the number
of cells present could be automatically counted. A thresholded region is shown in
1

When converted into a number of cells, by dividing by a cell’s volume of µm3 , this process
produces cell numbers of 7.4 and 7.3 billion cells for the control and 20 Hz plates. Assuming
that the cells are packed to the same volume fraction, which is consistent with the observation
that for colonies grown on static agar plates the cells maximize cell-to-cell contact and hence
minimize empty space in the colony [93]
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Figure 5.13. By then dividing the number of cells counted by the defined region’s
area, the average area density values with standard error were calculated as 0.88
± 0.12 cells/µm2 and 0.75 ± 0.04 cells/µm2 based on 5 measurements for static
and deformed plates respectively. This analysis shows that there is a change in
the cell packing at the growing front for colonies grown on deformed plates when
compared to static ones. This reorganisation then causes the density of cells in
the growing layer to decrease by allowing the cells to move further apart. This
then increases the frequency that cells will then switch their orientation which in
turn leads to an increase in the perimeter roughness and also the final diameter
the colony grows to. It should be noted though that our measurements of cell
density informs us that the packing fraction of cells decreases in the growing front
only. We are not able to comment on if the volume decreases in the main colony
further back from the front, and based on the volume calculations used earlier it
is unlikely that the packing fraction decreases throughout the whole of the colony.
Therefore we can say that it is the decrease in cell density of the growing front
that facilitates the increase in the perimeter roughness and final colony diameter.

110

A.

B.

Figure 5.13

Confocal images (A. Control plate, B. Deformed plate) with defined
thresholded region used to calculate cell density.
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5.4

Discussion

This chapter has shown that building an in-situ microscope has allowed us to
image the bacterial colonies as they are grown in real-time on an agar plate. This
enabled us to measure the velocity and width of the growing front of colonies
for different driving frequencies and substrates with different elastic moduli. As
a plate’s driving frequency increases, the velocity at which the colonies front
propagates also increases. This results in the larger final colony diameter after 24
hours of growth previously described in Chapter 4. As the agar becomes stiffer by
formulating at a higher concentration, the velocity of the colony propagation front
decreases as does the colony perimeter roughness. In the discussion of Chapter 4,
the possibility that the change in front velocity (and hence change in colony final
diameter) and roughness could be linked to a change in the friction coefficient
between the cells and the agar surface was raised. To develop a discussion, one
can write down an expression that balances the cell-agar friction force (= ζvl,
where ζ is the friction coefficient, v is colony front propagation velocity and l is
the distance the front advances after one generation of division) to a force, F ,
associated with the internal pressure generated by growth.
F = ζvl.

(5.4)

It is clear that if the friction coefficent is decreased (and l remains constant),
then the colony front’s velocity will increase, subject to there being a constant
driving force. A possible cause of a reduction in the friction coefficient is if the
interfacial film at the surface of the hydrogel is more hydrated. The dangling
chains will form a brush like layer which will result in a frictional force that
might be expected to decrease with hydration [94]. A more hydrated interfacial
film would allow for cells to move more easily across the surface than a less
hydrated film. This will lead to a more gradual build-up of the stress within
the growing layer which can then form a wider annular growth region before the
build-up of stress forces a transition into the third dimension. Previous studies
have pointed to the flow of water in/out of deformed agar. Bryant et al have
shown that rheological frequency sweeps conducted using porous platens resulted
in a lower storage modulus which they attribute to squeezed out water from the
hydrogel [95]. Mao showed that that a unilateral compression of an agar block
beyond a critical strain of a few % results in water droplets being expressed onto
the agar surface, where it remains rather than being absorbed back into the agar
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mesh [96].

5.4.1

Comparing with a Modified Friction Coefficent Model

To investigate the effect of a changing friction term on the growth of a bacterial
colony, simulations were set up by Dr.Waclaw in which the XZ section of a growing
colony was simulated. The model is described in [6], here I only briefly discuss
what is different from those simulations. The simulated colonies are given an
inital inoculum radius of 1.5 mm (1500 µm) and then allowed to grow for a time
period close to the standard 24 hours of growth allowed in the actual experiment.
In these simulations the growth period is 30.04 hours. The simulated XZ profiles
are shown in Figure 5.14. One can see in Figure 5.14 that the colony grows radially
outwards and the distinct two peak region can be observed that corresponds to
the inoculum ring formed when the bacterial droplet is first placed and allowed
to evaporate on the surface. Simulations were carried out for six different values
of the friction coefficient, ζ. For 10 ≤ ζ ≤ 50 Pah (right column in Figure
5.14), the colony diameter (horizontal extent in the figure) does not change much
with ζ and the growing front is a close compacted region where there is a rapid
transition from the front to the inner area of the colony. This would then lead
to a small colony growing after the 24 hours of growth. This range of ζ would
also represent most closely a control, or very low driving frequency, plate where
the growing fronts width is small and again this would be represented by a rapid
increase in colony height when only moving a small distance into the colony
starting from the edge. If one selects the bottom right simulation output, where
ζ = 50 Pah, one can see that after 30 hours of growth the colony radius has
increased from 1500 µm to 4800 µm. Now let’s compare this extreme value of
ζ to the opposite which would be the top left simulation output which is ζ = 1
Pah. When the friction coefficient is reduced below 10 Pah then the behaviour of
the colony as it grows outwards radially is changed. In particular, for ζ = 1 Pah
the colony not only grows to a size that is approximately double to that of the
higher ζ values but it also has a much more extended growing front. When one
starts to move into the colony after starting at the edge there is a much longer
period of gradual increase in the colony’s height. I think that again this captures
the nature of the colony’s growing front being much wider as noted for colonies
grown on plates at higher driving frequencies. The ζ = 1 Pah plot therefore tells
us that if one reduces the friction coefficient by some manner, for example by the
introduction of water, then the colony will grow to a larger final diameter in the
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Figure 5.14

ζ= 1 Pah

ζ= 10 Pah

ζ= 2 Pah

ζ= 20 Pah

ζ= 5 Pah

ζ= 50 Pah

Simulated profiles of colony growth in the XZ plane for different
values of ζ. ζ ranges from 1 to 50 Pah. Both axis are in units of
µm.

same period of time and therefore the colony’s front must experience an increase
in its velocity of propagation. Therefore, a reduction in the effective friction
coefficient can explain the key colony characteristics observed in our surface
deformation experiments. If deforming the agar is introducing excess water onto
the surface, then this would influence the osmotic pressure at the colony-agar
interface. For the case of bacterial colony growth, both Seminara et al and Yan
et al have described an osmotically induced flow of water from the agar into the
colony, driven by the presence of EPS as an osmolyte. The resulting osmotic
pressure gradient pulls water into the colony. They use this osmotically induced
flow to explain faster rate of colony growth observed for swimming colonies or
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mechanically unjammed colonies [40, 41]. Warren et al have also shown that the
cellular density of colonies grown on static agar is determined by the osmotic
balance between the colonies and the agar, with colonies grown on lower %wt
agar exhibiting an increase in fluid-like behaviour [23]. The equilibrium structure
of an agar hydrogel is determined by a balance of an osmotic repulsion (Flory
mixing) and entropic elasticity in the hydrogel mesh. In our experiments, the
periodic application of a strain (compression/stretching) will alter this balance,
which could lead to a perturbative osmotic flow between the agar hydrogel and
the bacterial colony, which could drive the decrease in cell density and decrease
the orientational constraint for cells at the colony perimeter.
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Chapter 6
Conclusions

6.1

Summary of Results and Future Work

This thesis has ultimately been concerned with studying the growth and adhesion
of E.coli cells in environments with an external perturbation. In Chapter 3, this
perturbation took the form of an applied flow passing through a PDMS or agar
microfluidic device, inoculated with strains of E.coli which differed in the types
of appendages present on the cell surface. It was shown that cells with fewer
types of appendage are dislodged at a lower critical flow rate. This confirms that
adhesion mediated by flagella and fimbraie is crucial for cells to withstand higher
flow rates. How the stiffness of the PDMS substrate that the cells have adhered to
influences this critical flow rate value has also been investigated and it was found
that as the PDMS becomes softer, cells are able to withstand larger flow rates
than on stiff, rigid PDMS. This was understood within the framework of JKR
mechanics, whereby deformation of the softer PDMS by the adhering cell leads to
a larger contact area between the cell and the softer PDMS. This increase in the
cell-substrate interaction area in which adhesive bonds can form, allows cells to
withstand a greater applied flow. We also suggest that for the softer PDMS (less
crosslinker added), there would be an increase in entanglement between the cell
appendages and both the pores present in the PDMS hydrogel and uncrosslinked
polymer chains which will decorate the flow channel surface. Using the same flow
devices, it was also investigated how the cell’s orientation with respect to the flow
direction influences the magnitude of drag force that can be withstood before
detachment. We found that once the flow exceeded the critical flow rate, the cells
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that remained adhered to the surface were mostly aligned parallel to the flow
direction. This orientation minimises the torque acting on the cell body allowing
for prolonged surface attachment. Finally, the microfluidic studies were brought
to a conclusion by fabricating an agar flow device to further investigate the impact
of flagella and fimbraie on adhesion rates when compared to a strain without these
appendages. It was found that these shaved cells were not able to remain adhered
to the agar device ceiling when exposed to prolonged flow, they would aggregate
with other cells as removing appendages decreases steric repulsion allowing for
possibly greater entanglement between AG43 proteins which are known to play
a role in cell aggregation.
In Chapter 4, an agar substrate was instead perturbed by periodically deforming it
using a modified speaker setup. Colonies subjected to this deformation increased
both their colony perimeter roughness and also final colony diameter after 24
hours of growth when compared to colonies grown on static control plates. We
established that both the acceleration of the plate and the elastic strain play a role
in the manifestation of the observed effects, by instead mounting the agar plate
substrate in a Petri dish that was directly connected to the loudspeaker cone,
such that there was no elastic deformation. When the acceleration at the plate
surface exceeds that due to gravity (a/g > 1) the perimeter roughness increases.
Only when the elastic strain field induced by agar deformation was additionally
present was the increase in final colony diameter observed. Using a confocal
microscope, images were taken at the perimeter of colonies grown on static control
and elastically deformed plates at single cell resolution. These images showed
that in the deformed plate colonies, there are changes in the relative positions
and preferred orientation of cells at the perimeter such that the average spacing
increased and orientation became less likely to be tangential to the perimeter. The
change in preferred cell alignment was suggested to be a consequence of the torque
acting on cells at the perimeter decreasing through the deformation of the plate.
This deformation changes the velocity gradient between the colony growing front
and the external agar surface. The decrease in this alignment torque then means
that cells can grow with orientations less correlated to their nearest neighbours,
allowing for a greater variation of the structure of the perimeter and a concomitant
increase in perimeter roughness. Isolated bacteria that lie ahead of the main
colony were also observed in the confocal images. The presence of these isolated
bacteria was determined to be further indication that cells are able to change their
relative position/orientation on deformed plates and the reincorporation of these
isolated bacteria after a period of time further contributes to the roughening of the
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perimeter. The confocal images also showed that the width of the growing front
appears to increase on deformed plates, meaning that cells can spread further
in a 2D layer before buckling into a 3D colony and we used this observation to
explain why these colonies grow to a larger final diameter after 24 hours of growth.
These confocal images allow us to form an impression of the 3D topography of
the colonies. As the images become out of focus closer to the perimeter on the
undeformed, control plates, it suggests that the transition to 3D is more abrupt
in this setup than for the vibrated/deformed substrates. Finally, we show that
the periodic deformation of the substrate means that sectors in colonies of mixed
bacterial strains (fluorescent/non-fluorescent) reach the stabilizing point more
rapidly than on static, control plates leading to the establishment of larger sectors.
A potential piece of future work would be to change the method in which the
stress is applied to the agar itself. Currently it undergoes a deformation caused
by the vertical movement of the coupling column however this could be changed
to a horizontal compression and stretching and it would then be interesting to
see what effect this has on the growth of E.coli colonies. A natural extension
to this work would be to use different strains of E.coli, with different types of
appendages, and observe how these colonies grow on deformed plates.
Finally, Chapter 5, describes an in-situ microscope that was built in order to
observe colonies growing on a deformed agar plate in real-time. This allowed
for direct measurement of the colony front propagation velocity and width of the
growing front for colonies growing on substrates deformed at different frequencies.
By capturing timelapses we found that the steady state expansion velocity
for colonies and the width of the growing front increases as one increases the
deformation frequency of the plate. The packing of cells in the growing front
was shown to decrease for colonies grown on a deformed plate and this combined
with mapping the height profiles of colonies from control and deformed plates
showed that the 3D structure for colonies subject to deformation changes when
compared to those grown on undeformed substrates. Although the total colony
volume remains approximately the same, the maximum height that deformed
plate colonies reach is less than on static control plates, and this explains why
deformed plate colonies are more transparent than the control. The changes
in colony front velocity and growing front width were then suggested to be a
result of a changing friction coefficient. Comparison to simulations conducted by
Dr. Waclaw supported this suggestion that these changes in colony morphology
could be related to a change in the cell-agar friction coefficient. We provide
plausible explanations as to why deformation might lend to a more hydrated
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interfacial layer and a concomitant decrease in the friction coefficient. Previous
experiments have shown that deformation of agar leads to water being expressed
on its surface. For our experiments, this could be augmented by perturbation
to drive osmotically induced flow between the agar hydrogel and the hydrogel
associated with EPS and other osmolytes found in growing bacterial colonies. To
further test this role of osmotically driven flow, it would be interesting to repeat
out deformation experiments but inoculating the plate this time with a strain of
E.coli that cannot produce EPS.
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Appendix A
Appendix 1

A.1

Derivation of Shear Stress due to Flow Rate
Expression

This appendix will show the derivation for the shear stress expression used to
calculate the drag froce on a bacterial cell in the PDMS microfluidic chambers.
First we will illustrate the setup and coordinate system that will be used in the
derivation. First we must establish the geometric conditions from which this
derivation can be computed from. Here we assume that h << w, that is the
height of the channel is much smaller than the width. This is correct for our
setup in which the height is on the order of 10’s of µm’s whilst the height is on

Figure A.1

A rectangular microfluidic chamber from which the shear stress can
be derived. In this figure h and w refer to the channels height and
width respectively.
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the order of mm’s. The velocity distribution in a channel with laminar flow and
this geometric condition is the following:
Vx (z) =

3
z
< u > (1 − ( h )2 )
2
2

Where < u > is the average fluid speed across the channel. It is known that the
shear stress is related to the viscosity of the fluid and the velocity profile by the
following expression:
dVx (z)
σs = η
dz h
2

If one now inserts the relevant expressions and computes the differential term we
arrive at the expression:
6<u>η
σs = −
h
The flow rate, Q, through a channel is related to the average velocity by the
following expression:
| Q |= hw | u |
Therfore we can rearrange the expression for shear stress to solve for an expression
for the average velocity and then insert this into the newly found expression for
the flow rate through the channel. When carried out this yields:
| Q |=

h2 wσs
6η

One then simply has to rearrange this expression to arrive at the final expression
used to calculate the shear stress created by the liquid flowing through the channel
and acting on the cell’s body. Therefore one gets as the final expression:
σs =

6Qη
h2 w

As expected.

A.2

Averaging Flow Images

In this appendix, an example will be given of how brightfield images captured of
cells in the PDMS microfluidic devices are converted into averaged images which
are clearer and remove unadhered bacteria from the field of view. In Figure A.2,
two successive frames are shown which were captured in the work carried out with
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a 5:1 PDMS flow device. These images were captured with a separation time of
10 seconds and are part of a standard 12 frame timelapse. One can observe that
there are many E.coli cells present in the field of view however only a fraction
of these are actually adhered to the surface and useful for my experimental
work. Therefore in order to remove the unadhered cells from the field of view I
used the image averaging feature in FIJI (Image>Stacks>Z-Project>Projection
Type>Average Intensity). Since many of the cells shown in Figure A.2 change

Figure A.2

A. Initial image of cells in flow device. B. Same area imaged 10
seconds later. Cells unadhered to the surface have moved position.
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Figure A.3

Averaged imaged created using 12 images of flow device timelapse.
Unadhered cells have been removed through averaging process and
only surface adhered cells remain in field of view.

their position in each successive frame, they are removed when FIJI averages
each pixel’s intensity over the total timelapse. For the timelapse shown in this
appendix, the averaged image is shown in Figure A.3. This averaging procedure
was carried out for each timelapse produced using flow devices, 18 in total, in
order to count adhered cells on the surface and to note at what flow rate a large
number of them detach.
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Appendix B
Appendix 2

B.1

Mechanical Vibration Experimental Protocol

1. Cells are grown overnight in 5 ml of media inoculated with frozen stock of
strains MG1655 and RJA002.
2. 10 µL of the overnight stock is mixed with 10 ml of fresh LB media the
next day in two flasks. This is carried out for each strain.
3. 1 ml of each dilution is then mixed in a third flask. This is the inoculum
culture that will be placed on the agar.
4. 2% agar plates were used and prepared for the experiment on the morning
of it. For the speaker plate, the agar is taken out of the Petri dish and
placed on a square cling film section.
5. The inoculum culture was then used, pipetting 1 µL droplets in a 3x3 square
grid pattern onto the plate starting at the center. Each droplet is separted
by 2 cm.
6. The droplets were allowed to dry fully and then the plate was covered with
a Petri dish base that has had its base replaced with cling film. The edges
were then sealed using epoxy resin which then binds the Petri dish to the
cling film, sealing the agar plate inside.
7. The sealed plate was then attached to the outer metal ring of the speaker
also using epoxy resin. This then ensured a strong connection between the
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plate and the coupling column.
8. The speaker was then connected to the power supply and oscillations were
started.

B.2

Derivation of Frequency Range to be used in
Vibration Experiment

In this appendix section, we present the full working out for choosing the 5-50 Hz
frequency range used in our mechanical vibration experiment. We first assume
that we are interested in the time taken for a cell to move a distance equal to
its body length, l, by interaction with the surface vibration. To relate this time
taken to the deformation frequency we take the inverse of the time expression
and this is shown in Equation B.1 :
v
f= .
l

(B.1)

Equation B.1 now relates the frequency, f , of the vibrational deformation of
the plate to the inverse time taken for a cell to move its body length, l, by
utilising some velocity, v, which arises from the internal pressure of the colony as
it grows. For the cells to sense this vibration and experience interaction with it,
the condition must be met such that:
v
<< f.
l
If one inputs appropriate values for the left side expression for example v =
100µmhr−1 and l = 2µm we get the condition:
50hr−1 << f.
Rescaling this inequality to inverse seconds give the final expression of
0.013s−1 << f.

(B.2)

Therefore one can immediatley see from Equation B.2 that even if low frequencies
are used, on the scale of 10’s of Hz, this inequality is still met and therefore we
decided to use the frequency range of 5-50 Hz for initial experiments.
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B.3

Further Detail on FIJI Plugins

As detailed in this thesis, several plugins have been used in ImageJ FIJI software
to carry out image analysis. This appendix will set out the protocol and inner
workings of these plugins in more detail than required in the main body of the
thesis. The first plug in used was Jfilament and this allowed for the identification
of the rough outline of colony perimeters to be captured and quantified. This plug
in works in the following method: First the boundary is traced along manually
and this results in the generation of a snake. A snake mentioned here is an
example of an open active contour which is a type of parametric curve that
deforms and stretches according to the pixel intensity of the environment it has
been drawn in. For our analysis the snake is pulled towards the bright line of
the colony’s perimeter and this is generated by ensuring high contrast between
the background of the image and the perimeter. High contrast can easily be
achieved by altering image parameters in FIJI. This snake as already mentioned
is comprised of many individual points, equally spaced apart and this is shown
below in the figure. Also the snake has streching forces at the ends to ensure that
it remains tied to the boundry as it expands or contracts due to bending. Once
the snake had been generated the next step is to deform it so that the points are
all captured and the outline is permanently defined. When running the deform

Figure B.1

Model of a snake used in Jfilament. We can see the individual point
spaced apart and the stretching forces at the edges.

126

action of the plugin, what is actually happening is that the contour is attempting
to minimize the overall energy of the contour, E, which is comprised of internal
and an external energy. The internal energy is related to how much stretching
and bending the contour is undergoing and the external energy is related to the
overall image and ensures that the snake is attracted to the perimeter. Both
of these energies are controlled by parameters in the plugin and can be altered
so that the snake behaves correctly when deforming. Once deformed the plugin
saves the coordinates of each point along the contour which means the snake
can then be plotted, this is crucial to allow for it to be overlay with a smooth
parabola to quantify the roughness. After this process the snake is now ready
to be inputted into the Mathematica code to then quantify the roughness of the
colony perimeter section.
The next FIJI plugin that was used was the stitching which has already been
identified as being cruicial for generating the composite images of colonies.
The stitching plugin uses an inverse Fourier transform to identify the correct
translation vector between two succesive related images, A and B. If A and B
are related by some translation, the shift can be identifed from a inverse Fourier
transform of the phase correlation matrix, Q(F (A), F (B)). Computing this would
give a δ-peak that corresponds to the correct translation vector. Obvisously
though in real images there may be multiple correct translations so to select the
correct one the following steps are computed. For 2 images, A and B, 2 peaks
with the best correlation are selected and then moved through 8 translations. The
reason that it is 8 translations comes from the periodicity of the Fourier space,
applying the Fourier transform twice results in the image being flipped 180◦ or
could be written as the following for a function
F 2 (f (x)) = f (−x)
One can therefore think of each translation as rotating the image B by 90◦ and
looking at the correlation with image A at each step. Once this process has
been computed, the highest δ-peak is then chosen and this corresponds to a
correct translation. This process is then repeated for all images. When one runs
this plugin, the correlation between images is represented by, R, a correlation
coefficent. This parameter takes a value between 0 and 1 and will output the
highest correlated peak between the two images. It was found from repeated
analysis that if R < 0.75 then the images would not stitch together correctly. The
following figure shows three images, initially separate, being stitched together
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to one composite image. Each image’s R value is also displayed to show the

Figure B.2

Three individual successive images before being applied to stitching
plugin.

importance of this parameter. Once ran through the plugin the next figure shows
the composite image produced from the three individual ones.

Figure B.3

Composite image created using stitching plugin with the previous
images.
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B.4

Mathematica Code

In this Appendix section, we show the code used to calculate the sectional and
total colony roughness as detailed in Chapter 4 of this thesis. First we show
the code for the sectional perimeter roughness which uses the snakes generated
through Jfilament which are then fitted to a parabolic arc.
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SetDirectory[NotebookDirectory[]]
names = FileNames["Position Correlation*\\*"]
snakes = Import[#, "Table"] & /@ names;

snakesrot = Table[Module[{data = snakes〚i, 12 ;;, {3, 4}〛, fit, fun, tmp, mx, my},
fun = Expand[Total[((#〚1〛 - a) ^ 2 + (#〚2〛 - b) ^ 2 - r ^ 2) ^ 2 & /@ data]];
fit = FindMinimum[fun, {{a, 0}, {b, 0}, {r, 1400}}]〚2〛;
Print[fit];
rot = RotationTransform[- π / 2 - ArcTan[
Median[data〚All, 1〛] - a, Median[data〚All, 2〛] - b] /. fit, {a, b} /. fit];
Print[Show[ListPlot[rot[#] & /@ data], ParametricPlot[
{a + r Cos[f], b + r Sin[f]} /. fit, {f, 0, 2 π}]]];
tmp = rot[#] & /@ data;
mx = Median[tmp〚All, 1〛]; my = Median[tmp〚All, 2〛];
{#〚1〛 - mx, #〚2〛 - my} & /@ tmp]
, {i, Length[snakes]}];
ListPlot[snakesrot, PlotRange  All, AspectRatio  1]
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Clear[Roughness]
Roughness[xy_, l_] :=
Module[{fits, xypart = Partition[xy, l]}, fits = Fit[#, {1, x, x ^ 2}, x] & /@ xypart;
Mean[Table[Sqrt[Variance[(#〚2〛 - fits〚i〛 /. x  #〚1〛) & /@ xypart〚i〛]],
{i, Length[xypart]}]]]
Roughness[#, 200] & /@ snakesrot
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sectionalroughnesscodeforthesis.nb

roughness =
Transpose[Table[{Mean[(Max[#〚All, 1〛] - Min[#〚All, 1〛]) & /@ Partition[#, l]],
Roughness[#, l]} & /@ snakesrot, {l, 10, 500, 10}]];
ListPlot[roughness, Joined  True, PlotStyle 
Table[If[StringContainsQ[names〚i〛, "Active"], Red, Blue], {i, Length[names]}],
Frame  True, FrameLabel  {"Window length [pix]", "Roughness [pix]"},
BaseStyle  FontSize  16, PlotLabel  "Sectional Perimeter Roughness"]
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Next we show the code used to calculate the total colony roughness which uses two
circles to define a region where the colony perimeter is. The perimeter is then
tracked using the pixel intensity to finally generate a plot showing the colony
perimeter overlaid with a smooth circle. The roughness and diameter values are
then outputted at the end of the algorithm in pixels.
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(*CODE TO CALCULATE THE TOTAL COLONY ROUGHNESS*)
name = "C:\\Users\\s1770814\\Desktop\\totalroughness.png"
"; (* name of the stitched image file to process *)
scalefactor=0.05;
im=ImageAdjust[Import[name]];
{wx,wy}=ImageDimensions[im]
im=ImageResize[im,Scaled[scalefactor]]; (* rescale image to make it smaller *)
{wx,wy}=ImageDimensions[im]
(*now select the inner and outer radii so that the edge lies between
them,and all image artefacts (i.e.,missing fragments) are outside*)

innerr = 0.435;
outerr = 0.51;
ImageCompose[im,
Graphics[{Red, Circle[{wx / 2, wy / 2}, innerr wx], Circle[{wx / 2, wy / 2}, outerr wx]},
Axes  None, PlotRange  {{0, wx}, {0, wy}}, AspectRatio  wy / wx]]

(*run the code below to find the edge:*)
SetDirectory[NotebookDirectory[]];
Clear[FindEdge, tmpvis, Cross2D, RemoveArtefacts]
Cross2D[a_, b_] := a〚1〛 × b〚2〛 - a〚2〛 × b〚1〛;
FindEdge[d_, thr_, verb_ : True, minintens_ : 0.2] :=
Module[{i, j, kx = {1, 1, 0, - 1, - 1, - 1, 0, 1}, ky = {0, 1, 1, 1, 0, - 1, - 1, - 1},
wx = Length[d〚1〛], wy = Length[d], walk = {}, n, p, vis, mxv, ini, fin, img,
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fartherst, edge, nmax = 0, iter = 0, list, sameedge, cornerintensities, wx10,
wy10, centreofmass, fit, directiontocolony, move, edgev, kmax, dmax},
sameedge[v1_, v2_] := If[(v1〚1〛 ≤ 5 && v2〚1〛 ≤ 5) ||
(v1〚1〛 ≥ wy - 5 && v2〚1〛 ≥ wy - 5) || (v1〚2〛 ≤ 5 && v2〚2〛 ≤ 5) ||
(v1〚2〛 ≥ wx - 5 && v2〚2〛 ≥ wx - 5), True, False];
wx10 = Floor[wx / 10]; wy10 = Floor[wy / 10];
cornerintensities =
{#〚1〛, #〚2〛, Mean[Flatten[d〚#〚1〛 ;; #〚1〛 + wy10, #〚2〛 ;; #〚2〛 + wx10〛]]} & /@
{{1, 1}, {wy - wy10, 1}, {wy - wy10, wx - wx10}, {1, wx - wx10}};
fit = Fit[cornerintensities, {1, i, j}, {j, i}];
directiontocolony = Normalize[{D[fit, i], D[fit, j]}];
If[verb, Print[cornerintensities, "\t(vi,vj)=", directiontocolony]];
centreofmass = {Mean[Flatten[d Table[i, {i, Length[d]}, {j, Length[d〚1〛]}]]], Mean[
Flatten[d Table[j, {i, Length[d]}, {j, Length[d〚1〛]}]]]} / Mean[Flatten[d]];
If[verb, Print["CM=", centreofmass]];
vis = Table[0, {wy}, {wx}];
{i, j} =
Position[d, Max[{Max[d〚1〛], Max[d〚- 1〛], Max[d〚All, 1〛], Max[d〚All, - 1〛]}]]〚1〛;
(* find the brightest point at the periphery - this will be the starting point*)
AppendTo[walk, {i, j}];
ini = {i, j};
If[verb, Print["ini=", ini]];
vis〚i, j〛 = 1;
While[Length[walk] > 0,
n = Length[walk]; If[n > nmax, nmax = n];
Do[
{i, j} = walk〚m〛;
Do[
If[i + ky〚k〛 > 0 && i + ky〚k〛 ≤ wy &&
j + kx〚k〛 > 0 && j + kx〚k〛 ≤ wx && vis〚i + ky〚k〛, j + kx〚k〛〛  0 &&
d〚i + ky〚k〛, j + kx〚k〛〛 > minintens && d〚i + ky〚k〛, j + kx〚k〛〛 > d〚i, j〛 thr,
AppendTo[walk, {i + ky〚k〛, j + kx〚k〛}];
vis〚i + ky〚k〛, j + kx〚k〛〛 = vis〚i, j〛 + 1;
]
, {k, 8}];
, {m, 1, n}];
If[Length[walk] > 1, walk = walk〚n + 1 ;;〛, walk = {}];
iter ++;
];
If[verb, Print["maxvis=", Max[vis], "\t iter=", iter, "\t nwalkmax=", nmax]];
(* max distance *)
mxv = Max[vis];
If[mxv < 10, Return[{centreofmass, directiontocolony, "mxv<10"}]];
tmpvis = vis;
If[verb, img = Map[{#, 0, 0} &, d, {2}] +
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Map[{0, If[# > 0, Mod[#, 10] / 10, 0], # / mxv} &, vis, {2}];
Do[img〚j, Floor[centreofmass〚2〛]〛 = {0, 1, 0},
{j, Floor[centreofmass〚1〛 - 10], Floor[centreofmass〚1〛 + 10]}];
Do[img〚Floor[centreofmass〚1〛], i〛 = {0, 1, 0},
{i, Floor[centreofmass〚2〛 - 10], Floor[centreofmass〚2〛 + 10]}];
Print[Image[img]];
];
list = Join[Flatten[Table[{i, j}, {j, wx}, {i, 1, 5}], 1],
Flatten[Table[{i, j}, {j, wx}, {i, wy - 5, wy}], 1],
Flatten[Table[{i, j}, {i, wy}, {j, 1, 5}], 1],
Flatten[Table[{i, j}, {i, wy}, {j, wx - 5, wx}], 1]];
fin = Select[list, (vis〚#〚1〛, #〚2〛〛 > 0 && sameedge[#, ini]  False) &];
(* positions of points at the
edge that have minimum distance to the start site*)
If[verb, Print[fin]];
If[Length[fin]  0,
Return[{centreofmass, directiontocolony, "no final points found"}]];
fartherst = fin〚Ordering[Max[{#〚1〛 - ini〚1〛, #〚2〛 - ini〚2〛}] & /@ fin]〚- 1〛〛;
(* coordinates of the point farthest from the start site *)
If[verb, Print["fartherst=", fartherst]; img = d / 2;];
edge = {};
{i, j} = fartherst;
While[{i, j} ≠ ini,
(*Do[*)
If[verb, img〚i, j〛 = 1];
(*Print[i," ",j, " ",vis〚i,j〛];*)
kmax = 1; dmax = 0;
Do[
If[i + ky〚k〛 > 0 && i + ky〚k〛 ≤ wy && j + kx〚k〛 > 0 && j + kx〚k〛 ≤ wx &&
vis〚i + ky〚k〛, j + kx〚k〛〛 > 0 && vis〚i + ky〚k〛, j + kx〚k〛〛  vis〚i, j〛 - 1,
If[d〚i + ky〚k〛, j + kx〚k〛〛 > dmax, dmax = d〚i + ky〚k〛, j + kx〚k〛〛;
kmax = k]
];
, {k, 8}];
i += ky〚kmax〛; j += kx〚kmax〛; AppendTo[edge, {i, j}];
];
If[verb, Print[Image[img]]];
Return[{centreofmass, directiontocolony, edge}]
];
(*RemoveArtefacts:=Compile[{{imd0,_Real,2}},
Module[{imd=imd0},Do[Do[If[((j-wx/2)^2+(i-wy/2)^2)<(wx innerr)^2 ||
((j-wx/2)^2+(i-wy/2)^2)>(wx outerr)^2,imd〚i,j〛=0],{j,wx}],{i,wy}];
imd]];*)
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(* the main algorithm is here *)
circumference = {};
Module[{cm, dir, edge, imgrad, imd, imdfull, th, dth = 0.1, ln, ln0, th0, max, min, ori},
imgrad = ImageAdjust[GradientFilter[im, 5, Padding  "Reflected"]];
imd = ImageData[imgrad];
wy = Length[imd];
wx = Length[imd〚1〛];

(*imd=RemoveArtefacts[imd];*)
Do[Do[If[((j - wx / 2) ^ 2 + (i - wy / 2) ^ 2) < (wx innerr) ^ 2 ||
((j - wx / 2) ^ 2 + (i - wy / 2) ^ 2) > (wx outerr) ^ 2, imd〚i, j〛 = 0], {j, wx}], {i, wy}];
Print[ImageCompose[Image[imd],
Graphics[{Red, Circle[{wx / 2, wy / 2}, innerr wx], Circle[{wx / 2, wy / 2}, outerr wx]},
Axes  None, PlotRange  {{0, wx}, {0, wy}}, AspectRatio  wy / wx]]];
imdfull = imd;
Do[
Switch[k, 1, imd = imdfull〚1 ;; Floor[wy / 2], 1 ;; Floor[wx / 2]〛;
ori = {wy / 2, wx / 2},
2, imd = imdfull〚Floor[wy / 2] + 1 ;; - 1, 1 ;; Floor[wx / 2]〛;
ori = {0, wx / 2},
3, imd = imdfull〚Floor[wy / 2] + 1 ;; - 1, Floor[wx / 2] + 1 ;; - 1〛;
ori = {0, 0},
4, imd = imdfull〚1 ;; Floor[wy / 2], Floor[wx / 2] + 1 ;; - 1〛;
ori = {wy / 2, 0}];
max = Max[Flatten[imd]]; min = Min[Flatten[imd]];
imd -= min; imd /= (max - min);
Print[Image[imd]];
ln0 = ln = 0; th0 = 1; th = 0.9;
While[dth > 0.005 && ln  0 && th > 0.5,
{cm, dir, edge} = FindEdge[imd, th, False, 0.1];
ln = Length[edge];
Print[th, " ", dth, " ", If[ln > 0, ln, edge]];
If[ln > 0 && ln0  0, dth /= 2; th0 = th; ln0 = ln; th += dth,
If[ln  0 && ln0  0, th0 = th; ln0 = ln; th -= dth,
If[ln  0 && ln0 > 0, dth /= 2; th0 = th; ln0 = ln; th -= dth,
If[ln > 0 && ln0 > 0, th0 = th; ln0 = ln; th += dth]]]];
];
Print[Cross2D[edge〚1〛 - ori, edge〚- 1〛 - ori]];
If[Cross2D[edge〚1〛 - ori, edge〚- 1〛 - ori] < 0, edge = Reverse[edge]];
(* order points counter-clockwise *)
AppendTo[circumference,
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5

Switch[k, 1, #, 2, {#〚1〛 + Floor[wy / 2], #〚2〛}, 3, {#〚1〛 + Floor[wy / 2],
#〚2〛 + Floor[wx / 2]}, 4, {#〚1〛, #〚2〛 + Floor[wx / 2]}] & /@ edge];
(*Print[ImageCompose[ImageResize[Image[imd],Scaled[0.1]],
ListPlot[{#〚2〛,wy/2-#〚1〛}&/@edge,AxesNone,PlotRange{{0,wx/2},{0,wy/2}},
PlotStyle{Thick,Red},AspectRatiowy/wx]]];*)
, {k, 4}];
circumference = Flatten[circumference, 1];
Print[ImageCompose[ImageResize[im, Scaled[0.5]],
ListPlot[{#〚2〛, wy - #〚1〛} & /@ circumference, Axes  None,
PlotRange  {{0, wx}, {0, wy}}, PlotStyle  Red, AspectRatio  wy / wx]]];
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totalroughness.nb

Clear[PolyArea]
PolyArea = Compile[{{v, _Real, 2}}, Block[{x, y}, {x, y} = Transpose @ v;
Abs[x.RotateLeft @ y - RotateLeft @ x.y] / 2]];
Clear[CentreOfMass]
CentreOfMass[pts_] := Module[{moments =
(1 / 6) {Plus @@ ((#1 ^ 2 + #1 #2 + #2 ^ 2 & @@ ({RotateLeft[#], #} & @ (First /@ pts))) ×
ListCorrelate[{- 1, 1}, Last /@ pts, 1]),
Plus @@ ((#1 ^ 2 + #1 #2 + #2 ^ 2 & @@ ({RotateLeft[#], #} & @ (Last /@ pts))) ×
ListCorrelate[{- 1, 1}, First /@ pts, 1])}, area = PolyArea[pts]},
If[area  0.0, Mean[pts], Abs[moments / area]]];
(* roughness is calculated here *)
rho = Module[
{cm = CentreOfMass[1. circumference], rad = Sqrt[PolyArea[1. circumference] / π], cc},
cc = 1. (# - cm) & /@ circumference;
Print[Show[ListPlot[circumference],
Graphics[Circle[cm, rad]], ImageSize  600, AspectRatio  1]];
Print[rad / scalefactor];
Sqrt[(1 / (2 π))
Sum[(Norm[cc〚i〛] - rad) ^ 2 Abs[ArcCos[cc〚i〛.If[i < Length[cc], cc〚i + 1〛, cc〚1〛] /
(Norm[cc〚i〛] Norm[If[i < Length[cc], cc〚i + 1〛, cc〚1〛]])]] , {i, Length[cc]}]]
]
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"roughness in pixels for original (not scaled) image: "2.913739229004512`
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B.5

Further Images of Colony Directionality

In this section we present two more images of colonies grown on a deforming plate
that exhibit a preferred direction of growth. These colonies were grown on a 16 Hz
plate and in the images one can observe that the majority of colonies surrounding
the centre exhibit a preferred direction of growth towards the centre of the plate.
Figure B.4 contains these images. As also mentioned in the directionality images
shown in Figure 4.19, the bottom left colony on these plates also has been
inoculated a further distance from the strain region and this colony again exhibits
no directionality.

B.6

More Confocal Images of Colony Perimeters

This section will show further confocal images taken of control and deformed
plate colony perimeters. These images further highlight the differences between
control and deformed colonies at the single cell level as mentioned in the discussion
section of Chapter 4. In each comparison one can observe the increase in cell
misalignment with neighbours in the deformed plate colonies when compared to
the control. Also, the isolated islands can be observed in deformed colonies that
then grow for a short period of time detached from the macrocolony. These
images further highlight the large differences between the control and deformed
plate colonies at the single cell level. Panel E in Figure B.5 is an extreme case
and shows many isolated islands present ahead of the macrocolony. This panel
could be interpreted as showing the growing layer itself being broken up by the
deformation of the agar and displays an extreme case of the cell packing being
altered by the changing mechanical forces brought about through the acceleration
and strain field on the surface of the plate.
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Figure B.4

Two 16 Hz plates which also exhibit a preferred direction of growth
towards the centre of the plate. Bottom left colony in each image
has been purposely inoculated outsisde the strain region and exhibits
no preferred direction.
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Figure B.5

Confocal images from control and deformed agar plates. A-C are
control colonies and D-F are deformed plates.
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Appendix C
Appendix 3

C.1

Arduino Circuit

In this figure is shown the Arduino circuit that is used to power and control the insitu microscope setup. The important components of the circuit are labelled and
from this circuit the frequency and amplitude of oscillation could be controlled
for any plate that was mounted onto the speaker.
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Figure C.1

C.2

Arduino and custom op-amp circuit used to power and control the
in-situ microscope.

Alternative Growth Plots for Determining
Front Velocity from Gradient

In this appendix section are other growth plots produced from the tracking line
method for plates of different driving frequencies. For each plot the trendlines
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are shown and the average trendline, from which the gradient is measured, is also
shown in black.
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Growth plot of control plate’s colony front.
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Growth plot of 16 Hz plate’s colony front.
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Growth plot of 18.5 Hz plate’s colony front.
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Growth plot of 30 Hz plate’s colony front.

Protocol for Capturing Height Profile Data

In this section a figure is provided to add clarification to how the height profile
data was captured and then used to calculate the height of coloines grown on
control and deformed agar plates. Figure C.7 shows the protocol used where the
10x objective is scanned along the x direction below an excised colony placed in
an inverted position. The initial edge’s correct focal plane is noted and used as a
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Growth plot of 50 Hz plate’s colony front.

reference point from which all other hights will be calculated. At each subsequent
position the correct focal plane’s z-value is noted by using the fluorescent imaging
channel until the final edge is reached. In the figure the height equation is also
shown in terms of the reference and n+1 position.

Figure C.7

Illustration of height profile data collection protocol. 10x objective
moves along x-direction and at each position, the optimal focal plane
z-value is recorded. Expression for calculating height is also shown.
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